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Abstract 

 
The history of life is marked by near constant morphological transformations, 

preserved in part by the fossil record. Unfortunately, the developmental mechanisms that 

drove many key morphological transformations are not well understood. In order to study 

these morphological transformations and their underlying developmental mechanisms, an 

integrative approach synthesizing data from palaeontological, phylogenetic, and 

developmental sources is required. Here, I have focused on improving our understanding 

of one such transformation, the morphology and development of the skull–neck boundary 

in lissamphibians. To complete this goal, I tested two hypotheses. First, that the skull–neck 

boundary and composition of the occiput observed in extant lissamphibians is the result of 

a secondary reduction compared to their fossil relatives. Second, that changes in Hox gene 

expression domains can cause homeotic transformations of skull–neck boundary structures 

in two lissamphibian model organisms, Ambystoma mexicanum (salamanders) and 

Xenopus laevis (frogs). I found using phylogenetic analyses and ancestral state 

reconstructions that the lissamphibian occipital morphology is secondarily derived when 

compared to their fossil relatives. Then, I described the development of the skull, focusing 

on the occiput, in A. mexicanum and X. laevis using cell-lineage tracing techniques to track 

somitic contributions to the skull, hypoglossal nerve complex morphological data, and 

traditional whole-mount cartilage and bone staining techniques. Finally, I perturbed Hox 

gene expression patterns to produce homeotic transformations via exogenous retinoic acid 

and a retinoic acid inhibitor (citral) and described the resulting skull morphology. I 

provided evidence that homeotic transformations of skull–neck boundary structures could 

be induced via changing retinoic acid concentration in the developing embryo: first with 
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the position of the hypoglossal nerve complex relative to skeletal structures along the 

anterior–posterior axis and second with GFP-labelled somite cell-lineage tracing. The 

resulting morphologies indicate that it is likely that changing Hox gene expression domains 

resulted in the unique lissamphibian morphology at the occiput and the derived position of 

their skull–neck boundary. This research contributes to our understanding of the evolution 

of the unique lissamphibian skull–neck morphology. My integrative approach has helped 

to elucidate the relationship between morphological transformations and the 

developmental processes underlying them. 
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Chapter 1: Introduction  

The fossil record reveals a long history of morphological transformations 

throughout evolutionary time. While these morphological transformations are captured in 

the fossil record, less well understood are the mechanisms underlying such transformations. 

To study the underlying mechanism of a transformation an integrative approach is required 

combining developmental and paleontological data. Such integrative approaches have 

improved our understanding of many pivotal transformations (e.g., fin-to-limb) and their 

underlying mechanisms, whereas others, such as the evolution of the skull–neck boundary 

in tetrapods, remain poorly understood.  

 

1.1: Developmental origins of the vertebrate skull  

In vertebrates, the skull is composed of two or three units, the neurocranium (or 

chondrocranium), the viscerocranium, and the dermatocranium, the latter of which may or 

may not be present (Hanken and Thorogood, 1993; Hall 2005; Kardong, 2015). The 

neurocranium may be composed of cartilage only (e.g., in sharks) or variably ossified as 

endochondral bone – bone that forms by replacing cartilage during development (Hall, 

2005). The neurocranium primarily protects the brain and sense organs (Hanken and 

Thorogood, 1993; Kuratani, 2005). The viscerocranium forms the branchial arches, the 

most anterior of which was modified during vertebrate evolution to form the jaws of 

gnathostomes (Hanken and Thorogood, 1993; Hall, 2005; Kuratani, 2005). The 

dermatocranium is composed exclusively of dermal bone – bone that forms without a 

cartilaginous precursor (Hanken and Thorogood, 1993; Hall, 2005). Several vertebrates 
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(e.g., agnathans, sharks, etc.) do not have a dermatocranium (Hanken and Thorogood, 

1993); however, the vast majority do.  

In vertebrates, the developing skull receives contributions from the neural crest and 

mesoderm (e.g., Couly et al., 1993; Hall, 2005; Gross and Hanken, 2008; Gilbert, 2010; 

Piekarski et al., 2014; Maddin et al., 2016). While there have been numerous important 

studies that investigate the contributions of the neural crest to the skull (e.g., numerous 

studies outlined in Hall, 2005 as well as Kuratani, 2005; Matsuoka et al., 2005; Gross and 

Hanken, 2008; Mitgutsch et al., 2008; Hanken and Piekarski, 2013), there have been far 

fewer studies investigating the contribution of the mesoderm to the skull. The mesoderm 

contributes to the posterior, post-otic portion of the skull, forming the posteriormost bone 

of the cranial vault (i.e., the parietal) and the bones of the occiput (Couly et al., 1993; Gross 

and Hanken, 2008; Piekarski et al., 2014; Maddin et al., 2016). The occiput defines the 

posterior limit of the skull at the point of separation between the occipital condyles and the 

first vertebra of the vertebral column (Ferguson and Graham, 2004; Kardong, 2015). This 

is the skull–neck boundary. Of particular interest to the story of skull–neck boundary 

evolution are thus the bones of the occiput, which are derived specially from the paraxial 

mesoderm.  

The bones of the occiput, along with those of the vertebral column, are derived from 

transient paraxial mesodermal structures called somites (Hall, 2005; Olsson et al., 2005; 

Gomez and Pourquié, 2009; Gilbert, 2010). Somites organize the segmental patterning of 

the vertebrate embryo along the anterior–posterior axis and determine the migration 

pathways of the neural crest and spinal nerves, making them important developmental 

structures to a variety of anatomical systems (Keynes and Stern, 1984; Kalcheim, 2011; 
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Kuratani et al., 2018). During somitogenesis, somites begin developing in the anterior–

posterior direction in a rhythmic fashion, where somites in the anterior region of the 

embryo form earlier than somites in the posterior region (Gomez and Pourquié, 2009). 

Somites start out as loose clusters of mesodermal cells within the bands of paraxial 

mesoderm on either side of the neural tube (Duband et al., 1987). The mesodermal cells 

that will become somites first organize into whorls, then they aggregate, and undergo 

epithelization (Duband et al., 1987). The end product of somitogenesis is the formation of 

serially-arranged blocks of condensed, paraxial mesoderm along the anterior–posterior axis 

on either side of the neural tube – the somites (Figure 1.1). Following somitogenesis, the 

somites differentiate into the dermatome, myotome, and sclerotome (Fleming et al., 2015). 

The dermatome and myotome go on to differentiate into dermis and skeletal muscles, 

respectively, whereas the sclerotome differentiates into cartilage and then bone (Fleming 

et al., 2015).  

 

 
Figure 1.1. Schematic of a chick embryo in dorsal view during somitogenesis. Somites 
(purple) form sequentially on either side of the neural tube (grey) from the anterior (A) to 
posterior (P) direction. In this chick specimen, the posteriormost somites have not yet 
formed and presomitic paraxial mesoderm (green) is present in the posterior, tail region of 
the embryo. Modified from Gomez and Pourquié (2009). 
 

The number of somites that are incorporated into the occiput of the skull has been 

the subject of study for a long time up until today (e.g., Platt, 1897; Hunter, 1935; de Beer, 

1937; Couly et al., 1993; Burke et al., 1995; Kuratani et al., 1999; Handrigan and 
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Wassersug, 2007; Kuratani and Ota, 2008; Maddin et al., 2020). Early research using 

traditional techniques of histology and whole-mount embryology showed that agnathans 

(the jawless fishes) do not incorporate any somites into the head (Kuratani et al., 1999), 

whereas gnathostomes (jawed fishes plus tetrapods) do, and recruit a variable number of 

somites to form the bones of the occiput (de Beer, 1937). Attempts to understand 

evolutionary patterns of somite contributions to the skull, such as the study by Augier 

(1931), suggested that early-diverging vertebrates (e.g., fish and amphibians) incorporate 

fewer somites, three, into the occiput than later-diverging vertebrates (e.g., amniotes), 

which he described as incorporating five somites (summarized in Figure 1.2). However, de 

Beer (1937) later noted that the number of somites that contributed to the occiput is more 

variable than Augier (1931) suggested, and reported four to eight occipital somites in 

gnathostome fish, anywhere from one to four occipital somites in amphibians, and 

generally five or more occipital somites in amniotes, indicating that the stepwise 

incorporation of somites into the skull between agnathan, lissamphibian (frog, 

salamanders, and caecilians), and amniote (reptiles and mammals) lineages may not be 

accurate (Figure 1.2). de Beer (1937) then went on to generate an alternative hypothesis, 

that the ancestral state for Tetrapoda was to incorporate more somites into the occiput than 

lissamphibians and that lissamphibians underwent a secondary reduction in their number 

of occipital somites (Figure 1.2). 
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Figure 1.2. Summary of alternate hypotheses on the evolution of occipital somite 
incorporation into the vertebrate skull. A) Augier’s (1931) hypothesis of increased 
occipitalization, where at the base of Tetrapoda a few somites were recruited into the head 
(+) and then at the base of Amniota additional somites (+ +) were further recruited into the 
head, thus the amphibian condition is the ancestral condition for Tetrapoda. B) de Beer 
(1937) hypothesized that an amniote-like number of somites were incorporated into the 
head at the base of Tetrapoda (+ +), and that amphibians underwent a secondary reduction 
(-) with frogs even more reduced (- -); thus, the amniote condition is the ancestral condition 
for Tetrapoda. Silhouettes are from open source PhyloPic.org. 
 

Other studies found variation in occipital somite number amongst amniotes, and 

even sometimes within the same species: only four in rats (Gasser, 1979); three (Hunter, 

1935) or four (Chiarugi, 1889) in rabbits, and anywhere from three to more than four in 

humans (summarized in O’Rahilly and Meyer, 1979). The discrepancy among previous 

reports of the number of somites contributing to the skull may be the result of differing 

definitions of what a somite is and consists of (e.g., Butcher, 1929; Kuratani et al., 1999), 

the result of short developmental time spans analyzed that may have missed transient 

anterior somites or somites that become covered by migrating neural crest at various stages 

of development (e.g., Elliot, 1907; Dawes, 1930; Piekarski, 2009), and the lack of 

knowledge of somite resegmentation by early researchers (e.g., de Beer, 1937). More 

recently, modern fate mapping techniques have been applied to certain model species in 

order to confirm the somitic contribution to the skull in representative taxa (e.g., Couly et 

al., 1993; Huang et al., 2000; Piekarski and Olsson, 2007; 2014). Five occipital somites 
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were confirmed to contribute to the occiput in chicken (Huang et al., 2000) and three 

occipital somites were counted in Ambystoma mexicanum (Piekarski and Olsson, 2007; 

2014). When considering resegmentation, which occurs when somites divide into anterior 

and posterior halves that then fuse during development to form vertebral elements (e.g., 

the posterior portion of somite five and the anterior portion of somite six form one vertebral 

element) the skull–neck boundary then resides within somite five for chickens and within 

somite three for A. mexicanum. Many taxa remain unstudied in this way, such as frogs, and 

as single representatives of larger clades, the question of variation in number of occipital 

somites and thus the location of the skull–neck boundary and its potential evolutionary 

change among vertebrates remains.  

1.2: Occiput and braincase morphology 

The sclerotomal portions of the occipital somites go on to form the bones of the 

posterior braincase, specifically the occiput of the skull (de Beer, 1937; Kardong, 2015). 

Although the identities of the occipital bones that are derived from somites are known in 

chicken (e.g., Couly et al., 1993; Huang et al., 2000), and the muscles that are derived from 

somites have been studied and the number of somites contributing to the occiput have been 

determined in axolotl (e.g., Piekarski and Olsson, 2007; 2014), the specific somitic 

contribution to the chondrocranium and the bones of the occiput have not been well studied 

in amphibians.  

As with the number of somites that differentiate into occipital somites, the bones 

that comprise the occiput differ between vertebrate lineages (e.g., de Beer, 1937; Romer, 

1946; Romer and Parsons, 1977). In tetrapods, the occiput may consist of up to four bones, 

including the median supraoccipital, the paired exoccipitals, and the median basioccipital 
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(Figure 1.3; Romer, 1946; Romer and Parsons, 1977; Kardong, 2015). The supraoccipital 

is present in amniotes such as reptiles and mammals, in lepospondyls, which are extinct, 

Early Carboniferous to Early Permian tetrapods, as well as in some fossil temnospondyls, 

the lineage that likely contains extant lissamphibians (e.g., Romer, 1946; Berman, 2000; 

Brusatte et al., 2015; Schoch, 2018), but is absent in fossil taxa closely related to 

lissamphibians (Schoch, 2018). In extant amphibians, only the exoccipitals are present 

(Trueb, 1993; Duellman and Trueb, 1994). However, this reduction in elements does not 

only affect the occiput. The rest of the braincase is also affected and reduced in 

lissamphibians compared to other tetrapods (Figure 1.3; de Beer, 1937; Romer and Witter, 

1942; Romer, 1946; Romer and Parsons, 1977; Duellman and Trueb, 1994; Schoch, 1999; 

Schoch and Milner, 2014; Maddin, 2015).  

In tetrapods, the entire braincase may consist of up to seven bones, including the 

parasphenoid (a membrane bone tightly integrated with the braincase), the sphenethmoid, 

the basisphenoid, the prootics, the opisthotics, the exoccipitals (occiput) and the 

basioccipital (occiput), and then an eighth element is the supraoccipital which contributes 

to the dorsal portion of the occiput (Figure 1.3; de Beer, 1937; Romer and Witter, 1942; 

Romer, 1946; Romer and Parsons, 1977; Duellman and Trueb, 1994; Schoch, 1999; 

Schoch and Milner, 2014; Maddin, 2015). In extant amphibians, only the parasphenoid, a 

reduced sphenethmoid, the otic elements (prootics and opisthotics), and paired exoccipitals 

are present (Figure 1.3; de Beer, 1937; Romer, 1946; Romer and Parsons, 1977; Trueb, 

1993; Duellman and Trueb, 1994; Schoch, 1999; Schoch and Milner, 2004; Maddin, 2015). 

While other researchers (e.g., de Beer, 1937) have suggested that the reduced elements in 

the braincase in lissamphibians are secondarily derived, this hypothesis has not been 
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formally tested with appropriate characters and ancestral character state reconstruction 

methods. Furthermore, braincase morphology in general is known to have a stronger 

phylogenetic signal than other regions of the head and axial skeleton (e.g., Cardini and 

Elton, 2008; Goswami and Polly, 2010; Maddin et al., 2012b; Brazeau and de Winter, 

2015; Maddin, 2015). Thus, any phylogeny that attempts to reconstruct the ancestral state 

for the lissamphibian occiput benefits from including characters relevant to all braincase 

elements, in addition to the occiput.  

The relatively simplified complement of bones contributing to the occiput in extant 

lissamphibians has been hypothesized by palaeontologists to be the result of heterochronic 

events where various kinds of paedomorphosis, such as miniaturization and truncated 

development, has resulted in fewer bones in the skull, and thus the occiput (e.g., Bolt, 1969; 

1977; Milner, 1988; Boy and Sues, 2000; Schoch, 2013a). However, since the 

correspondence between specific occipital ossifications and somitic contribution to the 

occiput has not been established outside of a few model organisms, a non-paedomorphosis 

mechanism (such as reduced number of occipital somites) for the reduced occiput of 

lissamphibians remains a possibility.  
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Figure 1.3. A comparison of the braincase and occiput of extinct and extant tetrapods 
reveals the relatively reduced condition of these parts of the skull in lissamphibians in 
comparison to those of other early tetrapods. A) and B) The extinct tetrapod Eryops in 
lateral (A) and occipital (B) view, showing a nearly full complement of ossifications with 
seven bones present. C) and D) The extant salamander Hynobius in lateral (C) and occipital 
(D) views, showing the reduced complement of ossifications with only five bones present. 
The sphenethmoid is purple, the basioccipital is blue, the basisphenoid is red, the 
exoccipitals are green, the parasphenoid is yellow, the opisthotic is orange and the prootic 
is brown. Not to scale.  
 

One potential osteological correlate has been proposed for such investigations: 

foramina pertaining to the posterior-most cranial nerve, cranial nerve twelve (n.XII; 

Maddin et al., 2020), which is also generally referred to as the hypoglossal nerve or 

hypoglossal nerve complex in amniotes (de Beer, 1937; Romer and Edinger, 1942; Romer 

and Parsons, 1977; Grande and Bemis, 1998). As the most posteriorly situated cranial 

nerve, the hypoglossal nerve marks the boundary between cranial and spinal nerves 

(Barnard, 1940; Noden, 1983; Couly et al., 1993; Ferguson and Graham, 2004; Yaryhin 

and Werneburg, 2018). The hypoglossal nerve can be differentiated from the spinal nerves 

by its lack of dorsal roots (Hunter, 1935; Brodal, 2010). In contrast, true spinal nerves (i.e., 

those that emerge from the spinal cord) always possess well developed dorsal roots 

(Hunter, 1935; Brodal, 2010). The branches of the hypoglossal nerve emerge from the 
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central nervous system in a one-to-one registry with respect to the somites, similarly to the 

more posterior spinal nerves (Mall, 1891; Romer and Parsons, 1977; Ferguson and 

Graham, 2004; Kardong, 2015). In amniotes, such as chicken, each branch of the 

hypoglossal nerve is associated with the anterior portion of an occipital somite (Hazelton, 

1970; Noden, 1983; Ferguson and Graham, 2004), and, as such, emerge through the 

occipital bones of the skull in adults, specifically the exoccipital (Figure 1.4A). 

 

Figure 1.4. Schematic synthesized from the 
literature showing where the hypoglossal (XII) 
nerve emerges with respect to the brain or spinal 
column. Anterior is to the left and posterior to the 
right. A) In amniotes, like the chicken, the 
hypoglossal nerve (arrows) emerges from the skull 
via several foramina in the occiput. B) In 
salamanders the hypoglossal passes laterally 
between the occiput and the first vertebral element 
or via a foramen in the first vertebral element. C) In 
frogs the hypoglossal passes laterally between the 
first and second vertebral elements. These 
morphologies have not been confirmed in Xenopus 
laevis nor in Ambystoma mexicanum. Schematic 
synthesis based on Wake and Lawson (1973); 
Stuesse et al. (1983); Hüppi et al. (2019); Maddin et 
al. (2020). 

 

 In amphibians, the hypoglossal forms from what are typically referred to as the 

first or first and second spinal nerves, despite lacking dorsal roots diagnostic of true spinal 

nerves (e.g., Platt, 1897; Elliot, 1907; Norris, 1908; Norris, 1913; Barnard, 1940; Herrick, 

1948; Wake and Lawson, 1973; Stuesse et al., 1983; Roth et al., 1984; Wake, 1992; 1993; 

Naumann and Olsson, 2018). Each branch of the hypoglossal nerve is at most associated 

with the last occipital somite and up to the first two vertebral somites (Wake, 1993; 

Detwiler, 1929; Edgeworth, 1935). In salamanders, the branches of the hypoglossal nerve 
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extends laterally from the spinal cord between the occiput and the first vertebra, or via a 

foramen on the first vertebral element (Figure 1.4B; Platt, 1897; Norris, 1908; Norris, 1913; 

Herrick, 1948; Wake and Lawson, 1973; Roth et al., 1984). In frogs, the branches of the 

hypoglossal extend laterally between the first and second vertebrae, where it is referred to 

as the second spinal nerve (Figure 1.4C; Elliot, 1907; Barnard, 1940; Stuesse et al., 1983; 

Naumann and Olsson, 2018). Therefore, in salamanders the hypoglossal appears to be 

associated with the first vertebral somite, and in frogs, with the second vertebral somite, 

and not with any of the occipital somites.  

The one-to-one registry of hypoglossal branches and somites is a tempting tool to 

use in determining somite composition of the occiput when developmental data are lacking. 

However, in amniotes, a variable number of hypoglossal branches emerges from the skull 

via a variable number of foramina (e.g., Barnard, 1940; Noden, 1983; Couly et al., 1993; 

Ferguson and Graham, 2004; Yaryhin and Werneburg, 2018), and no hypoglossal foramina 

are present in amphibians (Estes, 1965), as the hypoglossal nerve emerges posterior to the 

skull. However, in a recent review, Maddin et al. (2020) synthesized historical and recent 

accounts of occipital development in many tetrapods. Together, these data revealed that a 

much less variable and phylogenetically significant pattern of skull–neck boundary 

location exists among tetrapods. Three conditions for tetrapods were identified: (1) the 

amniote condition, with a skull–neck boundary location at the posterior limit of the 

hypoglossal nerve complex, (2) the condition in salamanders and caecilians, with a skull–

neck boundary location within the anterior part of the hypoglossal nerve complex, and (3) 

the condition in frogs with a skull–neck boundary location anterior to the hypoglossal nerve 

complex (Maddin et al., 2020). Under this organizational regime, the total number of 
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occipital somites remains somewhat variable, but in general amniotes incorporate more 

somites into their occiput than salamanders and caecilians, which in turn incorporate more 

occipital somites than frogs. By including fossil taxa and using the presence or absence of 

hypoglossal nerve foramina, the hypothesis that extant lissamphibians represent the 

ancestral tetrapod condition (e.g., Couly et al., 1993; Ferguson and Graham, 2004) is 

rejected and the evolutionary pattern proposed by de Beer (1937) and others (Romer and 

Edinger, 1942; Estes, 1965; Clack and Holmes, 1988) in which lissamphibians are instead 

secondarily reduced is supported (Maddin et al., 2020). Therefore, a growing body of 

evidence supports the amniote-like condition as the likely ancestral condition for tetrapods 

(Maddin et al., 2020). This would mean that instead of incorporating more somites in the 

occipital region during the evolution of amniotes (i.e., a posterior shift in the skull–neck 

boundary), amphibians actually underwent a reduction in the number of somites being 

incorporated into their occiput during their evolution (i.e., an anterior shift of the skull–

neck boundary). The mechanism(s) underlying this event remain unknown. 

1.3: The developmental mechanisms underlying axial patterning  

It is now well understood that patterns of Hox gene expression determine the fate 

of the segments of the anterior–posterior axis in many organisms, including vertebrates 

(e.g., Gaunt et al., 1988; Ruiz i Altaba and Jessell, 1991; Ramírez-Solis et al., 1993; 

Krumlauf, 1994; Burke et al., 1995; Pearson et al., 2005; Handrigan and Wassersug, 2007). 

Hox genes are examples of a group of genes known as homeobox genes that share a similar 

portion of sequence, approximately 180 base pairs in length, called the homeobox 

(McGinnis and Krumlauf, 1992). Vertebrate Hox genes are organized into four clusters (A, 

B, C, and D) and thirteen paralogous groups (1–13; Krumlauf, 1994; Pearson et al., 2005; 
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Mallo et al., 2010). Each paralogous group consists of the genes within each cluster (e.g., 

paralog group nine: hoxa9, hoxb9, hoxc9, hoxd9) and these genes have shared expression 

properties. Hox genes exhibit colinear expression, where they are expressed along the 

anterior–posterior axis in the same order they appear on their chromosome; the most 3’ 

genes have a more anterior expression limit along the anterior–posterior axis than the genes 

that are located closer to 5’ end of the chromosome (McGinnis and Krumlauf, 1992; 

Krumlauf, 1994). Therefore, genes like hoxb4 have a more anterior expression domain than 

hoxb7 along the anterior–posterior axis. Colinear expression also means that Hox genes 

that are from the same paralogous group have similar expression domains (Manzanares et 

al., 2001). In addition to similar expression domains, Hox genes also have nested 

expression domains, such that more Hox genes are expressed in the posterior region than 

the anterior region (Mallo et al., 2010). Hox genes also exhibit posterior dominance, where 

knocking out anterior Hox genes does not always change the fate of posterior Hox genes 

as they can compensate for the missing anterior Hox gene (Mallo et al., 2010). 

In amniotes, the anterior limit of specific Hox genes has been shown to mark key 

morphological changes along the anterior–posterior axis (Figure 1.5; Burke et al., 1995). 

For example, even though chickens and mice have different numbers of somites that 

contribute to their cervical vertebrae, in both the anterior limit of expression for hoxc6 

marks the transition between cervical and thoracic vertebrae (Figure 1.5; Burke et al., 

1995). The pattern of expression for Hox genes, i.e., which Hox genes are expressed where 

along the anterior–posterior axis, gives each segment their identity, i.e., cervical, thoracic, 

lumbar, etc. (Ramírez-Solis et al., 1993; Wellik and Capecchi, 2003; Nowicki and Burke, 

2000; Mallo et al., 2010).  
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Figure 1.5. Schematic of axial somites, their fate and associated Hox gene expression 
patterns in chicken (top) and mouse (below), with anterior to the left and posterior to the 
right. Each colour represents a different type of axial structure (e.g., cervical or thoracic 
vertebrae), and the location of Hox genes that are responsible for determining those fates 
mark each transition. Modified from Burke et al. (1995).   
 

The role Hox genes play in patterning the segments of an embryo has been shown 

in studies based on Hox gene mutants, where particular embryonic segments were 

transformed into the identity of other segments (e.g., Kessel et al., 1990; Ramírez-Solis et 

al., 1993; Horan et al., 1995; Scaal, 2016) – i.e., homeotic transformations. Experiments 

in mice showed that hoxd3 knockdown mutants exhibit fusion of the first vertebra (the 

atlas) to the occiput (Scaal, 2016). Other studies involving Hox gene mutants or loss of 

function experiments have transformed cervical vertebrae to thoracic identities (Ramírez-

Solis et al., 1993), produced additional cervical vertebrae (Kessel et al., 1990), or removed 

vertebrae (Horan et al., 1995).  

Similar mutations have also been demonstrated using retinoic acid, a known 

chemical that influences Hox gene expression domains, to manipulate the location of Hox 

expression (Durston et al., 1989; Sive et al., 1990; Ruiz i Altaba and Jessel, 1991). Many 

genes that are expressed during early development, including Hox genes, are sensitive to 

retinoic acid. Hox genes are activated in developing embryos by endogenous retinoic acid 

and applying exogenous retinoic acid to embryos during early development can transform 
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the fate of developing neural ectoderm and embryonic mesoderm (e.g., Durston et al., 

1989; Ruiz i Altaba and Jessel, 1991; Marshall et al., 1994; Kolm and Sive, 1995). Higher 

concentrations of retinoic acid in the developing embryo causes anterior shifts in Hox gene 

expression, resulting in segments transforming into structures of a more posterior fate than 

normal (Figure 1.6B; Durston et al., 1989; Sive et al., 1990; Ruiz i Altaba and Jessel, 1991). 

Similarly, inhibiting retinoic acid can also transform the fate of developing embryonic 

segments (Schuh et al., 1993). Inhibiting retinoic acid shifts Hox gene expression 

posteriorly and causes segments to transform into a more anterior fate than normal (Figure 

1.6C; Schuh et al., 1993; Kronmiller et al., 1995; Di Renzo et al., 2007). 

 
Figure 1.6. Retinoic acid causes homeotic 
transformations along the anterior (left) to 
posterior (right) axis. A) The fate of vertebral elements 
(purple) are shown in their normal location along the 
axis, with the anterior limit of Hox gene expression 
(black line). B) Retinoic acid overexpression in the 
developing embryo causes Hox genes to express more 
anteriorly than normal and the identity of each element 
to be shifted posteriorly. The identity of the first 
segment in B has changed to the identity of the second 
segment in A. C) Retinoic acid inhibition in the 
developing embryo causes Hox genes to express more 
posteriorly than normal the identity of each element to 
be shifted anteriorly. The identity of the third segment 
in C has changed to the identity of the second segment 
in A. 
 

Similar studies of Hox gene expression domains that then examined the resulting 

internal (i.e., skull) morphology have not been conducted in amphibians. It is presumed, 

due to deep homology of Hox genes and Hox function across vertebrates, that homologous 

Hox genes are expressed in a similar pattern to that observed in amniotes. However, this 

must be confirmed in order to expand the comparative basis of axial patterning, particularly 
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as it may relate to skull–neck boundary evolution. Given the data collected in amniotes 

(e.g., Gaunt et al., 1988; Godsave et al., 1994; Burke et al., 1995; Manzanares et al., 2001; 

Gaufo et al., 2003), hox3 paralogs (occipital region expression) and hox4 paralogs 

(anteriormost cervical region expression) are of special interest in the story of skull–neck 

boundary evolution. 

1.4: Project goals and thesis outline  

The goal of this thesis is to elucidate some of the above-mentioned, outstanding 

aspects of the morphology and development of the skull–neck boundary in lissamphibians, 

such that events in the evolution of the boundary may be better understood in 

lissamphibians. As such, I have two hypotheses that I wish to test. The first hypothesis I 

wish to test posits that the reduced condition of the amphibian occiput is secondarily 

derived and not the ancestral condition for tetrapods. The second hypothesis posits that 

perturbing Hox gene expression domains can cause homeotic transformations at the occiput 

in A. mexicanum and X. laevis. In order to address these hypotheses, I will explore aspects 

of the lissamphibian skull–neck boundary from phylogenetic, morphological, and 

developmental aspects in three data chapters. 

In Chapter 2, I investigate my first hypothesis, that the extant lissamphibian 

condition of the occiput is secondarily derived. To do this, I produce a high-resolution 

phylogeny for extant lissamphibian origins that includes new characters that target the 

condition of the occiput and braincase in extinct and extant taxa. Previously published 

phylogenies for lissamphibians and their fossil relatives were taxonomically limited, did 

not include both fossil and extant amphibians, or were missing recently discovered, 

taxonomically informative fossils (e.g., Schoch and Rubidge, 2005; Frost et al., 2006; 
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Anderson et al., 2008a; 2008b; Fröbisch and Schoch, 2009; Bourget and Anderson, 2011; 

Maddin, et al., 2012a; 2012b; Schoch, 2012; Pyron and Wiens, 2013). Furthermore, while 

molecular evidence supports the monophyly of lissamphibians, their origin and 

relationship to extinct tetrapods has been contested (e.g., Marjanovic and Laurin, 2007; 

Ruta and Coates, 2007), and so frequent updates are required to improve confidence in 

patterns of relationships. Finally, many previously published matrices included few 

braincase and/or occiput characters, particularly characters that might reveal clues about 

occipital somite contribution. 

 To address these shortcomings in previously available matrices, I build upon a 

recently published Dissorophoidea matrix (Schoch, 2018) adding in key braincase 

characters (including occiput characters) and coding twelve additional, relevant taxa. My 

revised matrix is analyzed by applying maximum parsimony inference and Bayesian 

inference. The resulting tree allows me to reconstruct the ancestral character states for 

braincase and occiput morphology in the lineage leading to lissamphibians. Parsimony-

based and maximum likelihood-based ancestral character state reconstruction methods 

were completed to reveal events in the evolution of the lissamphibian braincase. I conclude 

by providing evidence to support the hypothesis that the extant lissamphibian condition of 

the occiput is secondarily derived.  

 In Chapter 3, I investigate the normal development of the skull, focusing on the 

occiput, in the two extant lissamphibian model species, A. mexicanum for salamanders and 

X. laevis for frogs, in order to establish a developmental and morphological baseline for 

comparisons needed to test my second hypothesis (Chapter 4). First, to confirm the number 

of occipital somites in the skull of the two species and the structures they go on to 
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contribute to, I conduct fate mapping studies. Modelling my own protocols after those of 

Piekarski and Olsson (2007), I repeat the occipital somite fate map for A. mexicanum and 

generate the first occipital somite fate map for X. laevis embryos by micro-injecting 

dextran-fluorescein to track cell migration and differentiation. I then thin-section these 

embryos and determined precisely which somites contributed to the occiput, and to what 

skeletal structures, in both species.  

With confirmed somitic origins of the occiput in hand, I then present a whole-mount 

stained developmental series of cartilage and bone for the skull of both species to document 

normal occiput (and skull) morphological development in detail. For both A. mexicanum 

and X. laevis, a staging table that documents the progression of normal skull development 

was not available. Thus, the morphology and timing of normal development of occipital 

structures could not previously be ascertained, which is needed for making comparisons 

with experimental animals in Chapter 4.  

Finally, I present the stained nerves of A. mexicanum and X. laevis in order to 

examine and describe the gross morphology of the hypoglossal nerve as it relates to skull–

neck boundary structures in both species. This permits me to potentially use the position 

of the hypoglossal nerve relative to skull–neck boundary structures as an additional locus 

of comparison with experimental animals generated to address my second hypothesis 

(Chapter 4). Together, these three anatomical datasets add to the body of literature on the 

gross morphology of lissamphibians and reveal subtle differences in the occipital 

morphology and development between salamanders and frogs. By describing development 

in these two lissamphibian model organisms, I also provide details of what the reduced 
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occipital morphology looks like in lissamphibians that can then be compared to other 

lissamphibians taxa in future studies.  

In Chapter 4, I investigate my second hypothesis that perturbing Hox gene 

expression domains can cause homeotic transformations at the occiput in A. mexicanum 

and X. laevis. Previous research in amniotes such as chicken and mouse (e.g., Kessel et al., 

1990; Ramírez-Solis et al., 1993; Burke et al., 1995; Horan et al., 1995; Scaal, 2016) have 

shown that the Hox paralogs expressed in somites at and around the skull–neck boundary 

are paralogs one through four. Hox paralogs one through three are found in the occipital 

region, whereas Hox paralog four is expressed in the anterior-most portion of the neck. 

Similar studies have not been conducted at all in A. mexicanum, whereas a study on the 

effect of exogenous retinoic acid on hoxb3 gene expression in X. laevis has been published 

(Godsave et al., 1998). However, in this latter study, these researchers did not examine the 

effects of retinoic acid on the developing skull, nor did they conduct retinoic inhibition 

morphology.  

Thus, I conduct experiments exposing A. mexicanum and X. laevis embryos to 

either doses of exogenous retinoic acid or doses of retinoic acid inhibitors (i.e., citral), and 

examined the resulting morphology. The consequences of these experiments are then 

shown to be changes in the fate of segments along the anterior–posterior axis, wherein 

additional anterior vertebral elements appear when embryos are exposed to retinoic acid 

(representative of an anterior shift in somite fate) and vertebral segments are recruited into 

the head when embryos are exposed to citral (representative of a posterior shift in somite 

fate). These experiments suggest that changing Hox gene expression domains is capable of 

inducing homeotic transformations of occipital somites, and that these changes are 
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potential drivers underlying the anterior shift of the evolution of the lissamphibian skull–

neck boundary. I confirm that homeotic transformations have occurred in these 

experimental specimens using cell-lineage tracing methods and the position of the 

hypoglossal nerve complex along the anterior–posterior axis. 

Finally, in Chapter 5, I summarize the results of this thesis as they relate to an 

improved understanding of lissamphibian, and by extension tetrapod, skull–neck boundary 

evolution. I explore possibilities for why these Hox gene expression domains may have 

changed during lissamphibian evolution. This PhD thesis helps to elucidate the relationship 

between morphological and the developmental processes underlying a fundamental aspect 

of skull evolution. These are the first empirical analyses of skull–neck boundary 

morphology and development that reveal the potential of this work to re-write our 

understanding of skull evolution as we reveal how the amphibian condition was 

secondarily achieved, rather than perpetuate the inaccurate perception that they represent 

the ancestral condition for tetrapods, as currently thought.   
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Chapter 2: Braincase and occipital simplification and the 
origin of lissamphibians 
 

2.1: Introduction 

The distinctive morphology of extant lissamphibians (frogs, salamanders, and 

caecilians) has been a leading cause in the lack of resolution of both their relationships to 

one another, and from which group of extinct tetrapods they are derived. Different 

phylogenetic analyses have placed them entirely within Temnospondyli (e.g., Figure 2.1A; 

Bolt, 1969; Rage and Janvier, 1982; Milner, 1988; Trueb and Cloutier, 1991; Milner, 1993; 

Schoch and Milner, 2004; Schoch, 2018), entirely within Lepospondyli (e.g., Figure 2.1B; 

Laurin and Reisz, 1997; Vallin and Laurin, 2004; Marjanović and Laurin, 2013), a group 

that may be polyphyletic (e.g., Pardo et al., 2017), or a combination thereof, where 

Batrachia (frogs and salamanders) reside within Temnospondyli and Apoda (caecilians) 

reside within Lepospondyli (e.g., Figure 2.1C; Lee and Anderson, 2006; Carroll, 2007; 

Anderson et al., 2008a; Skutschas and Martin, 2011). Despite all three hypotheses, and 

even a recent fourth hypothesis that recovers Batrachia within Dissorophoidea and Apoda 

within Stereospondyli (Pardo et al., 2017), maintaining a presence in the literature, there 

has been a growing consensus that lissamphibians are a monophyletic assemblage derived 

from within Temnospondyli (e.g., Estes, 1965; Trueb and Cloutier, 1991; Ruta and Coates, 

2007; Fröbisch and Schoch, 2009a; Sigurdsen and Bolt, 2010; Maddin et al., 2012a; 

Schoch, 2018), and more specifically from within the amphibamid dissorophoids (e.g., 

Bolt, 1977; 1979; Milner, 1988; Schoch and Milner, 2004; Maddin et al., 2012a; Schoch, 

2018). 
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Figure 2.1. The three hypotheses for extant lissamphibians (green text) and their closest 
relatives. A) A monophyletic Lissamphibia is found within Temnospondyli (e.g., Milner, 
1993; Schoch and Milner, 2004; Schoch, 2018). B) A monophyletic Lissamphibia is found 
within Lepospondyli (e.g., Marjanović and Laurin, 2013). C) Lissamphibia is paraphyletic 
with Batrachia found within Temnospondyli and caecilians found within Lepospondyli 
(e.g., Anderson et al., 2008a; Skutschas and Martin, 2011). Silhouettes are from open 
source PhyloPic.org. 
 
 

The phylogenetic framework provided by this growing confidence in a 

monophyletic Lissamphibia derived from within Temnospondyli permits investigations of 

patterns of morphological evolution of lissamphibians, including the origin of their highly 

derived form. A combination of new discoveries (e.g., Holmes et al., 2013; Pardo et al., 

2017; Gee and Reisz, 2018) as well as extensive reanalysis of existing material (e.g., 

Maddin et al., 2012a; 2012b; 2013; Schoch and Sues, 2013; Ascarrunz et al., 2016; Gee et 

al., 2017; Schoch, 2017; Gee and Reisz, 2018; Pérez-Ben et al., 2018) provide the 

foundation for potentially high-resolution investigations of morphological evolution with 

great numbers of taxa and forms. Unfortunately, many currently available phylogenetic 
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analyses take place at either very broad taxonomic levels (e.g., Schoch and Rubidge, 2005; 

Anderson et al., 2008a; Maddin et al., 2012a; Schoch, 2013b), or very fine, taxonomically 

exclusive levels (e.g., Anderson et al., 2008b; Fröbisch and Schoch, 2009a; Bourget and 

Anderson, 2011). In the case of the former, detailed variation is glossed over by the pruning 

of many taxa to cover a broader sampling; whereas with the latter, the distribution of traits 

at higher clade levels is missed due to entire clades being excluded. 

One such series of evolutionary events concerns the origin of the relatively simple 

condition of the braincase, which includes the bones of the occiput, in terms of the number 

of ossifications and the extent of ossification of individual bones in lissamphibians in 

comparison to that of other temnospondyls and amniotes. Extinct temnospondyls (e.g., 

Edops, Eryops) and amniotes have numerous ossifications making up the braincase, 

including the parasphenoid, sphenethmoid, basisphenoid, prootics, opisthotics, 

exoccipitals, basioccipital and occasionally a supraoccipital (Figure 1.3; de Beer, 1937; 

Romer and Witter, 1942; Romer, 1946; Romer and Parsons, 1977; Duellman and Trueb, 

1994; Schoch, 1999; Schoch and Milner, 2014; Brusatte et al., 2015; Maddin, 2015; 

Schoch, 2018). The parasphenoid is an unpaired, membranous or dermal bone (Figure 1.3, 

yellow; de Beer, 1937; Atkins and Franz-Odendaal, 2016). The other bones that commonly 

contribute to the braincase in tetrapods (i.e., sphenethmoid, basisphenoid, prootics, 

opisthotics, exoccipitals, basioccipital, and supraoccipital) are endochondral bones of the 

chondrocranium (Figure 1.3; de Beer, 1937). 

The presence and degree of ossification of these eight braincase elements (four of 

which are occipital) varies among temnospondyl taxa, with basal members such as Edops 

having a heavily ossified braincase compared to more derived members such as Eryops 
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(Figure 2.2; Romer and Witter, 1942; Schoch and Milner, 2014). Both stereospondyls and 

dissorophoids, two temnospondyl lineages, vary in the number and degree of ossifications 

in the braincase (Figure 2.2). Many more later-diverging stereospondyls lack an ossified 

basioccipital (e.g., Figure 2.2; Gerrothorax [Witzmann et al., 2012]) or possess a weakly 

ossified basisphenoid (e.g., Mastodonsaurus [Schoch, 2002]) when compared to early-

diverging stereospondyls (e.g., Archegosaurus [Witzmann, 2006]). In the dissorophoid 

lineage, braincase ossification may also be reduced, such as in branchiosaurids, where the 

basisphenoid is incompletely ossified (Boy, 1972). 

 

Figure 2.2. A simplified phylogenetic tree for Temnospondyli showing the broad level 
groups discussed in this chapter. Modified from Schoch (2013b).  
 
 

Extant lissamphibians have a relatively simple braincase compared to all other 

temnospondyls in terms of the number of ossifications and even in terms of their 

chondrocranial precursors. Extant lissamphibians possess only the parasphenoid, a 

sphenethmoid, the otic elements (i.e., prootic, opisthotic) and paired exoccipitals as 

discrete ossifications (Figure 1.3; de Beer, 1937; Romer, 1946; Romer and Parsons, 1977; 

Duellman and Trueb, 1994; Schoch, 1999; Schoch and Milner, 2004; Maddin, 2015). In 



25 
 

the case of the basisphenoid and basioccipital, the cartilaginous precursors are considered 

absent from the chondrocranium of extant lissamphibians (de Beer, 1937; Duellman and 

Trueb, 1994; Müller, 2006; Maddin, 2015; Schoch, 2018). Additionally, other braincase 

bones that are commonly found in temnospondyls (e.g., sphenethmoid [de Beer, 1937; 

Maddin, 2015]) are comparatively reduced in extant lissamphibians (e.g., Altig, 1969; 

Trueb et al., 2000; Maddin, 2015) whereas other elements that are only occasionally found 

in temnospondyls, but are commonly present in amniotes (e.g., supraoccipital [Berman, 

2000; Brusatte et al., 2015]), are absent in extant lissamphibians (Figure 1.3; Schoch and 

Milner, 2004; Müller, 2006; Schoch, 2018). In the case of the supraoccipital, caecilian 

lissamphibians further lack its cartilage precursor, the tectum synoticum (de Beer, 1937; 

Müller, 2006).  

The simple condition of the lissamphibian braincase has historically led some 

authors, working on extant taxa alone, to hypothesize it is the product of the ancestral 

developmental pattern for tetrapods (e.g., see Figure 1.2A; Augier, 1931; Couly et al., 

1993; Ferguson and Graham, 2004). However, other authors whose work included fossil 

taxa have instead hypothesized that the lissamphibian condition represents a derived 

condition (e.g., see Figure 1.2B; de Beer, 1937; Romer and Edinger, 1942; Clack and 

Milner, 2009). However, without a test of character evolution and ancestral character state 

reconstruction, the timing and nature of morphological evolutionary events leading to the 

origin of the simple lissamphibian condition remain speculative. 

The present study attempts to reveal the evolution of the lissamphibian braincase 

through a test of character evolution via the creation of new characters and the utilization 

of a broad taxonomic sample of Dissorophoidea. Here I built on the recently published 
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Dissorophoidea matrix by Schoch (2018), sampling a total of 42 dissorophoid taxa (four 

from Micromelerpetidae, 17 from Olsoniformes, and 21 from Amphibamiformes). The 

original matrix of Schoch (2018) included 28 dissorophoid taxa (four from 

Micromelerpetidae, eight from Olsoniformes, and 16 from Amphibamiformes). My 

sampling is as inclusive as possible and represents an improvement in this regard to earlier 

analyses. For example, Schoch (2012) included 25 extinct dissorophoid taxa, and Fröbisch 

and Schoch (2009a) included 31 extinct dissorophoid taxa. Maddin et al. (2012a) is the 

only recent analysis to broadly sample both extinct and extant members of Lissamphibia, 

but even this matrix only included 27 dissorophoid taxa, of which ten were caecilian taxa. 

Three new characters pertaining to the braincase were created and scored for as many of 

these taxa as possible. Specifically, two new characters that correspond to aspects of the 

occiput that may shed light on the developmental state (i.e., potential somitic contribution). 

My analysis and the resulting trees allow me to reconstruct the ancestral character states of 

these braincase characters and present a hypothesis of braincase evolution in the lineage 

leading to Lissamphibia. I discuss these results as they relate to the origin of the 

lissamphibian form. 

2.2: Methods 

2.2.1: Phylogenetic analyses 

I approached this problem from the perspective that lissamphibians are 

monophyletic dissorophoid temnospondyls, which is made up of two clades: the 

Olsoniformes, and the recently proposed Amphibamiformes (Amphibamidae plus 

Branchiosauridae [Schoch, 2018]). To produce a broadly sampled phylogeny for 

Dissorophoidea, I utilized the latest published matrix from Schoch (2018). There, one 



27 
 

relevant braincase character – presence or absence of the basioccipital (character 93) – was 

included. I additionally added three more braincase characters to capture variation in the 

degree of braincase ossification and complexity (and chondrification; Appendix A). This 

includes: the presence or absence of the basisphenoid (109); the presence or absence of 

hypoglossal nerve foramina on the exoccipital (110); and the presence or absence of the 

sphenethmoid floor, which when absent results in small, paired sphenethmoids (111).  

I made the decision to include as many taxa as possible in order to avoid subjective 

user bias in the exclusion of taxa that might actually be important. As such, twelve extinct 

taxa were also added to the matrix. The additions included members of some other 

temnospondyl clades to provide broader evolutionary context: Trimerorhachis, 

Sclerocephalus, Eryopidae, and Acanthostomatops. Eleven additional dissorophoid taxa 

were also added: Tambachia, Anconastes, Scapanops, the Rio Arriba taxon, Kamacops, 

Brevidorsum, Reiszerpeton, Aspidosaurus, Platyhystrix, Rubeostratilia, and 

Plemmyradytes. Additionally, three extant taxa were added to the matrix: representatives 

for each of the extant lissamphibian groups (Ascaphus for frogs, Hynobius for salamanders, 

and Rhinatrema for caecilians). The final matrix thus consisted of 48 taxa, including the 

outgroup taxon, Dendrysekos (= Dendrerpeton [Schoch and Milner, 2014]) and 111 

characters (Appendix B). Taxa were coded for characters not present in their original 

matrix from the literature and some first-hand observations of specimens (see Appendix C 

for a full list of taxa and sources). 

The final matrix was analyzed using maximum parsimony inference and Bayesian 

Inference. The parsimony analysis was run using PAUP v. 4.0a161 (Swofford, 2003) for 

MacIntosh. Dendrysekos was set as the outgroup for rooting. The heuristic search option 
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and tree bisection-reconnection branch-swapping algorithm was used with 10,000 

additional random sequence replicates selected. Multistate taxa were treated as 

polymorphic, and all characters were unordered and weighted equally. The Bayesian 

analysis was run in MrBayes version 3.1.2 (Huelsenbeck and Ronquist, 2001) using the 

Mk model and running a Markov chain Monte Carlo for 5 million generations, with a 

sampling frequency of 100 and a diagnostic frequency of 1,000. Resulting posterior 

probabilities were inspected for convergence in the program Tracer v1.6 (Rambaut et al., 

2014) for MacIntosh.  

2.2.2: Ancestral character state reconstructions 

Ancestral character state reconstructions were performed on the resulting strict 

consensus tree from the parsimony analysis as well as on the All Compatible Clades 

consensus tree from the Bayesian analysis. For the strict consensus tree from the parsimony 

analysis, the ancestral character state reconstruction analysis was performed on the 

braincase characters (characters 93, 109, 110, and 111) using Mesquite version 3.10 build 

765 (Massidon and Maddison, 2018). Ancestral character states were estimated using both 

parsimony and the maximum likelihood (Mk1) statistical model, the latter of which 

calculates the proportional likelihoods of each character state at ambiguous nodes. For the 

All Compatible Clades tree generated by the Bayesian analysis, the evolutionary scenarios 

for the braincase characters were again analysed with maximum likelihood ancestral 

reconstructions, with the assumption of equal rates of evolution. This analysis was 

completed in R (R Core Team, 2017) using ACE (ancestral character estimation) and 

phytools packages (Revell, 2012). This dual approach for ancestral character state 

reconstruction follows the currently widely accepted methodologies in the literature (e.g., 
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Maddin et al., 2012b; Hsiang et al., 2015; Pereyra et al., 2016; Samuels et al., 2017; Sasson 

and Ryan, 2017; Kieren et al., 2018). 

2.3: Results 

2.3.1: Phylogenetic analyses 

The maximum parsimony analysis resulted in 81,922 most parsimonious trees, each 

with 345 steps in length (consistency index = 0.3623; retention index = 0.7287). The strict 

consensus tree from the maximum parsimony analysis is overall poorly resolved at the finer 

taxonomic levels (Figure 2.3, right side), whereas the All Compatible Clades consensus 

tree from the Bayesian analysis has virtually no polytomies (Figure 2.3, left side). The 

broader family level divisions, and subgroupings within, are very similar between both 

analyses (Figure 2.3). For example, in both analyses, the Amphibamiformes form a clade 

that includes Amphibamidae, Branchiosauridae, and a monophyletic Lissamphibia. In both 

analyses caecilians and Eocaecilia are found to be the sister group of Batrachia; however, 

in the parsimony analysis the relationships within Batrachia are poorly resolved where 

Karaurus plus salamanders form an internal clade that occurs in a polytomy with frogs and 

Triadobatrachus. Gerobatrachus forms the sister taxon to Lissamphibia in the Bayesian 

analysis (Figure 2.3, left), whereas in the parsimony analysis Gerobatrachus, 

Georgenthalia, and Lissamphibia are recovered in a polytomy (Figure 2.3, right). The 

Dissorophidae and Trematopidae clades that together make up the Olsoniformes are 

recovered here, although the former is poorly resolved internally in the parsimony analysis. 

In both analyses the Olsoniformes is the sister clade to the Amphibamiformes (Figure 2.3). 

Also, in both analyses, Micromelerpetidae is found to be the sister group to the 

Olsoniformes plus Amphibamiformes clade, and thus represents the basalmost branch 
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within Dissorophoidea. Perryella is the sister taxon to Dissorophoidea. One node below 

Perryella, Sclerocephalus and Eryopidae form a clade in both analyses, with 

Acanthostomatops on their stem. Finally, in both analyses, Trimerorhachis forms a 

polytomy with the outgroup Dendrysekos, at the base of the tree. 

 
Figure 2.3. The results of the phylogenetic analyses of Dissorophoidea. The Bayesian 
analysis All Compatible Clades tree (left) obtained from MrBayes and the strict consensus 
tree (right) of 81,922 most parsimonious trees obtained from PAUP. 
 
 



31 
 

2.3.2: Ancestral character state reconstructions 

Ancestral character state reconstructions were conducted for the four most relevant 

braincase characters (characters 93, 109, 110 and 111) and were estimated using both 

parsimony and maximum likelihood on the results of the parsimony analysis, and 

maximum likelihood on the results of the Bayesian analysis. Schoch (2018) did include 

other braincase characters in his analysis, but they were regarding the morphology of the 

parasphenoid (Appendix A), and were thus not of particular relevance here. The results of 

all three analyses revealed the lineage leading to crown Lissamphibia is characterized by 

three absences that are identified to be losses and one ossification reduction that took place 

within the Amphibamiformes clade (Figure 2.4). The losses and the reduction were 

reconstructed at the same nodes using the maximum likelihood method on both the 

parsimony- and Bayesian-based trees; however, two of the losses and the reduction were 

reconstructed as ambiguous (i.e., reconstructed as occurring at one of several potential 

nodes) using parsimony methods of ancestral state reconstruction on the parsimony tree. I 

summarize the results for all three analyses below. 

The parsimony reconstruction failed to resolve an unambiguous location for the 

reduction of the sphenethmoid to small, paired elements on the parsimony-based tree 

(Figure 2.4A). The zone of ambiguity for this character spans the nodes that include the 

higher amphibamiforms (Branchiosauridae, Georgenthalia, and Gerobatrachus; Figure 

2.4A, Nodes C to D). The maximum likelihood reconstruction on the strict consensus tree 

recovered the sphenethmoid change at the base of Lissamphibia with a proportional 

likelihood of 0.96 (Figure 2.4, Node D). The same location was found for this character 
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state with the maximum likelihood reconstruction on the Bayesian-derived tree with a 

likelihood value of 0.81 (Figure 2.4B, Node D). 

The first loss is the complete loss of the basioccipital (i.e., of both the ossified 

element and the cartilaginous precursor), which occurs at the base of Amphibamiformes in 

all three analyses on both trees (Figure 2.4A; B, Node B). At least a partially ossified 

basioccipital (i.e., the condition found in branchiosaurids [Boy, 1972]) is retained in all 

other lineages studied here. The complete loss of the basioccipital at the base of 

Amphibamiformes was reconstructed as unambiguous using parsimony and with a 

proportional likelihood of 0.99 using maximum likelihood on the strict consensus tree from 

the parsimony analysis (Figure 2.4A, Node B). This is the same location reconstructed by 

maximum likelihood on the Bayesian tree with a likelihood value of 0.41 at the base of 

Amphibamiformes (Figure 2.4B, Node B), and with a likelihood value of 0.92 at the node 

that includes all Amphibamiformes except Rubeostratilia and Plemmyradytes (Figure 

2.4B). 
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Figure 2.4. Summary of the ancestral character state reconstructions of the braincase 
characters on slightly pruned trees derived from both parsimony and Bayesian analyses. 
A) Parsimony and maximum likelihood ancestral character state reconstructions of the 
braincase characters on the strict consensus tree derived from the parsimony analysis. 
Coloured lines represent zones retrieved as ambiguous for the optimization of each 
character state under the parsimony criterion, and dots represent the locations retrieved as 
the most probable location for each character state based on the maximum likelihood 
method with its proportional likelihood value in parentheses. B) Maximum Likelihood 
ancestral character state reconstructions of the braincase characters on the All Compatible 
Clades consensus tree derived from the Bayesian analysis with associated likelihood value 
in parentheses. The discrete states of the four characters used in this analysis (93, 
basioccipital loss in blue; 109, basisphenoid loss in red; 110 hypoglossal nerve, n. XII, 
foramina lost in green; 111, sphenethmoid reduced to paired structures in purple) are 
described in the locations where states were optimized. Other reductions that are described 
in the text, but unable to be confirmed in fossil taxa (certain potential reductions) are 
indicated with asterisks.  
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The second loss concerns the basisphenoid. The parsimony reconstruction failed to 

resolve an unambiguous location of the complete loss of the basisphenoid on the strict 

consensus tree from the parsimony analysis (Figure 2.4A, Node C to D). As a result, the 

zone of ambiguity spans the nodes that includes the branching of Georgenthalia, 

Gerobatrachus, and Lissamphibia. The maximum likelihood reconstruction on the strict 

consensus tree recovered the complete loss of the basisphenoid as occurring at the base of 

Lissamphibia with a proportional likelihood of 0.97 (Figure 2.4A, Node D). This is the 

same location obtained for the maximum likelihood reconstruction on the Bayesian-

derived tree with a likelihood value of 0.54 (Figure 2.4B, Node D). 

The parsimony reconstruction again failed to resolve an unambiguous location for 

the location of the loss of foramina for the hypoglossal nerve (n.XII; Figure 2.4A). The 

zone of ambiguity for this character spans the nodes that include the higher 

amphibamiforms (Branchiosauridae, Georgenthalia, and Gerobatrachus; Figure 2.4A, 

Node C to D). The maximum likelihood reconstruction on the strict consensus tree 

recovered the loss of n.XII foramina at the base of Lissamphibia with a proportional 

likelihood of 0.93. This is the same location of this character state change obtained for the 

maximum likelihood reconstruction on the Bayesian-derived tree with a likelihood value 

of 0.61 (Figure 2.4B, Node D). 

2.4: Discussion 

Here, I produce a revised, broadly sampled matrix that includes phylogenetically 

informative braincase characters for the inference of the intrarelationships of 

Dissorophoidea, and for the investigation of braincase evolution in the lineage leading to 

modern lissamphibians. My matrix samples from all dissorophoid clades and is inclusive 
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of both the Olsoniformes and the Amphibamiformes lineages of Dissorophoidea. 

Additionally, representative members from early-diverging temnospondyl lineages have 

been included here for completeness and context (e.g., Trimerorhachis, Sclerocephalus, 

Eryopidae, and Acanthostomatops). Although the Bayesian Inference tree is well resolved, 

the parsimony tree reveals some problems may still exist with regards to resolving the 

relationships within the smaller clades of dissorophoids. With overall patterns of 

relationships largely congruent between analytical methods, it is hoped that this matrix, 

with its wide sampling of taxa and characters, provides a baseline for future analyses of 

this important group. As this analysis builds on other, previous phylogenetic analyses for 

lissamphibian origins, only a few key aspects of the resulting topology are noted here. 

Overall, the addition of the braincase characters did not cause the topology of the 

phylogeny to change much relative to topologies found in other morphological analyses, 

such as those completed by Schoch (2018), which was the basis for this analysis. One 

difference in topology was the recovery of Gerobatrachus as the closest relative to 

Lissamphibia in my analysis, as opposed to its position as a stem batrachian recovered by 

Maddin et al. (2012a) and Anderson et al. (2008a). However, this position is identical to 

that found by Schoch (2018), where Gerobatrachus and Georgenthalia form a polytomy 

with Lissamphibia. Classically, Doleserpeton has been found as the most closely related 

amphibamid to Lissamphibia (e.g., Maddin et al. 2012a). In the current analysis, 

Gerobatrachus, Georgenthalia, and Branchiosauridae are all found as more closely related 

to Lissamphibia than Doleserpeton. Interestingly, the present analysis obtains 

Branchiosauridae nested within the group traditionally referred to as Amphibamidae 

(Figure 2.3). This relationship differs from the sister taxon relationship between 
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Amphibamidae and Branchiosauridae, which has previously been found in other analyses 

(Schoch and Milner, 2008; Fröbisch and Schoch, 2009a; Maddin et al., 2012a; Schoch, 

2013b; Pardo et al., 2017). However, see Schoch (2018) for a revised, more exclusive, 

definition of Amphibamidae that maintains its monophyly in this topological arrangement. 

Together Amphibamidae and Branchiosauridae form a group recently named 

Amphibamiformes (Schoch, 2018). 

For the olsoniform portion of the tree, the traditional division of Olsoniformes into 

trematopids and dissorophids is found (Figure 2.3). Unlike in the Maddin et al. (2013) and 

Schoch (2012) analyses, where Platyhystrix is found as the sister taxon to the armored 

dissorophids (e.g., Dissorophus and Broiliellus), here Platyhystrix has a much more basal 

position as the sister taxon to the other Olsoniformes in the parsimony analysis. 

Interestingly, earlier analyses of Dissorophidae were better resolved than the present 

parsimony analysis. This suggests the inclusion of additional olsoniform and 

amphibamiform taxa is causing topology conflicts as adding only braincase characters to 

Schoch’s (2018) matrix did not change the topology (tree not shown). Detailed work on 

braincase anatomy in these taxa, and the many poorly understood dissorophids that I chose 

to include, may help resolve these polytomies in future studies using parsimony. These 

issues, however, were not found in the Bayesian analysis, suggesting future study into 

various factors influencing the systematic approaches may also lead to improved resolution 

in a parsimony analysis. 

In terms of braincase evolution, previous, qualitative interpretations of braincase 

transformations in the lissamphibian lineage led to the hypothesis that a series of secondary 

losses characterized the origin of the form of the lissamphibian braincase (de Beer, 1937; 
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Romer and Edinger, 1942; Clack and Milner, 2009; Maddin, 2015). This evolutionary 

pattern, in addition to the presumed complete absence of a supraoccipital in the 

temnospondyl lineage that was generally accepted at the time but has since been revised 

with new data (e.g., Brusatte et al., 2015; Schoch, 2018), was suggested to be consistent 

with an amphibamid temnospondyl origin of Lissamphibia (Maddin, 2015). However, the 

braincase loss characters were never actually added to a matrix, and thus, their distribution 

had not been rigorously tested in an analysis of all of the characters. The quantitative 

analyses performed here has, for the first time, demonstrated that the lissamphibian 

braincase is the product of a stepwise sequence of losses and reductions, confirming it is 

not the ancestral condition for tetrapods and is indeed secondarily derived in its reduced 

state (de Beer, 1937; Romer and Edinger, 1942; Clack and Holmes, 1988; Maddin, 2015). 

I propose the following stepwise sequence of loss events in the origin of the form 

of the lissamphibian braincase. Occurring in the anterior portion of the braincase is the 

transformation of the sphenethmoid from a large, single median element with a U or Y 

cross-sectional shape to a paired, smaller element in lissamphibians (Figure 1.3). Prior to 

becoming U- or Y-shaped in cross-sectional view, the sphenethmoid of early-diverging 

temnospondyls (e.g., Edops, Eryops) is a large, tube-shaped element (Romer and Witter, 

1942; Schoch and Milner, 2014). In Eryops the sphenethmoid is fused with the 

basisphenoid and, together with the lateral sphenoids, is robust, surrounding the entire 

midbrain and anterior brain regions and enclosing cranial nerve II (optic nerve) and 

possibly other nerves (e.g., cranial nerves III and IV; Dempster, 1935). The dissorophoid 

sphenethmoid is less robust, less well-ossified posteriorly, and open dorsally yielding a U- 

(e.g., Doleserpeton [Sigurdson and Bolt, 2010], Acheloma [Polley and Reisz, 2011]) or Y-
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cross-sectional shape (e.g., Rubeostratilia [Bourget and Anderson, 2013]) (Figure 2.4, 

Node A). The sphenethmoid of all members of Lissamphibia is reduced to a pair of small 

bones that lack a ventral floor adjoining left and right sides. Even in caecilians and 

Eocaecilia, where what is termed the sphenethmoid has a median component in the anterior 

region (e.g., the unpaired mesethmoid and basiethmoid), the posterior portion that is 

homologous with the sphenethmoid of other taxa (i.e., the orbitosphenoid portion) is a 

paired element that lacks an ossified ventral floor (Wake and Hanken, 1982; Müller, 2006; 

Maddin, 2011; Maddin et al., 2012b). In frogs and salamanders, the element is so reduced 

that only the small elements in the interorbital region remain (Maddin, 2011). The optic 

nerve is rarely enclosed within the reduced lissamphibian sphenethmoid. The analysis 

performed here reveals the absence of an ossified ventral floor is a loss that occurs at the 

base of Lissamphibia (Figure 2.4, Node D). It further appears as though the cartilaginous 

precursor of the ventral portion of the sphenethmoid is also lost in lissamphibians (de Beer, 

1937; Rose, 2003). This latter feature would be difficult to evaluate in fossil taxa, and so 

the distinction between sphenethmoid ventral cartilage present but not ossified, and 

cartilage totally absent could not be made here in the character definitions. 

In several cases, on top of the losses reconstructed in my analyses, additional 

reductions in the size and extent of the basioccipital and basisphenoid ossifications also 

occur. These details would be impossible to determine with certainty in the fossil record, 

and so were not included in the official characters as discrete states, but are instead 

described here. The first is the reduction of the basioccipital from an ossified element to an 

absent element at the base of the amphibamiform clade (Figure 2.4, Node B). 

Temnospondyls have generally been noted to have a reduced basioccipital that fails to 
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contribute to the occipital condyle in many lineages; however, the degree of ossification is 

variable. For example, Edops, a basal temnospondyl, has a large, heavily ossified 

basioccipital that participates in the occipital condyle (Romer and Witter, 1942; Schoch 

and Milner, 2014). Schoch (1999) noted that the basioccipital is reduced from a large 

element in taxa such as Eryops, to a smaller element in dissorophoids (Figure 2.4, Node 

A), where the basioccipital makes minimal contributions to the occipital condyles and is 

reduced in the posterior braincase region. Both basal Amphibamiformes taxa Micropholis 

(Schoch and Rubidge, 2005) and Pasawioops (Fröbisch and Reisz, 2008) have been 

described as possessing a cartilaginous basioccipital, and Doleserpeton (Sigurden and Bolt, 

2010) is described as having a basioccipital that is impossible to distinguish from the 

exoccipitals. In Doleserpeton this is perhaps indicative of the complete absence of the 

basioccipital bone and cartilage. Schoch (2018) coded Tersomius, Micropholis, Eoscopus, 

Amphibamus, and Doleserpeton as lacking a basioccipital, noting this includes loss of the 

basioccipital cartilage. Additionally, adult branchiosaurids (Schoch, 2018) lack a 

basioccipital bone. However, the character state may be more variable for extant 

lissamphibians because although many sources note the absence of an ossified 

basioccipital, and its cartilaginous precursor (Duellman and Trueb, 1994; Schoch and 

Milner, 2004; Schoch, 2018), some older descriptions indicate a cartilage referred to as a 

basioccipital in some frogs and less often in salamanders ([Parker, 1876] and sources 

synthesized within [Rose, 2003]). Most recent descriptions do not mention a basioccipital 

as contributing to the chrondrocranium nor the ossified braincase in lissamphibians (e.g., 

Bonebrake and Brandon, 1971; Carroll and Holmes, 1980; Trueb and Hanken, 1992; Lukas 

and Olsson, 2018). Clearly this region of the skull requires further investigation to 
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determine the homology of the structure termed basioccipital by some authors and 

determine with certainty if this element is completely lost (including cartilage precursor) 

in extant lissamphibians. In the meantime, based on more recent assessments of its 

presence/absence (e.g., Lukas and Olsson, 2018), the ancestral character state 

reconstructions unanimously placed the complete loss of the basioccipital at the base of 

Amphibamiformes. 

Next is a reduction of the basisphenoid. The basisphenoid typically forms the 

osseous walls and support to the hypophyseal region of the brain (i.e., sella turcica; de 

Beer, 1937; Romer, 1962). The basisphenoid also undergoes a reduction from an extensive 

element in Eryops to a smaller element in the dissorophoid Kamacops (Figure 2.4, Node 

A) and then to a rudimentary ossified element in the amphibamid Tersomius (Figure 2.4, 

Node B) (Schoch, 1999). Branchiosaurids have a cartilaginous basisphenoid (Boy, 1972; 

Boy and Sues, 2000), whereas lissamphibians have been described as lacking the 

basisphenoid, including its cartilaginous precursor (Duellman and Trueb, 1994; Müller, 

2006). Data concerning the basisphenoid are unfortunately not available for other higher 

Amphibamiformes, Georgenthalia and Gerobatrachus. My analysis suggests this loss took 

place at the base of Lissamphibia (Figure 2.4, Node D). However, the reduction of the 

basisphenoid may have been more gradual before its eventual loss. This is difficult to 

characterize in the amphibamiform lineage, as it is an internal structure often not visible in 

many taxa but the data on presence/absence and morphology when present may improve 

as more CT datasets become available. 

Finally, the loss of foramina for the hypoglossal nerve (n. XII) in the exoccipitals 

also occurs at (e.g., in the likelihood result on the parsimony and Bayesian trees) or close 
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to (e.g., in the parsimony result on the parsimony tree) the base of Lissamphibia (Figure 

2.4, Node D). The ambiguous location obtained in the parsimony-based reconstruction on 

the parsimony tree is likely the result of missing data in the matrix. Neither Georgenthalia 

nor Gerobatrachus can be scored for this character, and thus create the possibility that they 

too lack n.XII foramina. It may in fact be the case, however, that these taxa do possess 

n.XII foramina, which would yield a result consistent with the likelihood analyses 

performed on both the parsimony and Bayesian trees. I am inclined to advocate for this 

latter interpretation given the support from two out of three of the analyses and that all 

dissorophoids (except for lissamphibians), and all tetrapods examined thus far, possess 

foramina for n.XII. The loss of n.XII foramina is consistent with the trend of braincase 

reduction, as it suggests a reduction may have occurred in the number of occipital somites 

that would have enclosed n.XII within the braincase, as in amniotes (Maddin, 2015; 

Maddin et al., 2020). The presence of n.XII foramina in all non-lissamphibian 

dissorophoids is interpreted as corresponding to the presence of an amniote-like number of 

occipital somites contributing to the braincase (e.g., four or more [Augier, 1931; de Beer, 

1937; Maddin et al., 2020]). The absence of foramina for n.XII in lissamphibians, where 

n.XII exits posterior to the braincase due to the lack of incorporation of the somites 

associated with it (e.g., anteriormost three or fewer [Augier, 1931; de Beer, 1937; Piekarski 

and Olsson, 2007; 2014]), appears to be a trait unique to lissamphibians in this analysis. 

However, this remains to be confirmed when Georgenthalia and Gerobatrachus can be 

confidently scored for this character, at which time the loss would remain a derived event 

that simply took place a little earlier in the evolution of lissamphibians. 



42 
 

The reduction of all of these elements in temnospondyls and in dissorophoids has 

been used as support of a temnospondyl ancestry for lissamphibians, as lepospondyls do 

not show the same reductions in the braincase during their evolution (Schoch and Milner, 

2004; Maddin et al., 2012a; Maddin, 2015). Many lepospondyls do share a number of 

losses with lissamphibians, however, these tend to be components of the dermal skull 

(Marjanović and Laurin, 2015), which tend to experience higher rates of homoplasy than 

the braincase. Of further importance is the result that each of the loss events identified here 

currently appear to be unique to the lissamphibian lineage and have occurred in the 

braincase, a region known to have a stronger phylogenetic signal than other regions of the 

skull or postcranium (e.g., Cardini and Elton, 2008; Goswami and Polly, 2010; Maddin et 

al., 2012b; Brazeau and de Winter, 2015; Maddin, 2015). I admit that the loss of non-

braincase skull bones is something that happens commonly over the course of tetrapod 

evolution. For example, in addition to the losses discussed here, all lissamphibians or 

members within Lissamphibia have lost numerous skull and lower jaw bones additional to 

those described in the current analysis, including the jugals, supratemporals, 

intertemporals, postfrontals, postorbitals, postparietals, tabulars, coronoids, splenials, and 

surangulars, among others (e.g., Boy and Sues, 2000; Benton, 2014; Schoch, 2014a). These 

widespread losses often resemble losses in other tetrapod lineages but have happened in a 

convergent context. This context is especially relevant when similar processes, such as 

certain heterochronic processes or body size reduction, also happen convergently and bring 

along with them their correlated morphological outcomes. This is particularly important 

here because 1) the origin of the lissamphibian form has been tied to heterochronic 

processes that bear predictable outcomes (i.e., paedomorphosis) and 2) controversy 
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surrounding their origins has been complicated by a lack of knowledge regarding which of 

these predictable features are homologous versus homoplastic. 

The patterns of reduction and ultimately morphological and compositional 

simplification noted here as characterizing the origin of the lissamphibian braincase is not 

limited to this part of the body. There are numerous examples of additional reduction and 

losses of the dermal elements contributing to the skull as well as the dentition leading to 

lissamphibians (Boy and Sues, 2000; Benton, 2014; Schoch, 2014a). For example, the loss 

of dentition on the basal plate of the parasphenoid, and the fangs on the palatal elements 

(e.g., vomer, palatine, and ectopterygoid) are all lost at various stages within 

Amphibamiformes leading to lissamphibians. The driving forces behind the unique pattern 

of braincase reduction in lissamphibians, in spite of the resilience of this region to 

morphological change, are ultimately unknown and my research represents an important 

first step in understanding the unique lissamphibian body plan. Importantly, my analysis 

contributes a piece to the broader story of simplification in the origin of lissamphibian form 

in general. 

2.5: Conclusions 

The analysis performed herein demonstrates that the reduced condition of the 

lissamphibian braincase is a derived state compared to its closest temnospondyl relatives. 

My broadly sampled phylogenetic analysis reveals the stepwise sequence of three loss 

events and one element reduction as part of the evolutionary transformation leading to the 

origin of the form of the lissamphibian braincase. Furthermore, the significant steps in the 

sequence, as well as the sequence of braincase reduction itself appears to be unique to 

lissamphibians, consistent with an amphibamiform temnospondyl origin. While previous 
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research in early tetrapods (e.g., stereospondyls) has indicated that the degree of braincase 

ossification has little phylogenetic significance (Clack and Holmes, 1988; Schoch, 2002), 

in more recent years and in many lineages (e.g., lissamphibians, acanthodians, and 

mammals), the braincase has revealed itself to be an important tool for phylogeneticists, as 

it is strongly influenced by early developmental constraints and appears to be less 

influenced by external factors than other skull components (e.g., the craniofacial skeleton) 

(Cardini and Elton, 2008; Goswami and Polly, 2010; Maddin et al., 2012b; Brazeau and 

de Winter, 2015; Maddin, 2015). My research shows that the braincase is indeed a useful 

tool for at least the temnospondyl lineage leading to lissamphibians. The ancestral character 

state reconstructions reveal for the first time within an empirical context that the 

lissamphibian braincase and occipital morphology are secondarily derived, as suggested 

by previous fossil workers (e.g., de Beer, 1937; Romer and Edinger, 1942; Clack and 

Milner, 2009). Therefore, the ancestral occipital morphology for Tetrapoda is that of a 

more heavily ossified braincase with more elements, similar to what is observed in extant 

amniotes. For the overarching theme of this thesis, I have focused on character 

transformations that may shed light on the developmental condition of the braincase, 

specifically that of the occiput, and thus the location of the skull–neck boundary. 

Unfortunately, a clearer picture of the correspondence between occipital bone 

presence/absence and numbers of occipital somites is lacking at this time. However, 

elucidating the correspondence between occipital bone presence/absence and numbers of 

somites that contribute to the occiput in lissamphibians is in part the goal of Chapter 3.  

  



45 
 

Chapter 3: Normal skull development in two amphibian model 
organisms, Ambystoma mexicanum (salamander) and Xenopus 
laevis (frog) 
 
 
3.1: Introduction 

 In Chapter 2, I tested the hypothesis that the lissamphibian braincase morphology, 

specifically at the occiput, was secondarily derived in its relatively reduced state in 

comparison with that of amniotes. The phylogenetic analyses and the ancestral state 

reconstructions I performed supported the hypothesis that the reduced lissamphibian 

braincase is secondarily derived. However, the overall reduction of braincase bones in the 

lineage leading to lissamphibians over deep evolutionary time is only part of a complex 

story of skull and skull–neck boundary evolution, of which many aspects still require 

clarification. For example, the relationship between occipital bone presence/absence and 

the number of occipital somites present is currently not well understood in extant 

lissamphibians. 

 The elements that comprise the occiput, along with elements that comprise the 

vertebral column, are derived from paraxial mesodermal structures called somites (Hall, 

2005; Olsson et al., 2005; Gomez and Pourquié, 2009; Gilbert, 2010). Somitogenesis, the 

developmental process where somites form from the paraxial mesoderm along the anterior–

posterior axis, is the earliest, physical sign of segmentation in a developing embryo 

(Dequéant and Pourquié, 2008). During somitogenesis, somites rhythmically form within 

the presomitic paraxial mesoderm at regular intervals (e.g., every 30 minutes in zebrafish 

[Schröter et al., 2008], every 120 minutes in mice [Tam, 1981]). At the end of 

somitogenesis, the embryo exhibits the products of segmentation – i.e., the somites (Figure 
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1.1). The number of somites present in a vertebrate along the anterior–posterior axis is 

highly lineage, and even species, specific, and ranges from small numbers of somites (e.g., 

fifteen in frogs by the time they reach the tail bud stages of development [Richardson et 

al., 1998]) to large numbers of somites (e.g., several hundred in snakes [Gomez et al., 

2008]). 

In addition to segmenting the embryo along the anterior–posterior axis, somites also 

determine the migration pathways of the neural crest and guide the development of spinal 

nerves, making them incredibly important developmental structures to a variety of 

anatomical systems (Keynes and Stern, 1984; Kalcheim, 2011; Kuratani et al., 2018). 

Following somitogenesis, the somites further differentiate into dermatome, myotome and 

sclerotome (Aoyama and Asamoto, 1988; Gomez and Pourquié, 2009; Fleming et al., 

2015). The dermatome and myotome go on to differentiate into dermis and skeletal 

muscles, respectively, whereas the sclerotome differentiates into cartilage and then bone 

(Dockter, 2000; Gomez and Pourquié, 2009; Fleming et al., 2015). Following segmentation 

into dermatome, myotome, and sclerotome, somites then undergo another round of 

segmentation in the process known as resegmentation (Remak, 1855). During 

resegmentation, the sclerotomal portions of the somites are segmented into anterior and 

posterior halves, which then subsequently recombine to form skeletal structures that are 

offset from the myotome-derived muscles by half a segment.  Motor axons that go on to 

form nerves are associated with the anterior half of somites (Keynes and Stern, 1984; 

Dockter, 2000).  

The anterior, or occipital somites, are associated with various soft tissues within the 

head and the skeletal tissues of the occipital arch. For example, the myotomal portions of 
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the occipital somites go on to form the hypobranchial muscles (i.e., the muscles of the 

tongue). In chicken, the myotomes of occipital somites two through five (plus a portion of 

the first trunk myotome, somite six) contribute to these muscles (i.e., the glossal and 

infrahyoid muscles [Hazelton, 1970; Couly et al., 1993; Huang et al., 1999]). In 

Ambystoma mexicanum, only the myotomes of the three occipital somites contribute to the 

hypobranchial muscles (i.e., m. geniohyoideus and m. rectus cervicis [Piekarski and 

Olsson, 2007]). In terms of the occipital arch, the sclerotomal portions of the occipital 

somites contribute to the structures that make up the occipital arch and have been the 

subject of study in the context of skull evolution for a long time. However, even at present 

there has been a failure to come to a consensus on how many somites contribute to the 

occipital arch, and thus the skull, even when studying the same species. For example, three 

(Hunter, 1935) or four (Chiarugi, 1890) somites may contribute to the occipital arch in 

rabbits. This discrepancy in the literature is likely the result of several different factors, 

including differing definitions of what consists of a somite (e.g., Butcher, 1929; Kuratani 

et al., 1999), short developmental time periods studied that fail to account for the transient 

nature of somites where anterior somites have differentiated and disappeared while 

posterior somites are still forming (e.g., Elliot, 1907; Dawes, 1930), or because at various 

stages during development anterior somites may still be present but covered by other 

structures, such as the migrating neural crest (e.g., Piekarski, 2009). More recent long term, 

fate mapping techniques have come to a consensus for chicken, a commonly studied model 

organism for amniotes, confirming that the first five somites contribute to the occiput in 

chicken (e.g., Couly et al., 1993; Huang et al., 2000). In A. mexicanum, three somites have 

been confirmed to contribute to the occiput (e.g., Piekarski and Olsson, 2007; 2014). 
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Similar fate mapping studies have not been conducted in frogs, and the present study aims 

to fill this gap. For both A. mexicanum and Xenopus laevis, two widely used lissamphibian 

model organisms, it is necessary to conduct long term fate mapping of proposed occipital 

somites in order to allow more meaningful comparisons of skull–neck boundary evolution 

(and its consequences) to be made across Tetrapoda.  

Further complicating our understanding of occipital development and thus 

evolution is the scarcity of complete developmental descriptions of the skull in the 

literature for the relatively understudied amphibians. Both A. mexicanum and X. laevis are 

widely used model organisms with long and diverse histories in genetics, development, 

and, especially for A. mexicanum, regenerative biology (e.g., Maden et al., 1983; Gardiner 

et al., 1995; Yang et al., 1999; Kragl et al., 2009; Harland and Grainger, 2011; Godwin et 

al., 2013; Piekarski et al., 2014). However, in recent years, both organisms have become 

important models in more diverse studies that focus more broadly on skull development 

(e.g., Sefton et al., 2015; Charbonneau et al., 2016; Maddin et al., 2016; Lukas and Olsson, 

2018; Sader et al., 2018); yet, both organisms lack a formal, staging table that documents 

the timing and variation of events in the development of the skull.  

Early development in A. mexicanum (i.e., from fertilization to hatching and prior to 

forelimb bud formation) has been described extensively (e.g., Armstrong and Malacinski, 

1989; Bordzilovskaya et al., 1989; Schreckenberg and Jacobson, 1975); however, the only 

staging table that describes post-hatching development (i.e., the stages that record the vast 

majority of events in skull development) pertains to stages defined by events in limb 

development (Nye et al., 2003). While the Nye et al. (2003) staging table is a valuable 

resource for A. mexicanum researchers, the role of A. mexicanum in research is ever 
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expanding beyond its historic use in limb regeneration studies (e.g., Charbonneau et al., 

2016; Maddin et al., 2016; Sader et al., 2018; Sefton et al., 2015), and as such, researchers 

studying the cranial anatomy of  A. mexicanum are currently unable to quickly and 

accurately assign stages to material consisting of skulls only or are lacking the means to 

assign a stage to specimens that are either artifactually or pathologically missing limbs. 

Description of skull development in A. mexicanum complementing current stages based on 

limbs would solve these and other limitations presented by current staging tables.  

 For X. laevis, the current most widely used staging table is that of Nieuwkoop and 

Faber (1994), which focuses almost exclusively on external features. Subsequent 

researchers have attempted to augment the Nieuwkoop and Faber (1994) staging table 

using the developing chondrocranium, dermatocranium, or muscles (e.g., Trueb and 

Hanken, 1992; Ziermann and Olsson, 2007; Zahn et al., 2017; Lukas and Olsson, 2018). 

While these efforts also provide valuable information, they either do not provide 

photographs or illustrations of every stage for the duration of development, which is an 

important feature of staging tables, or they present developmental data within a discrete 

staging system, which cannot be easily integrated into the widely used staging table of 

Nieuwkoop and Faber (1994). To be able to compare normal development to perturbed 

development in future studies (i.e., those in Chapter 4), it is necessary to re-examine 

chondrification and ossification patterns of normal skull development in X. laevis for each 

stage of Nieuwkoop and Faber (1994) and in A. mexicanum for each stage of Nye et al. 

(2003), while also noting instances of developmental variation, which is additionally 

poorly documented in these species. 
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Further to the problems noted above, the cranial nerves associated with the skull–

neck boundary, specifically the hypoglossal nerve complex, have not been well described 

in A. mexicanum nor in X. laevis in how they relate to cartilaginous or ossified structures 

along the anterior–posterior axis. The hypoglossal nerve innervates the tongue and 

associated throat musculature as well as the muscles of the hyobranchial apparatus (Strong, 

1895; Barnard, 1940; Roth et al., 1984). While the hypoglossal nerve is considered the last, 

or most posteriorly located, cranial nerve in amniotes, in amphibians the nerve that 

innervates the tongue and associated structures is typically referred to as the first spinal 

nerve (and sometimes as the first two or three spinal nerves), despite its morphological 

resemblance to the hypoglossal nerve in amniotes and that it innervates the same structures 

(Barnard, 1940; Maddin et al., 2020). In amniotes, nerves associated with the occipital 

somites have ventral motor roots but lack dorsal sensory roots. This morphology is also 

true of the first, and sometimes second, spinal nerves in amphibians even though they are 

not associated with the occipital somites (Fürbringer, 1897; Barnard, 1940; Edwards, 

1976). A recent review by Maddin et al. (2020) found that while the number of somites 

contributing to the occiput varies, due to reasons already outlined above, when one aligns 

the somites associated with the hypoglossal nerve complex, the variation in location of the 

skull–neck boundary is actually reduced. Under this scheme, three conditions are 

revealed:  an amniote condition, a condition present in salamanders and caecilians, and a 

condition present in frogs (Maddin et al., 2020). To further understand the information the 

hypoglossal nerve can provide to the story of skull–neck boundary evolution, a closer look 

at this nerve’s association with the skull is required.  
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The morphology of the hypoglossal nerve as it relates to the chondrocranium, and 

ossified elements is well documented in amniotes. In amniotes, the roots of the hypoglossal 

nerve exits the skull via a variable number of foramina present on the lateral or ventral 

surface of the exoccipital (Figure 1.4; Kuratani et al., 1988; Higashiyama et al., 2016; 

Hüppi et al., 2019; Sakamoto, 2019). In amphibians, it has been suggested that at least the 

first spinal nerve, and possibly contributions from the second and/or second and third spinal 

nerves, is homologous to the hypoglossal nerve of amniotes (e.g., Platt, 1897; Elliot, 1907; 

Norris, 1908; Norris, 1913; Barnard, 1940; Herrick, 1948; Wake and Lawson, 1973; 

Stuesse et al., 1983; Roth et al., 1984; Wake, 1992; Naumann and Olsson, 2018). In 

salamanders, the first, and possibly the second, spinal nerve contributes to the hypoglossal 

nerve in plethodontids and Necturus and it extends laterally from the spinal cord just 

anterior to the first vertebral element (Figure 1.4; Platt, 1897; Wake and Lawson, 1973; 

Roth et al., 1984). In Ambystoma tigrinum, Amphiuma, and Siren lacertina the first spinal 

nerve that contributes to the hypoglossal is associated with the second, third, and fourth 

myotomes and the roots exits the spinal cord together via a foramen on the first vertebral 

element (Figure 1.4; Norris, 1908; Norris, 1913; Herrick, 1948; Edwards, 1976). In frogs, 

the first, second, and possibly third spinal nerves contribute to the hypoglossal nerve 

complex in X. laevis (Naumann and Olsson, 2018), whereas in Rana the second spinal 

nerve contributes to the hypoglossal where it extends laterally from the spinal cord in the 

space between the first and second vertebral elements (Figure 1.4; Elliot, 1907; Barnard, 

1940; Stuesse et al., 1983). In caecilians, the first through third spinal nerves variably 

contribute to the hypoglossal and its roots exit the spinal cord together via a foramen in the 

first vertebral element (Epicrionops, Uraeotyphlus) or pass between the second and third 
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vertebral elements (Ichthyophis, Scolecomorphus), indicating variability in caecilians 

(Wake, 1992). This variability noted in caecilians, which is greater than that found in other 

amphibians and in amniotes, is likely the result of their limbless body plans and simple 

tongue morphologies when compared to other amphibians (Wake, 1992). However, as with 

the position of the skull–neck boundary, lineage specific patterns emerge for the position 

of where the hypoglossal nerve exits the spinal cord in amphibians: the salamander 

morphology where the hypoglossal nerve passes laterally either via a foramen in the atlas 

or anterior to the atlas, the frog morphology where it passes laterally between the first and 

second vertebral elements, and the caecilian morphology, which is variable. The frog and 

salamander hypoglossal nerve morphology, along with the well documented amniote 

morphology, are summarized in Figure 1.4. Unfortunately, without more descriptive 

studies of skull anatomy and the associated cranial nerves in lissamphibians, these 

proposed patterns are not certain. In the present study, I aim to describe the skull anatomy 

as it relates to the hypoglossal nerve complex in two lissamphibian model organisms, A. 

mexicanum and X. laevis.  

Here, there are three goals to accomplish using the amphibian model organisms A. 

mexicanum and X. laevis: 1) describe the early development of the skull, specifically the 

occipital region, in terms of somitic contributions, 2) describe the later stages of skull 

development noting the timing of appearance of key occipital structures, augmenting 

already published staging tables based on external or limb morphology, and 3) describe the 

hypoglossal nerve morphology in the occipital region as it relates to the skull and vertebral 

elements at the skull–neck boundary. These baseline, normal developmental data, 

including intraspecific variation in the timing of when elements appear and their 
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morphological variation within each stage, will be invaluable for future studies that focus 

on perturbed development, such as my study outlined in Chapter 4. Without a baseline 

developmental series and baseline morphology for structures such as the hypoglossal nerve 

complex for these lissamphibian model organisms, it would be impossible for future studies 

to determine if their results fall within normal developmental variation or the extent to 

which development has been perturbed.  

3.2: Methods 

3.2.1: Animal care and breeding 

Ambystoma mexicanum 

Adult A. mexicanum breeding pairs are maintained as part of the breeding colony 

in the Maddin Lab at Carleton University, Ottawa, Canada (original source: Ambystoma 

Stock Center, Lexington, KY). All A. mexicanum are housed and cared for in accordance 

with the Canadian Council on Animal Care approved animal use protocol (AUP #102951). 

Clutches of A. mexicanum embryos were obtained from natural breeding events between 

male and female leucistic mature adults. Embryos were dejellied (i.e., the protective 

membranes surrounding the embryo were removed) manually using forceps after neural 

tube closure and kept in agar-lined Petri dishes filled with autoclaved 40% Holtfreter’s 

solution in an incubator at 18°C. At approximately stage 45 (Bordzilovskaya et al., 1989) 

larvae were transferred to containers containing 20% Holtfreter’s solution and maintained 

at 18°C on a 12-hour day and 12-hour night light cycle. Once able to feed, hatched larvae 

were fed a diet of larval brine shrimp once daily. Embryos were staged according to 

Bordzilovskaya et al. (1989) and larvae were staged according to Nye et al. (2003). 
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Xenopus laevis 

         Adult X. laevis breeding pairs are maintained as part of the breeding colony in the 

Maddin Lab at Carleton University, Ottawa Canada (original source: Marine Biology 

Laboratories, Woods Hole, MA). All X. laevis are housed and cared for in accordance with 

the Canadian Council on Animal Care and Carleton University’s Animal Care Committee 

approved animal use protocol (AUP #102952). In order to induce spawning, female X. 

laevis were initially injected with 50 IU (international units) of human chorionic 

gonadotropin (HCG; Sigma C1063). After 48 hours, the female was injected again with 

500 IU of HCG. At the time of the female’s second injection, a male was injected with 50 

IU of HCG. Both frogs were then placed together in a nuptial tank with artificial plants and 

tubing. The next morning, embryos were collected and chemically dejellied using a 2% 

solution of buffered L-Cysteine free base (Fisher Scientific BP376100). X. laevis embryos 

were stored in agar-lined Petri dishes filled with autoclaved 10% Holtfreter’s solution. At 

approximately stage 46 (Nieuwkoop and Faber, 1994), tadpoles were transferred to small 

tanks filled with 20% Holtfreter’s solution. Once able to feed, tadpoles were fed a diet of 

Tropical Pro Defence Hi-Protein food for fry once daily. Embryos and tadpoles were staged 

according to Nieuwkoop and Faber (1994). 

3.2.2: Somite cell-lineage tracing 
 
         Previous research in A. mexicanum showed that somite one is too small and 

irregularly shaped for accurate injection (Piekarski, 2009). In X. laevis, the first somite is 

also much smaller and irregularly shaped than subsequent somites (Youn and Malacinski, 

1981). Somite one may also eventually merge with somite two, making it difficult to 

confidently track derivatives of a potential somite one (Piekarski, 2009). Fortunately, 
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somites three and two are the somites reported to contain the skull–neck boundary in 

salamanders and frogs, respectively (de Beer, 1937; Piekarski, 2009), and both are clearly 

identifiable somites in both species. As such, somites two and three for A. mexicanum and 

somite two for X. laevis were the focus of the cell-lineage tracing experiments performed 

here.  

To trace the fate of somites, A. mexicanum embryos were selected between stages 

20 and 25 (Bordzilovskaya et al., 1989; see Appendix D for specimen numbers) and X. 

laevis embryos were selected between stages 17 and 24 (Nieuwkoop and Faber, 1994; see 

Appendix D for specimen numbers), which correspond to stages with clearly visible 

somites. Interestingly, previous cell-lineage tracing work found that the pronephros is a 

reliable landmark for identifying and counting somites in A. mexicanum (Piekarski, 2009). 

Using the pronephros as a landmark eliminated the risk of miscounting somites depending 

on whether or not a transient first somite was present and because at some developmental 

stages somite one and part of somite two are covered by the second branchial neural crest 

stream (Piekarski, 2009). Without a landmark, the first, completely visible somite at some 

stages is actually somite three. In A. mexicanum, the anterior limit of the pronephros is 

located at the border between somite three and four (Figure 3.1A, B; Piekarski, 2009). The 

pronephros was also found to be a consistent landmark in X. laevis, with its anterior limit 

being located at the border between somite two and three (Figure 3.1C, D).  
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Figure 3.1. Examples of embryos used for somite lineage tracing experiments. A) A whole 
stage 25 A. mexicanum embryo. B) A stage 28 A. mexicanum embryo with the ectoderm 
removed. C) A whole stage 26 X. laevis embryo. D) A stage 23 X. laevis embryo with the 
ectoderm removed. The anterior limit of the pronephros (pr) is located at the border 
between somite three (S3) and somite four (S4) in A. mexicanum and between somite two 
(S2) and somite three (S3) in X. laevis. The neural tube (nt) is the dorsal most structure. 
Scale bars equal 100 µM.  
 
         Both A. mexicanum and X. laevis embryos were injected with Fluorescein-labeled 

dextran (25 mg/ml, 10,000 molecular weight, Thermo Fisher Scientific D34679) using a 

micromanipulator and an Eppendorf FemtoJet 4x autoinjector connected to pressurized air 

set to 150 seconds and 300 psi. Embryos were injected in the left side in the central part of 

one somite in order to avoid labelling other tissues. Immediately after injection, and at 24-

hours and 48-hours post-injection, accuracy was checked using a Zeiss SteREO 

Discovery.V8 stereo microscope with a DSRed filter. In photographs, fluorescence was 

artificially coloured red in the Zeiss Zen software. Only those embryos that had strong 

fluorescence in one somite were considered for further analysis. After 48-hours, embryos 

were checked and photographed once a week. Embryos were allowed to develop under 
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normal conditions post-injection, until the A. mexicanum embryos reached stages 47 to 56 

(Nye et al., 2003) and the X. laevis embryos reached stage 58 (Nieuwkoop and Faber, 

1994). These corresponded to stages when skeletal structures, specifically occipital and 

vertebral elements, were present. See Appendix D for specimen numbers of surviving 

embryos for this dataset.  

 An unpublished dataset (courtesy of Maddin and Piekarski) of A. mexicanum 

specimens had GFP (green fluorescent protein)-positive somites grafted for long term fate 

mapping. Two clutches were obtained for this dataset that were the result of a cross between 

a leucistic individual and a ubiquitous GFP-positive transgenic individual of A. mexicanum. 

Surgeries were performed on embryos between stages 21 and 27 (Bordzilovskaya et al., 

1989). GFP-negative and GFP-positive embryos were first stage matched. The epidermis 

on the left side of both embryos was cut ventrally and peeled up, dorsally. The somite of 

interest was first removed from the host (GFP-negative) embryo. Next, the corresponding 

somite from the donor (GFP-positive) embryo was removed and it was placed in the host 

embryo. The epidermis was pulled back into place over the somites and held in place by a 

small piece of cover slip glass. Within an hour, host embryos had healed from the transplant 

surgery and were photographed for accuracy. Twenty-four- and 48-hours post-surgery, 

accuracy was followed up by checking and photographing using a fluorescence stereo 

microscope. Embryos were then allowed to develop under normal conditions.  

Once specimens reached the desired stage (i.e., when occipital skeletal structures 

of interest were present based on the bone and cartilage whole-mount stained data), they 

were anesthetized by adding a few drops of 4% MS-222 (ethyl 3-aminobenzoate 

methanesulfonate [Sigma-Aldrich E10521]) to their container. Once vital signs 
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disappeared the specimens were then fixed in 4% paraformaldehyde overnight at 4°C. 

Following fixation, specimens were dehydrated through a methanol in phosphate buffered 

solution (PBS) series (one hour in each: 25% methanol in PBS, 50%, and 75%) and stored 

in 100% methanol at -20°C. Specimens were later embedded in optimal cutting temperature 

(OCT) compound (Fisher Healthcare 23730571) by rehydrating the specimens through a 

methanol in PBS series (one hour in each: 75% methanol in PBS, 50% methanol, 25% 

methanol, 100% PBS). Specimens were then moved to a 15% sucrose in PBS solution and 

left overnight at 4°C, then placed in a 30% sucrose in PBS solution and left overnight at 

4°C. Specimens were then left overnight for a third time in a 1:1 solution of 30% sucrose 

in PBS and OCT compound. The next day, specimens were mounted in an embedding mold 

filled with OCT compound and quickly frozen using a dry ice in 100% ethanol bath and 

then stored at -80°C to preserve fluorescence.  

Embedded specimens were sectioned using a HM525 NX cryostat (Thermo 

Scientific) set to -20°C. Slices were 10 microns thick and resulting slides were stored at -

80°C to preserve fluorescence. Sections were checked for fluorescence using a Zeiss Axio 

Imager.M2 microscope using the DSRed filter and photographed using a monochrome 

camera attachment. Fluorescence was artificially coloured green (somite grafted 

experiments) or red (somite injection experiments) in the Zeiss Zen software.  

3.2.3: Bone and cartilage staining 

In order to visualize normal cartilage and bone development, a developmental 

series of A. mexicanum specimens (see Appendix D for specimen numbers for the staging 

series) and X. laevis specimens (see Appendix E for specimen numbers for the staging 

series) that were previously fixed in 10% NBF and stored in 70% ethanol were placed in 
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an Alcian blue (8GX, Acros Organics A3157) solution (20 mL acetic acid, 75 mL of 95% 

ethanol, 0.1 g alcian blue) for one to six hours, depending on the size of the specimen. 

Following this, specimens were moved through a hydration series (approximately one hour 

in each: 70%, 50%, 30% ethanol diluted in distilled water) before they were transferred 

into a trypsin solution (30% saturated borate, 1% trypsin) and incubated at 37°C until their 

tissues were soft and approximately clear. Specimens were then transferred through a series 

of 1% potassium hydroxide (KOH) plus glycerol solutions (approximately one hour to one 

day in each: 3:1, 1:1, and 1:3 KOH to glycerol) for further clearing and were finally stored 

in 100% glycerol. 

To visualize bone development, a developmental series of specimens were placed 

into a 1% Alizarin red S (Sigma-Aldrich A5533) in a 1% KOH for one hour. The bone 

staining step is not size dependent. After bone staining, specimens were moved into a 30% 

saturated borate solution with 1% trypsin, and incubated at 37°C, until soft tissues were 

almost completely clear. For storage and to finish clearing, the specimens were transferred 

through a series of 1% KOH plus glycerol solutions (approximately one hour to one day in 

each: 3:1, 1:1, and 1:3 KOH to glycerol) and stored in 100% glycerol. 

3.2.4: Nerve staining 

 To visualize nerves as they relate to skeletal structures, the regressive nerve staining 

protocol outlined by Northcutt et al., (2000) was followed for both A. mexicanum and X. 

laevis specimens. Specimens were first bleached in a 10% hydrogen peroxide solution for 

one to two days, then washed in distilled water for two to three hours. Specimens were then 

macerated in a 3% trypsin (A. mexicanum) or 1% trypsin (X. laevis) in a 30% saturated 

borate solution until the tissues were clear and nerves were visible. To stain the nerves, 
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specimens were then put in a 0.5% KOH solution for ten minutes, 70% ethanol solution 

for ten minutes, then in a saturated and filtered 0.5% Sudan Black B (Sigma-Aldrich 

199664) dissolved in 70% ethanol solution for 30 minutes. To clear the excess Sudan Black 

B, specimens were washed in several 70% ethanol solutions until the nerves and tissues 

could be differentiated. Then, specimens were placed in a 0.5% KOH solution overnight. 

For long term storage, specimens were transferred through a series of 1% KOH plus 

glycerol solutions (approximately one hour in each: 3:1, 1:1, and 1:3 KOH to glycerol) and 

stored in 100% glycerol. 

3.3: Results 
 
3.3.1: Somitic contributions to the occipital arch 
 
Ambystoma mexicanum 

 Somite transplant experiments in A. mexicanum confirmed that, in terms of soft 

tissue contributions, somite two contributes to the m. geniohyoideus and a portion of the 

m. rectus cervicis (Figure 3.2A, green-labelled structure), while somite three contributes to 

the m. rectus cervicis and additionally to the first hypaxial muscle (Figure 3.2B, green-

labelled structures). Transplanting somite four confirmed that this somite contributes to the 

hypaxial and epaxial trunk musculature (Figure 3.2C, green-labelled structures), and not to 

musculature within the head.  

To determine the somitic contribution to the chondrocranium, results are available 

from both somite injection and somite grafting experiments. Injecting somite two in A. 

mexicanum resulted in the labeling of the anterior portion of the occipital arch, whereas 

labeling was absent in the posterior portion of the occipital arch and in the axial skeleton 

(Figure 3.2D, red-labelled cells).  
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GFP-positive somite transplant experiments that were also sectioned revealed that 

somite three contributes to the posteriormost portion of the occipital arch and the anterior 

portion of the atlas, the first vertebral element in A. mexicanum (Figure 3.2E, green-labelled 

cells). This corresponds to the articulation between the occipital arch and the atlas, the 

articulatio occipitalis (Figure 3.2E, green-labelled cells). Strong labelling was also present 

dorsally in the first two myotomes (Figure 3.2E, green-labelled structures). The sections 

also confirmed with the whole-mount specimens that the third somite contributes to the 

ventrally located m. rectus cervicis and the first hypaxial muscle (Figure 3.2E, green-

labelled structures).  
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Figure 3.2. A summary of somites that contribute to the muscles, chondrocranium and 
anteriormost vertebral structures in A. mexicanum specimens. A) Ventral view of an A. 
mexicanum specimen with a GFP-positive somite two transplant showing its contribution 
to the m. geniohyoideus and a portion of the m. rectus cervicis. B) Ventral view of an A. 
mexicanum specimen with somite three transplanted showing its contribution to the m. 
rectus cervicis and the first hypaxial trunk muscle. C) Lateral view of an A. mexicanum 
specimen with somite four transplanted showing its contribution to the first hypaxial trunk 
muscle and the epaxial muscle. D) The occipital arch in an A. mexicanum specimen that 
had somite two injected with Fluorescein-labeled dextran showing positive cell labelling 
in the anterior portion of the occipital arch. E) The occipital arch and first two vertebral 
elements in an A. mexicanum specimen with a GFP-positive somite three transplant 
showing strong label in two myotomes, the rectus cervicis and the first hypaxial trunk 
muscle. Weaker label is present in the posterior half of the occipital arch and the anterior 
half of the first vertebral element (the atlas). Scale bars equal 50 μm. Abbreviations: ep, 
epaxial trunk musculature; gh, m. geniohyoideus; hy, hypaxial trunk musculature; oa, 
occipital arch; oc, otic capsule; my, myomere; rc, m. rectus cervicis; v1, first vertebral 
element; v2, second vertebral element.  
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Xenopus laevis  

Whole-mount images taken to confirm presence of labelling in X. laevis post 

injection reveals that injecting somite two results in labelling that appears to span the head–

trunk interface (Figure 3.3A, red label). Unfortunately, all the specimens that had somite 

two injected lost their label before they could be sectioned. A specimen where both somites 

two and three were labelled together survived and was sectioned. In the whole-mount view, 

labelling can be seen in the same region as in the whole-mount image of the somite two 

injected specimen (Figure 3.3A, B, red label). Additional labelling was observed in the 

jugal foramen after sectioning (likely in the vagus nerve; Figure 3.3D, E, red label). 

Unfortunately, there was no label present in muscles nor in the skeletal tissues (Figure 

3.3D, red label).  
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Figure 3.3. A summary of somites hypothesized to contribute to the muscles and occiput 
in X. laevis. A) Lateral view of a X. laevis specimen with somite two injected showing label 
spanning the approximate area of the skull–neck boundary. B) Lateral view of a X. laevis 
specimen with somites two and three injected showing label both spanning the skull–neck 
boundary and in the axial skeleton. C) A section of the occipital region from specimen in 
B to orientate where the label is occurring in E. D) A section that spans the skull–neck 
boundary in B to orientate where the label is occurring in F. E) Labelled occipital arch and 
postcranium elements in an X. laevis specimen that had somites two and three injected. F) 
Labelled postcranium elements in an X. laevis specimen that had somites two and three 
injected. Scale bars equal 200 μm in C and D and 50 μm in E and F. Abbreviations: cb, 
ceratobranchials; jf, jugular foramen; oa, occipital arch; oc, otic capsule; pc, parachordal 
cartilage; sp, suprarostral plate. 
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3.3.2: Ambystoma mexicanum normal development of the skull: A complementary 
staging table  
 
 For consistency, the stages below are descriptions of the skull at developmental 

stages already described externally by Nye et al. (2003). I use the same stage numbers in 

order to easily integrate events in the development of the skull with this widely used staging 

table. Descriptions of specimens begin at stage 44, which is the first stage described in Nye 

et al. (2003) and one stage before hatching (Bordzilovskaya et al., 1989). By stage 44, all 

early forming, cartilaginous elements of the skull are present, and the element of most 

interest for this study, the occipital arch, is consistently present for the first time. The 

morphology of the cartilaginous elements of the skull does not differ between most stages 

of development described here, and thus only some figures are illustrated here (i.e., stages 

45, 47, 49, 56). Ossifications, on the other hand, are described and figured for every stage 

of Nye et al. (2003). Studied specimens are numbered and listed in Appendix E. 

Stages 44 and 45  

At stages 44 and 45, a well-developed chondrocranium is already present in the 

specimens observed (Figure 3.4A, B). The hyobranchial apparatus, which is important for 

feeding and respiration, is also present by these stages. 

The hyobranchial apparatus is present along the midline of the skull (Figure 3.4A, 

B). The first basibranchial element is the anteriormost midline element, positioned at 

approximately the same level, but medial to the eyes, while the second is positioned 

immediately posterior to the first (Figure 3.4A, B). The basibranchial elements have several 

other cartilaginous elements that they articulate with, all of which extend laterally and 

posteriorly away from the basibranchial elements. First, in the anteriormost position on 
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either side of the first basibranchial element is the hypohyale (medial, articulates with the 

first basibranchial) and ceratohyal (lateral, articulates with the hypohyale) elements (Figure 

3.4A, B). Posterior to the hypohyale, the hypobranchial element also articulates with the 

basibranchial elements. The first hypobranchial is associated with the first ceratobranchial 

element, while the second, third, and fourth ceratobranchial elements are associated with 

the second hypobranchial (Figure 3.4A, B).  

In addition to the hyobranchial apparatus, several other cartilaginous elements are 

present dorsal to the hypobranchial apparatus. Along the midline of the skull and positioned 

medially to the eyes but lateral to the basibranchial elements are the paired trabecular 

cartilages (Figure 3.4A, B). They are large rod-shaped elements that are the most anterior 

reaching elements in the chondrocranium as they extend past the anterior extent of the eyes. 

Posteriorly, the trabecular elements have a wider base that reside on either side of the 

medially located notochord and articulate with the triangular quadrate cartilage laterally 

(Figure 3.4A, B). Immediately posterior to the trabecular cartilages are the paired 

parachordal cartilages. The parachordal cartilages also reside on either side of the 

notochord (Figure 3.4A, B). Lateral to the parachordal cartilage are the otic capsules, which 

also articulate with the posterior portion of the palatoquadrate cartilage (Figure 3.4A, B). 

The otic capsules are positioned dorsally to the ceratobranchial elements of the 

hyobranchial apparatus. Posterior to the otic capsule is the occipital arch (Figure 3.4A, B). 

At stages 44 and 45, these elements are virtually indistinguishable in shape from the paired 

neural arches in the anterior region of the vertebral column; however, they are slightly 

smaller than the neural arches.  
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In the lower jaw, the two halves of Meckel’s cartilage meet at the midline of the 

skull. Meckel’s cartilage curves posterolaterally. Posteriorly, it meets the quadrate cartilage 

at a level that is slightly posterior to the posteriormost extent of the eyes (Figure 3.4A, B). 

No ossifications are evident at stage 44 (Figure 3.5A–C). A couple of tooth crowns 

are faintly stained in the future coronoid region in at least one specimen at stage 45 (Figure 

3.5A–C). In another one of the larger specimens, approaching stage 46, a faintly ossified 

coronoid bone was observed on the medial surface on both sides of the lower jaw (specimen 

not figured). 

Stage 46 

The first ossified components of the skull are consistently present by stage 46. Here, 

four paired elements are present: vomers, palatines, coronoids, and dentaries (Figure 3.5D–

F). The tiny vomer occurs in the anterior portion of the future palate, anterior to the eyes. 

It is a small, circular element with at least one tooth crown present (Figure 3.5D–F). 

Posterior to the vomer is the first sign of the palatine. It is a small, similarly-sized, circular 

element (Figure 3.5D–F). In one specimen, only the palatine appears, suggesting the 

palatines appear before the vomers (specimen not figured). On the dorsomedial portion of 

Meckel's cartilage, lateral to the level of vomer and palatine, the coronoid is present as a 

thin ossification (Figure 3.5D–F). In one specimen, the dentary is present as a very small 

and thin ossification on the anterior margin of Meckel's cartilage. Left and right dentaries 

are separated from one another medially by a substantial gap (the presumptive symphysis). 

In the axial skeleton, the paired neural arches have become more robust than those 

in stages 44 and 45 and more elements have continued to develop moving posteriorly along 
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the anterior–posterior axis. The cartilaginous precursor to the shoulder girdle is 

consistently present between the first and second paired neural arches (data not shown).  

Stage 47 

By stage 47, another cartilaginous element is consistently present in the anterior 

region of the head, between the trabecular cartilage elements (Figure 3.4C, D). This 

element is the internasal plate. At this stage, the internasal plate is a faint, narrow, U-shaped 

element (Figure 3.4C, D). In the posterior region of the head, the parachordal cartilage has 

extended posteriorly on either side of the notochord, resulting in a distinctive median notch 

in the element (Figure 3.4C, D). The occipital arch is more robust and has grown in an 

anterior direction towards the otic capsules (Figure 3.4C, D).  

The ossified vomers and palatines are still roughly the same size as one another, 

and each bear about four to five teeth (Figure 3.5G–I). In one specimen, the parasphenoid 

has started to ossify (specimen not figured). It is represented by a faint patch of stained 

bone in the midline region just anterior to the otic capsules (Figure 3.5G–I). 

All specimens at stage 47 now have consistently present dentaries in the lower jaw. 

The dentary is present as a thin sliver of bone on the anterior margin of Meckel's cartilage 

(Figure 3.5G–I). The gap between the dentaries (the future symphysis) is wide, as in the 

one specimen, at stage 46, with dentaries present. The dentary is slightly bowed with 

minimal ossification progressing posterolaterally onto the lateral surface of the lower jaw 

(Figure Figure 3.5G–I). There is no overlap with the coronoid at this stage (Figure 3.5G–

I). At least one specimen has two to three teeth in the dentary. The coronoid ossification is 

growing, and it now fills the space between the end of the dentary and the anterior margin 

of the eye. There are five to seven teeth in each coronoid. 
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In the axial skeleton, the vertebral elements have started to ossify in the same order 

in which they formed, ossifying in the anterior region first and continuing in a posterior 

direction (data not shown).  

Stage 48 

The premaxilla has appeared as a thin strip of bone at the anterior margin of the 

skull (Figure 3.5J–L). A weakly-developed point on its dorsal margin represents the future 

alary process in one specimen. There are no teeth on the premaxilla at this stage. The vomer 

and palatine have increased in size slightly. The vomer now appears more oval-shaped than 

the circular palatine (Figure 3.5J–L). The parasphenoid is now present consistently as a 

midline patch of triangular- to diamond- shaped bone, just anterior to the otic capsules 

(Figure 3.5J–L). In one specimen, the parasphenoid has developed a small patch of 

ossification extending posteriorly between the otic capsules. 

In the lower jaw, the dentary is increasing in anteroposterior extent. It now curves 

onto the lateral surface and occupies approximately one-third of the length of Meckel's 

cartilage (Figure 3.5J–L). At its posterior extent, it is now over-lapping half of the coronoid 

laterally. There are teeth in the anterior portion of the dentary of one specimen. Posterior 

and medial to the dentary, the coronoid is getting larger. It now bears at least seven teeth 

and appears as a more oval-shaped bone. 

Stage 49  

By stage 49, the internasal plate of the chondrocranium has developed into a robust 

element in the anterior region of the head (Figure 3.4E, F). It is a thick U-shaped element. 

In the posterior region of the head, the parachordal cartilage is variable in length at this 

stage. In some specimens, it continues to extend in a posterior direction, and now extends 
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past the posterior limit of the otic capsules to join with the occipital arch (Figure 3.4E, F). 

In other specimens, it has not yet reached the occipital arch.  

The premaxilla now has a definitive T-shape, owing to the thin, dorsally directed 

alary process (Figure 3.5M–O). The alary process is still relatively short, extending to 

about the level of the anterior portion of the vomer. In one specimen, the frontals are present 

as thin slivers of bone, just medial to the eyes. The squamosal is now present as a thin sliver 

of ossification in the posterodorsal portion of the future element (Figure 3.5M–O). The 

vomer and palatine are overall similar to those of stage 48. The vomer is slightly larger and 

more elongate or bean-shaped than in earlier stages. The pterygoid is now present as a thin 

process extending posteriolaterally from the palatine, ventral to the eyes. No suture can be 

seen between the palatine and pterygoid, and so together form the compound 

palatopterygoid element. The parasphenoid is now an extensive, rectangular-shaped 

element with a consistently present triangular-shaped posterior portion between the otic 

capsules (Figure 3.5M–O). In smaller specimens, the parasphenoid terminates anteriorly at 

the level of the palatine portion of the palatopterygoid; however, in one specimen, it 

extends a bit further anteriorly to reach the level of the gap between the vomer and palatine 

(data not shown). At the level of the anterior margin of the otic capsule, the lateral margins 

of the parasphenoid are incised by the carotid foramina. 

In the lower jaw, the dentaries now closely approach one another at the midline 

symphysis. There are also teeth present in the dentaries for the anterior half of its length. 

Additionally, the dentary has grown posteriorly to occupy two-thirds of the length of 

Meckel's cartilage (Figure 3.5M–O). The prearticular has begun ossifying on the 

medioventral surface of Meckel's cartilage (Figure 3.5M–O). This element has been 
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described as a fusion of the prearticular and angular in Ambystoma texanum (Bonebrake 

and Brandon, 1971); however, separate ossifications indicating a fusion were not observed 

here in the A. mexicanum specimens. The dentary overlaps the prearcticular ossification 

for about three quarters of the length of the latter (Figure 3.5M–O). The coronoid is slightly 

larger with up to ten teeth. 

Stage 50 

 The parachordal cartilage now consistently articulates with the occipital arch in the 

posterior region of the head. In terms of ossified elements, the premaxilla is now a strong 

T-shape with a tall, thin alary process terminating closer to the anterior to the level of the 

eye than that in stage 49 (Figure 3.6A–C). The alary process is now longer than the ventral 

tooth bearing portion, which is wide, the latter of which now has five to six teeth present 

(Figure 3.6A–C). The frontal is present in four out of six specimens. When present, it is a 

thin sliver of bone representing the lateral margin of the element (Figure 3.6A–C). 

Anteroposteriorly, the frontal ossifications span the space between where the alary process 

of the premaxilla terminates and the midpoint of the eye. The squamosal now extends more 

ventrally as a thin strip of bone that approaches the jaw articulation and is beginning to 

widen dorsally (Figure 3.6A–C). 

On the palate, the vomers and palatines are slightly larger than in stage 49. The 

pterygoid is now much longer, reaching the level of just posterior to the eye (Figure 3.6A–

C, under the right eye). The parasphenoid now consistently extends anteriorly to the level 

of the gap between the vomer and palatine. The posterior expansion of the parasphenoid, 

located dorsal to the indentations for the carotid foramina, is now slightly larger and more 
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posteriorly expanded. There is a deep incision in the posterior portion of the parasphenoid 

that receives the notochord (Figure 3.6A–C). 

In the lower jaw, the dentary is longer than in stage 49. The prearticular is also now 

more extensive, where its anterior extent reaches the level of the dentition in the dentary 

and its posterior extent approaches the terminus of Meckel's cartilage (Figure 3.6A–C). 

The prearticular is also becoming a wider element posteriorly, giving it a slight wedge 

shape. The coronoid is slightly larger as well, where it now extends posteriorly beyond the 

level of the anterior edge of the eye. There are upwards of twelve teeth on the coronoid. 

Stage 51 

All specimens at this stage have frontals (Figure 3.6E). Although the anterior limit 

of the frontal remains roughly the same as that observed in stage 50, the posterior limit of 

the frontal now extends to the level of the posterior one-third of the eye. In the most 

advanced specimens, the frontal has started to ossify medially toward the midline, where 

the two elements will eventually meet. Additionally, ossification of the squamosal is 

expanding anteriorly in its dorsal portion, giving the anterior margin of this element a 

pointed outline and generally triangular appearance in this region (Figure 3.6D–F). 

The pterygoid portion of the palatopterygoid is now a more robust element than 

that observed in stage 50, although the amount of ossification in this posterior process 

differs between specimens. The vomer is slightly more oval, where its anterior margin is 

growing anteromedially (Figure 3.6D–F). The palatine appears the same as in stage 50. In 

three specimens, the parasphenoid has extended anteriorly and now terminates at a level 

between the vomers (Figure 3.6D–F). 
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The dentary now terminates almost at the level of the termination of the prearticular 

(Figure 3.6D–F). The prearticular has increased in ossification and appears more robust, 

especially at its posterior end. The coronoid is also slightly bigger, as it has increased in 

size along its anterior–posterior axis. 

Stage 52 

Stage 52 is variable with respect to ossification in the skull; however, it is consistent 

in that the cartilaginous exoccipitals have reached the posterior margin of the otic capsules. 

Two of the four specimens observed appear identical to specimens described in stage 51, 

whereas one of the four specimens has a larger frontal and the squamosal has more 

extensive anterior growth in the dorsal region. The fourth specimen is slightly more 

advanced yet. There, the alary process of the premaxilla is longer again and is now 

overlapping the frontal for half of the length of the latter. The frontal has also extended 

posteriorly and now reaches the posterior margin of the eye (Figure 3.6G–I). The parietal 

has begun ossification at its lateral margin in this advanced specimen. The thin strip of 

bone representing the parietal extends from the level of the midpoint of the eye to almost 

the midpoint of the otic capsule. 

On the palate, the vomer is similar in shape and size to that in stage 51. The palatine 

portion of the palatopterygoid is now slightly more oval-shaped than before. The pterygoid 

is wider than it was in stage 51. The parasphenoid now consistently terminates at the level 

in between the vomers. 

The elements of the lower jaw appear similar in degree of ossification to those in 

stage 51. 
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Stage 53 

The premaxilla is similar in appearance to that in stage 52 (Figure 3.6G–I). The 

frontal is now more extensive, reaching the level of the posterior limit of the eye and with 

more ossification medially. The maxilla is variably present as a thin strip of bone on either 

one side of the skull only or on both sides. When present, it is a small, narrow element that 

occurs posterolateral to the lateral most extent of the premaxilla, in the space between the 

premaxilla and eye. By stage 53, the parietals are consistently present as ossifications in 

their lateral margins in all specimens (Figure 3.6J–L). They span the space from the 

midpoint of the eye to the anterior portion of the otic capsule, slightly overlapping the 

frontals laterally. In three specimens, the dorsal portion of the squamosal is more triangular 

in shape than in earlier stages, as it expands ossification anteriorly over the lateral surface 

of the otic capsule. In one specimen, a tiny sliver of bone on the anterior margin of the 

ventral tip of the squamosal represents the first signs of quadrate ossification. 

On the palate, the posterior process of the palatopterygoid continues to ossify 

posteriorly and has now reached beyond the level as the posterior terminus of the lower 

jaw (Figure 3.6J–L). It is also much more robust now, posteriorly. The parasphenoid 

extends anteriorly to occupy much of the space between the vomers (Figure 3.6J–L). 

Posteriorly, ossification of the parasphenoid reaches the posterior half of the otic capsules. 

It is still deeply incised by the notochord. 

The elements of the lower jaw are much more robust than in stage 52. The dentary 

now overlaps most of the prearticular and tapers rapidly to a blunter posterior terminus 

than before. The prearticular is also more robust with a deeper posterior terminus at the 

jaw articulation. 
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Stage 54 

The maxilla is now consistently present on both sides of the skull and has between 

one and four teeth (Figure 3.7A–C). Both the frontal and the parietal have expanded 

ossification medially, resulting in wider elements than observed in earlier stages (Figure 

3.7A–C). The parietal has grown anteriorly to extensively underlap the posterior portion of 

the frontal to the level just anterior to the midpoint of the eye. There is still a modest gap 

between paired right and left frontals and parietals. The squamosal continues to expand 

into a broad sheet of bone covering the lateral surface of the otic capsule with ossification 

more extensive than that observed in stage 53 (Figure 3.7A–C). The squamosal is also 

much broader anteroposteriorly than previously. Both quadrates are consistently present at 

this stage (Figure 3.7A–C). The element is still represented by a tiny sliver of bone on the 

anterior margin of the ventral most tip of the squamosal. In the occipital region, the 

exoccipital has begun ossifying (Figure 3.7A–C). It appears as a thin ossification covering 

the lateral surface of the cartilage of the occipital condyle. 

The vomer has become even more elongated elements on the palate. The 

palatopterygoid now consistently extends posteriorly beyond the limit of the eye and the 

posterior portion is wider than that observed in previous stages (Figure 3.7A–C). The 

lateral margins of the anterior portion of the parasphenoid have grown to a level close to 

the anterior extent of the vomers (Figure 3.7A–C). Posteriorly, the parasphenoid is slightly 

more extensive than that in stage 53. 

In the lower jaw, the coronoid appears to be more elongated and the prearticular is 

becoming more distinctly wedge-shaped as it grows in height at its posterior end. 
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Stage 55 

The frontal now tapers to a fine point anteriorly, laterally overlapping the alary 

process of the premaxilla (Figure 3.7D–F). The maxilla has grown slightly in length and 

consistently has three or more teeth. The frontal and parietal are more extensive medially 

but still do not meet at the midline (Figure 3.7D–F). The squamosal is no longer triangular 

in shape in its dorsal region owing to expanded ossification of the entire element (Figure 

3.7D–F). The exoccipital is more extensive and has now ossified medially to encircle the 

entire occipital condyle cartilage with bone (Figure 3.7D–F). 

On the palatal surface, the palatine portion of the palatopterygoid is now more 

diamond-shaped in outline. The pterygoid portion of the palatopterygoid has continued to 

extend posteriorly, and in two specimens, it extends slightly beyond the posterior limit of 

the prearticular. The posterior portion of the parasphenoid, which is positioned between 

the otic capsules, is now more rectangular in shape than the diamond-like shape observed 

in previous stages (Figure 3.7D–F). The entire element is also now more robust overall, 

and in most specimens, completely encloses the carotid foramina. 

In the lower jaw, the prearticular is a stronger wedge-shape, with a greater 

posterodorsal expansion and it is pierced by a tiny foramen posterodorsally. 

Stage 56 

 By stage 56, the cartilaginous internasal plate has fully formed, still with a 

distinctive notch in the anterior region, but also with notches in the lateral margins for the 

olfactory organs (Figure 3.4G, H). Posteriorly, the parachordal plates have merged along 

the midline of the head at a level that is approximately in the middle of the otic capsules 

(Figure 3.4G, H). 
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Stages 55 and 56 are very similar in terms of their ossifications. Some elements 

appear less porous than before, suggesting more extensive ossification. The quadrate is 

slightly larger with a taller dorsoventral extent. The posterior limit of the parasphenoid has 

also expanded (Figure 3.7G–I). In the lower jaw, the coronoid is now positioned in a trough 

that is in the dorsal margin of the prearticular. 

Stage 57 

By stage 57, the frontal and parietal elements have almost met along the midline of 

the skull (Figure 3.7J–L).  The frontal elements are more closely converging at the 

posterior portion of the element, whereas the parietals are converging from their midpoint 

moving posteriorly. The parietal also has a medial extension that extends posteriorly and a 

lateral process that is approaching the posterior portion of the squamosal (Figure 3.7J–L). 

The bone on the dorsal portion of the squamosal is less porous than in previous stages, 

indicating further ossification. On the ventral surface of the parasphenoid, the posterior 

portion is notched. 

In the largest stage 57 specimen, the prefrontal is present (Figure 3.7J–L). It is 

represented by a tiny dot of ossification at this stage. 
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Figure 3.4. Stages 45, 47, 49, and 56, A. mexicanum cartilaginous skull. From left to right, 
each row consists of a photograph and an illustration in the ventral view. A–B, stage 45; 
C–D, stage 47; E–F, stage 49; and G–H, stage 56. The hyobranchial apparatus is shown in 
light grey while other cartilaginous elements are shown in white. Scale bars equal 1 mm. 
Abbreviations: bb, basibranchial; cb, ceratobranchial; ch, ceratohyal; hb, hypobranchial; 
hh, hypohyale; inp, internasal plate; mc, Meckel’s cartilage; na, neural arches of the 
vertebral elements; oa, occipital arch; oc, otic capsule; pc, parachordal cartilage; pq, 
palatoquadrate cartilage; tr, trabecular cartilage. 
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Figure 3.5. Stages 45 to 49, A. mexicanum ossified skull. From left to right, each row 
consists of a photograph in dorsal and ventral view, and an illustration in dorsal view. A–
C, stage 45; D–F, stage 46; G–I, stage 47; J–L, stage 48; and M–O, stage 49. Scale bars 
equal 1 mm. Abbreviations: c, coronoid; cf, carotid foramen; d, dentary; nc, notochord; 
pm, premaxilla; p, palatine; pr, prearticular; ps, parasphenoid; s, squamosal; v, vomer.  
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Figure 3.6. Stages 50 to 53, A. mexicanum ossified skull. From left to right, each row 
consists of a photograph in dorsal and ventral view, and an illustration in dorsal view. A–
C, stage 50; D–F, stage 51; G–I, stage 52; and J–L, stage 53. Scale bars equal 1 mm. 
Abbreviations: c, coronoid; cf, carotid foramen; d, dentary; f, frontal; nc, notochord; pa, 
parietal; pm, premaxilla; pp, palatopterygoid; pr, prearticular; ps, parasphenoid; q, 
quadrate; s, squamosal; v, vomer. 
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Figure 3.7. Stages 54 to 57, A. mexicanum ossified skull. From left to right, each row 
consists of a photograph in dorsal and ventral view, and an illustration in dorsal view. A–
C, stage 54; D–F, stage 55; G–I stage 56; and J–L, stage 57. Scale bars equal 1 mm. 
Abbreviations: c, coronoid; d, dentary; ex, exoccipital; f, frontal; mx, maxilla; nc, 
notochord; pa, parietal; pf, prefrontal; pm, premaxilla; pp, palatopterygoid; pr, prearticular; 
ps, parasphenoid; q, quadrate; s, squamosal; v, vomer. 
 
 



82 
 

3.3.3: Xenopus laevis normal skull development: A complementary staging table  

 For consistency, the stages below are descriptions of the skull development at 

stages already established based on primarily external features by Nieuwkoop and Faber 

(1994). I use the same stage numbers in order to easily integrate the skull development 

observed here with the most popular and widely used staging table for X. laevis. 

Description of specimens begins at stage 41. This is the first stage when all of the 

cartilaginous components of the cranium are present (i.e., first appearance of the final 

structure to chondrify, the occipital arch [Lukas and Olsson, 2018]). At stage 54, 

ossification begins and, thus, from stage 54 onward, each stage is described based on the 

state and morphology of the ossifications only. Studied specimens are numbered and listed 

in Appendix F. 

Stages 41 and 42 

 Stage 41 and 42 specimens are very similar in degree of development of the 

chondrocranium and so are described here together. At these stages, the suprarostral plate 

is the dominant anterodorsal feature of the chondrocranium (Figure 3.8A–C). In pipid 

species, like X. laevis, the suprarostral plate is one large, unpaired structure that is 

composed of the trabecular cartilages, the ethmoid plate (also called the anterior process of 

the ethmoid plate by some authors [e.g., de Sá and Swart, 1999]) and the suprarostral 

cartilage (e.g., Trueb and Hanken, 1992; de Sá and Swart, 1999; Lukas and Olsson, 2017). 

Therefore, while other cartilages like the palatoquadrate, the subocular, and the parachordal 

cartilages initially form as discrete structures and later merge with the suprarostral plate, 

the trabecular, ethmoid, and suprarostral cartilages do not start their development as 

separate elements in X. laevis (Lukas and Olsson, 2017).  
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The anteriormost margin of the suprarostral plate is incised deeply by what will 

later become the nasal foramina. Along the lateral margins of the anterior portion of the 

suprarostral plate is the larval pars articularis of the palatoquadrate, which articulates with 

Meckel’s cartilage (Figure 3.8A–C). Two pairs of processes extend posteriorly from the 

suprarostral plate (Figure 3.8A–C). The lateral pair are the subocular cartilages, and 

slightly posterior and lateral to the subocular cartilages is a separate pair of cartilaginous 

elements (Figure 3.8A–C). These elements are the ascending processes of the 

palatoquadrate. The medial pair of posterior extensions are the trabecular cartilages, which 

are continuous posteriorly with the parachordal cartilages (Figure 3.8A–C) and between 

them is a large fenestra that is open posteriorly. This is the basicranial fenestra. The 

trabecular plus parachordal cartilage processes extend to a level that is either anterior to or 

between the otic capsules (Figure 3.8A–C). The otic capsule is not attached to other 

cartilaginous elements at this early stage of development (Figure 3.8A–C). The 

posteriormost element of the chondrocranium at these stages is the occipital arch. Here the 

occipital arch appears as a pair of ovoid bodies of cartilage located posterior to the posterior 

tip of the parachordals (Figure 3.8A–C). 

 The ventral view of the skull is dominated by the large hyobranchial apparatus; 

however, just anterior to the hyobranchial apparatus are the three elements of the lower jaw 

(Figure 3.8A–C). The infrarostral cartilage has started chondrification and is faintly present 

at the midline (Figure 3.8A–C). It is the anteriormost element. Meckel’s cartilage occurs 

lateral to the infrarostral cartilage. Meckel’s cartilage curves laterally and posteriorly, 

where it meets the palatoquadrate (Figure 3.8A–C). With respect to the hyobranchial 

apparatus, the anteriormost elements are the paired ceratohyals (Figure 3.8A–C). The 
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ceratohyal is a broad plate that curves posterolaterally. The medial portion of the ceratohyal 

also curves posteriorly and towards the ventral surface (Figure 3.8A–C). Between the 

ceratohyals is the basihyobranchial. This teardrop shaped element sits posterior to the 

ceratohyals (Figure 3.8A–C). The branchial basket occurs posterior to the ceratohyals and 

basihyobranchial and consists of the planum hypobranchiale and the four ceratobranchials 

(Figure 3.8A–C). From anterior–posterior, within the branchial basket, is the planum 

hypobranchiale, which is a broad plate, and the first through fourth ceratobranchials 

(Figure 3.8A–C). Along the distal and posterior edge of the branchial basket is the 

commissura terminalis, which connects all four ceratobranchial elements distally. Between 

each ceratobranchial element are the open pharyngeal clefts.  

Stages 43 and 44  

Specimens at stages 43 and 44 are also described together here, as the degree of 

development of the chondrocranium is largely indistinguishable between specimens at 

these stages. In the anterior and lateral portion of the suprarostral plate, the incisions for 

the nasal foramina have become partially closed anteriorly by extensions of the suprarostral 

plate, giving them the appearance of deepening (Figure 3.8D–F). On the posterior margin 

of the suprarostral plate, the subocular cartilage has now merged with the ascending 

process of the palatoquadrate (Figure 3.8D–F). This process of the palatoquadrate is also 

now longer and more robust. This is the first stage where the subocular fenestra may appear 

complete but is variable among the specimens examined here (e.g., the subocular fenestra 

is complete on both sides of the chondrocranium in two specimens, is complete on one side 

only in three specimens, and has not yet closed on either side in two specimens). When 
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present, the subocular fenestra occurs between the subocular cartilage and the trabecular 

cartilage (Figure 3.8D–F). 

Posteriorly, the two parachordal elements have met along the midline in two 

specimens, thereby completing the basicranial fenestra (Figure 3.8D–F). Posterior to the 

basicranial fenestra, the parachordal cartilages remain separated from one another, on 

either side of the notochord (Figure 3.8D–F). The parachordal cartilage has now merged 

with the occipital arch in three of the seven specimens examined, creating a long process 

that extends to just posterior to the otic capsule (Figure 3.8D–F). The otic capsule is more 

robust at stages 43 and 44 than the previous stages, and now has grown closer to the lateral 

edge of the parachordal cartilage (Figure 3.8D–F).  

 In the lower jaw, the infrarostral cartilage has made contact with Meckel’s cartilage 

on each side. Meckel’s cartilage is also now more elongate and curved posterolaterally 

(Figure 3.8D–F).  

On the ventral surface, the ceratohyal has developed a more prominent, posteriorly 

directed point at its lateral limit, but otherwise the hyobranchial apparatus appears 

relatively similar to that of the previous stage (Figure 3.8D–F).  

Stages 45 and 46 

  By stages 45 and 46, all of the various cartilaginous elements on the dorsal surface 

are now connected to one another in every specimen, including the otic capsule, which was 

previously separated from the other cartilaginous elements of the chondrocranium (Figure 

3.8). In the anterior region of the dorsal surface, the nasal foramina are complete in all 

specimens by stage 45. The foramina are bordered anteriorly, medially and posteriorly by 

the suprarostral plate and laterally by the quadratoethmoidal, an extension of the 
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palatoquadrate pars articularis (Figure 3.8G–I). The quadratoethmoidal and the anterior 

projection of the suprarostral plate meet anteriorly to form the base of the tentacular 

cartilage. In some specimens at these stages, the tentacular cartilage already has an anterior 

projection (e.g., Figure 3.8I). The ascending process of the palatoquadrate has once again 

changed shape, it has grown longer along its proximal to distal axis. In two specimens, the 

ventrolateral process of the palatoquadrate is present (Figure 3.8I). This process is attached 

to the distal end of the ascending process of the palatoquadrate. 

Along the midline of the skull in five out of ten specimens, the frontoparietal 

fontanelle is now defined. This fontanelle represents the space that will accommodate the 

future frontoparietal on the skull roof (Figure 3.8I, midline). It is bordered anteriorly by 

the suprarostral plate, and on either side by the trabecular cartilage.  The margins of the 

basicranial fenestra are now closed in all specimens examined, but the size of the fenestra 

varies among specimens. In three specimens there are paired carotid foramina on either 

side of the basicranial fenestra that accommodate the carotid arteries (Figure 3.8G–I [Lukas 

and Olsson, 2017]). Posterior to the basicranial fenestra, the each parachordal cartilage 

remains separated by the notochord. In every specimen, the parachordal and occipital arch 

have met and in one specimen the metotic fissure, a gap between the occipital arch and otic 

capsule, has closed to form the metotic foramen, also referred to as the exoccipital foramen 

(Figure 3.8I [Clack, 2002; Naumann and Olsson, 2017; Quinzio and Fabrezi, 2018]). This 

is the foramen that transmits cranial nerve X (Naumann and Olsson, 2017; Quinzio and 

Fabrezi, 2019). The otic capsule is now attached to the rest of the chondrocranium via the 

trabecular cartilage dorsally and the parachordal cartilage ventrally (Figure 3.8G–I).  
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 The elements of the lower jaw are more robust, but not significantly different in 

shape from the previous stages. The ceratohyal has become more robust and this paired 

element more closely approaches its mate at the midline. The basihyobranchial now sits in 

a groove between the two ceratohyals. In five of the ten specimens examined, the branchial 

basket has elongated along the anterior–posterior axis, and now is more oval in shape 

instead of being more circular (Figure 3.8G–I).  

Stages 47 and 48 

 At stages 47 and 48, the anterior portion of the suprarostral plate is overall similar 

in morphology to that of the previous stages (Figure 3.8J–L). By now, the ventrolateral 

process of the palatoquadrate is consistently present in all specimens (Figure 3.8J–L). The 

basicranial fenestra continues to be variable in size, but in most specimens, it has shrunk 

in size to around 250 µm long and 100 µm wide, situated between the trabecular cartilages 

and visible dorsally through the frontoparietal fontanelle (Figure 3.8J–L). The exoccipital 

foramen is consistently present in all specimens now (Figure 3.8J–L). Additionally, there 

is a small cartilaginous process coming off the posterolateral corner of the otic capsule. 

This is the muscular process of the otic capsule.  

The structures of the lower jaw and hyobranchial apparatus are similar in degree of 

development to those of the previous stages (Figure 3.8J–L).  

Stage 49 

 At stage 49, the tentacular cartilage is now consistently present as an anterolaterally 

projecting point at the apex of the quadratoethmoidal cartilage and the anterior projection 

of the suprarostral plate (Figure 3.9A–C). In the posterior region of the chondrocranium, 
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the occipital arch does not appear to protrude beyond the posterior margin of the otic 

capsule due to growth of the latter (Figure 3.9A–C).   

The only other morphological change that differentiates stage 49 from other stages 

is that in some specimens the basicranial fenestra has been completely infilled by cartilage. 

It is no longer present in three of the eight specimens examined (data not shown). 

Stages 50 and 51 

In the anterior region of the dorsal chondrocranium, the tentacular cartilage has 

grown into a tentacle structure, and it is now consistently present but remain short (1 mm 

or shorter in length; Figure 3.9D–F). In the middle of the chondrocranium, the basicranial 

fenestra has been completely infilled by cartilage in all specimens examined (Figure 3.9D–

F). The ventrolateral process of the palatoquadrate is much larger and more prominent than 

in previous stages, projecting both anteriorly and posteriorly at its distal end (Figure 3.9D–

F). In the otic capsule, the epiotic eminence is visible for the first time, as well as the larval 

crista parotica. The larval crista parotica is faint and does not appear in images as it is 

obscured by the otic capsule; however, when manually manipulating specimens, it can be 

seen located lateral and ventral to the otic capsule.  

Cartilaginous neural arches are present in the axial skeleton by stages 50 and 51 

(Figure 3.9D–F).  

Stages 52 and 53  

Stages 52 and 53 are the final stages where only the chondrocranium is present. In 

general, specimens at stages 52 and 53 are more elongated anteroposteriorly than those of 

previous stages, which had consistently more rounded heads (Figure 3.9G–I). The 

tentacular cartilage is now a long structure, consistently longer than 1 mm, which was the 
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maximum length observed at stages 50 and 51 (Figure 3.9G–I). The frontoparietal 

fontenelle, which was present in previous stages, now resembles the shape and size of the 

future frontoparietal bone. The ascending process of the palatoquadrate has thickened 

along the anteroposterior axis (Figure 3.9G–I). The protruding lower jaw is more strongly 

arched than that of previous stages, and the hyobranchial apparatus has expanded 

posteriorly, contributing to the more elongate shape of the head overall (Figure 3.9G–I). 

Stages 54 and 55 

At stages 54 and 55, the first ossifications appear in twelve of the nineteen 

specimens examined. For the rest of the stages, only ossified elements will be described as 

they provide a better basis for staging in these older developmental stages than the 

cartilages. In five of the nineteen specimens examined, only the parasphenoid is present, 

which makes it the first element to ossify in the skull (specimen not figured). In seven 

specimens, both the parasphenoid and the frontoparietal is present (Figure 3.10A–C). The 

frontoparietal has started to ossify on the dorsal surface, with one ossification centre 

occurring in each element representing its lateral portion (Figure 3.10A–C). Anteriorly, the 

frontoparietal terminates at approximately the same level as the parasphenoid and 

posteriorly it terminates anterior to the otic capsule (Figure 3.10A–C).  

On the palatal surface of the skull, the parasphenoid is present as a thin sliver of 

bone along the midline. Anteriorly, the parasphenoid terminates at a level equal to the 

midpoint of the eyes and posteriorly the parasphenoid terminates between the otic capsules 

(Figure 3.10A–C).  
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Stage 56 

 As in stages 54 and 55, the elements that are present in the skull are the 

frontoparietal and the parasphenoid. In one specimen, only the parasphenoid is present, 

whereas in all other specimens examined both the frontoparietal and parasphenoid are 

present. For most specimens observed, the frontoparietal appears the same as in previous 

stages. However, in two specimens, the frontoparietal has started to ossify towards the 

midline of the skull (specimen not figured). On the palatal surface of the skull, in all 

specimens observed, the parasphenoid has started to widen and lengthen (Figure 3.10D–

F). The parasphenoid now terminates posteriorly between the two prootic elements. In one 

specimen, the otic capsule has started to ossify in the ventromedial region of the structure 

(Figure 3.10D–F). The otic capsule is part of the prootic (Trueb and Haken, 1992). As the 

otic capsule portion of the prootic makes up a substantial portion of the prootic and the 

morphology of the otic capsule is an important morphological feature for some stages, the 

otic capsules are additionally labelled here (e.g., Figure 3.10D–F, pooc). There is no 

evidence of a discrete opisthotic ossification. In another specimen, ossification of the 

medial angulosplenial has just begun (this specimen not figured). 

 In the axial skeleton, ossified vertebral elements are present in all specimens 

(Figure 3.10D–F). This first appearance of ossification occurs in the anteriormost elements, 

as ossification proceeds in an anterior (early development) to posterior (later development) 

direction. 

Stage 57 

Specimens at stage 57 are variable in terms of the extent of ossification of various 

elements; however, it is less variable in terms of which elements have begun to ossify. All 
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stage 57 specimens have a parasphenoid, frontoparietal, ossifications in prootic (in the otic 

capsule portion), exoccipital, and the medial angulosplenial in the lower jaw (Figure 

3.10G–I). The frontoparietal fontanelle is visible at this stage as a grey outline along the 

midline of the skull (Figure 3.10G, H). The ossifications of the frontoparietal within the 

frontoparietal fontanelle indicate that the frontoparietal has not yet fully ossified anteriorly 

and posteriorly along the lateral extent (Figure 3.103G–I). However, in most specimens 

each frontoparietal has started to ossify medially towards its mate (Figure 3.10G–I). On 

the palatal surface, the parasphenoid now better resembles the stereotypical spear shape 

typical of X. laevis with a pointed anterior end and blunt posterior end (Figure 3.10G–I). 

The middle portion is now noticeably wider than the anterior and posterior portions (Figure 

3.10G–I).  

 In the posterior region of the skull, the level of ossification is variable among 

specimens at this stage. In the prootic, the otic capsule has begun to ossify in the medial 

region, forming a bony surface over the medial portion of the anterior and posterior 

semicircular canals dorsally and the medial portion of the floor of the otic capsule (Figure 

3.10G–I). The exoccipital has started to ossify within the occipital arch; they are visible 

dorsally and ventrally, just posterior to the otic capsules (Figure 3.10G–I). The exoccipital 

foramen is now surrounded by ossification and is visible on the ventral surface of the 

exoccipital. This foramen transmits the vagus nerve, cranial nerve X (Naumann and 

Olsson, 2017; Quinzio and Fabrezi, 2018).  

In the lower jaw, one element, the medial angulosplenial is present in all specimens 

examined. It is a thin line of ossification along the medial surface of Meckel’s cartilage 

(Figure 3.10G–I). 
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Stages 58 and 59  

The frontoparietal has almost ossified to its full anterior and posterior extents along 

the lateral edge of the element and continues to be variably ossified in its medial portion 

(Figure 3.10J–L). By stage 58, the anterior portion of the frontoparietal appears as a square 

with rounded edges (Figure 3.10J–L). The frontoparietal of some specimens has met its 

mate at the midline anteriorly and together the elements have begun to define the margins 

of the pineal foramen (specimens not figured). In one stage 59 specimen, the maxilla has 

just begun ossification in the anterior region of the skull (not visible in figured specimen). 

In the posterior region of the skull, the otic capsule is now the dominant ossified 

elements due to expansion of the prootic ossification (Figure 3.10J–L). Some variation 

exists in the extent of ossification of the otic capsule. Most specimens have at least the 

anterior and posterior semicircular canals covered in bone, and a smaller number of 

specimens now have ossification covering the horizontal semicircular canal (Figure 3.10J–

L). Outside of the otic capsule portion of the prootic, the prootic has also changed shape 

medially to the otic capsule and has begun to ossify towards the midline of the skull and 

towards the anterior portion of the skull (Figure 3.10J–L). Additionally, the portion of the 

prootic that is not the otic capsule has ossified posteriorly and has started to articulate with 

the exoccipital (Figure 3.10J–L). When compared to previous stages, the exoccipital has 

become a wider element (Figure 3.10).  

In the lower jaw, the medial angulosplenial is longer than it was in stage 57 (Figure 

3.10J–L).  
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Stage 60 

In one specimen at stage 60, both paired maxillae and premaxillae are present, 

whereas in a second specimen both premaxillae are present but only the left maxilla is 

present. When present, the maxilla and premaxilla are the anteriormost elements (Figure 

3.11A–C). A row of premaxillary and maxillary teeth is inconsistently present among 

specimens. When present, they are not yet mineralized at their bases and so appear as 

floating crowns (Figure 3.11B). This first generation, or series, of teeth typically forms 

early in metamorphosis (Shaw, 1979). The nasal is variably present at this stage, and when 

present it is a faint, crescent-shaped ossification that occurs just anterior to the 

frontoparietal (Figure 3.11A–C). The frontoparietal has now reached its anterior and 

posterior limit on the lateral edge of the element but is still variably ossified in its medial 

region (Figure 3.11A–C). In one specimen, the two frontoparietals have nearly met along 

the midline in the central region of the element (specimen not figured), whereas in the 

second specimen the frontoparietals have met along the midline in the anterior region of 

the element (Figure 3.11A–C). Both specimens have now completed ossification around 

the pineal foramen (Figure 3.11A–C). The posterior portion of the lateral edge of the 

frontoparietal overlie the medial portion of the otic capsule (Figure 4A).  

 The otic capsule ossification remains variable in its extent, with one specimen 

showing complete ossification (specimen not figured), whereas in the other specimen only 

the area surrounding the semicircular canals is ossified (Figure 3.11A–C). The medial 

portion of the otic capsule is more robustly ossified than observed in previous stages but 

otherwise has the same morphology as in stages 58 and 59, and the exoccipital continues 

to ossify posteriorly towards it (Figure 3.11A–C). 
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In the lower jaw, the medial angulosplenial is now more extensively ossified 

posteriorly, reaching the midpoint level of the eye (Figure 3.11A–C). 

Stage 61 

The maxilla, premaxilla, and nasal are still variably present elements by stage 61. 

The nasal is present in one stage 61 specimen (specimen not figured) but not yet present in 

a second specimen (Figure 3.11D–F). The row of teeth on the premaxilla and maxilla 

observed in one stage 60 specimen is not present in either stage 61 specimens, indicating 

variability in their presence across these two stages. The frontoparietal continues to be 

variably ossified in the medial portion of this element, identical to morphologies seen in 

stage 60 (Figure 3.11D–F). The otic capsule portion of the prootic, however, is now 

consistently fully ossified (Figure 3.11D–F). Each otic capsule has a large foramen visible 

on the ventrolateral surface; this is the fenestra ovalis (Figure 3.11F). The anterior, 

posterior, and horizontal semicircular canals are now all covered in bone (Figure 3.11D–

F). The medial portion of the otic capsule ossification has the same morphology on the 

dorsal and ventral surfaces as was observed in stages 58 through 60.   

In the lower jaw the medial angulosplenial continues to ossify along the medial 

surface of Meckel’s cartilage. The medial angulosplenial is more robust than that observed 

in previous stages (Figure 3.11D–F). A second ossification, the lateral angulosplenial, is 

now variably present (Figure 3.11D–F). The lateral angulosplenial, when present, is a very 

thin line of bone on the lateral surface of the lower jaw in the posterior region (Figure 

3.11D–F).  
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Stage 62  

By stage 62, both the premaxilla and maxilla are consistently present. The 

premaxilla is now roughly T–shaped, with the development of the dorsal alary process 

(Figure 3.11G–I). The maxilla has ossified medially to the extent that it either nearly 

articulates (Figure 3.11G–I) or does articulate with the lateral processes of the premaxilla. 

The tooth row first visible in stage 60 is now consistently present in all specimens and these 

teeth continue to appear as a row of floating crowns (Figure 3.11G–I). The nasal is still 

variably present. The septomaxilla is now also variably present and appears on both sides 

of the skull in one specimen (Figure 3.11G–I), on only the left side of a second specimen, 

and is not present in a third specimen. When present, the septomaxilla appears as a faint 

line of ossification that occur just lateral to the anterior portion of the frontoparietal (Figure 

3.11G–I). The two frontoparietal elements now meet very closely along the midline (Figure 

3.11G–I). They may form a suture in the anterior and posterior regions of the bone; 

however, the middle portion of the suture is variably present, and a small gap may persist 

(Figure 3.11G–I). The pineal foramen is consistently defined in all specimens at this stage 

(Figure 3.11G–I). 

 Anterior and lateral to the otic capsule is a faint ossification. This is the first 

appearance of the squamosal (Figure 3.11G–I). The squamosal is present as a thin line of 

ossification anterolateral to the otic capsule. The medial margin of the prootic has started 

to ossify towards the midline on both the dorsal and ventral surfaces (Figure 3.11G–I). 

In the lower jaw, the medial angulosplenial resembles the morphology of stage 61, 

whereas the lateral angulosplenial is now consistently present but variable in extent of 
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ossification. The lateral angulosplenial is a thin line of ossification on the posterior portion 

of the lower jaw (Figure 3.11G–I).  

Stage 63 

The lateral processes of the premaxilla have extended laterally and are wider than 

the alary process is tall (Figure 3.11J–L). The premaxilla and maxilla have now ossified to 

meet and surround the bases of the teeth observed in previous stages (Figure 3.11J–L). The 

septomaxilla is now present in all specimens on both sides of the skull, where it can be 

seen to be a rod-shaped bone. At this stage, the medial and lateral extents of the 

septomaxilla are well ossified, but ossification in the central portion is variable among 

specimens (Figure 3.11J–L). In one specimen, there is little ossification in the central 

portion, whereas in a second specimen the central portion is completely ossified. The nasal 

is also consistently present and now its posterior portions underlies the anterior portion of 

the frontoparietal (Figure 3.11J–L).  

On the palatal surface, the anterior portion of the parasphenoid comes to a point at 

a level that is variable between specimens. In one specimen, the anterior limit almost 

reaches the level of the alary process of the premaxilla (Figure 3.11J–L), whereas in a 

second specimen the anterior limit is posterior to the premaxilla. One specimen shows signs 

of early ossification of the sphenethmoid. The sphenethmoid appears as a very thin line 

running along the lateral edge of the widest point of the parasphenoid (not visible in the 

figured specimen). At stage 63, the otic capsule portion of the prootic and the exoccipital 

have changed shape on their dorsal surface. The medial portion of the otic capsule is much 

more extensively ossified than that in stage 62 (Figure 3.11J–L) and the posterior end of 

the exoccipital now has medially directed flange (Figure 3.11J–L).  
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In the lower jaw, all three elements (dentary, medial and lateral angulosplenial) are 

now present and variably ossified (Figure 3.11J–L). Anteriorly, the two halves of the 

dentary approach one another closely at the midline (Figure 3.11J–L). Posteriorly, 

ossification of the dentary reaches the level of the posterior extent of the dorsally located 

maxilla (Figure 3.11J–L). The largest element, the medial angulosplenial, has an anterior 

extent that is either approximately level with the midpoint of the dentary or more posterior. 

Posteriorly, the medial angulosplenial is more extensively ossified and has almost ossified 

to the level of the posterior extent of the lower jaw (Figure 3.11J–L). The lateral 

angulosplenial has grown in size along its anterior–posterior axis (Figure 3.11J–L).  

Stage 64 

On the ventral surface of the maxilla and premaxilla elements, a second more 

lingually positioned row of teeth has started to form in the anterior portion of the maxilla 

in one specimen (Figure 3.12A–C; Figure 3.13). This is the replacement series of teeth that 

occurs posterior and in between teeth present of the first series, as described by Shaw 

(1979).  The labial series of teeth, the row that was first to develop, are larger than the 

lingual series (Figure 3.13). The suture between the frontoparietals may be partially 

obliterated by fusion of the two elements at this stage in the anterior region only (Figure 

3.12A–C). The suture is still visible posterior to the pineal foramen in all specimens 

observed at this stage (Figure 3.12A–C). 

On the palatal surface, ossification of the sphenethmoid is only present in one 

specimen and its morphology resembles that of stage 63. The pterygoid is now present on 

the palatal surface (Figure 3.12A–C). This bone is triangular in shape with one point 

directed anteriorly, and the other two directed posterolaterally and posteromedially, 
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respectively (Figure 3.12A–C). In the posterior region of the skull, anterior and lateral to 

the otic capsule, the squamosal has slightly changed in shape (Figure 3.12A–C). The 

squamosal is now roughly C-shaped, with the concavity opening posteriorly.  

Elements of the lower jaw have increased in their amount of ossification. 

Stage 65  

On the ventral surface of the maxilla and premaxilla, the two series of teeth are 

consistently present (Figure 3.12D–F, Figure 3.13). The septomaxilla is broader and more 

robust in one specimen, where it now appears to be dumbbell shaped (Figure 3.12D–F). 

The posterior portion of the septomaxilla now underlies the nasal (Figure 3.12D–F). At the 

anterior and medial extent of the nasal, the paired nasal elements make contact with one 

another along their midline. The suture between the two frontoparietals may be obliterated 

by this stage (as seen in one specimen), with a pineal foramen remaining located in the 

anterior half of the element, at a level approximately equal to the anterior extent of the eyes 

(Figure 3.12D–F). In the other three specimens, the suture is only obliterated in the anterior 

portion (specimens not shown, but this is the morphology observed in stage 64 specimens). 

On the palatal surface, in the anterior region of the skull, the vomer is now present 

(Figure 3.12D–F). The vomer appears as a small, unpaired element located ventral to the 

parasphenoid. The vomer is longer in its medial region, tapering to points at each lateral 

extent of the element (Figure 3.12D–F).  The vomer arises from two ossification centres 

on the left and right sides of the skull that subsequently fuse at the midline (Trueb and 

Hanken, 1992). By stage 65, the anterior portion of the parasphenoid consistently almost 

reaches the level of between the alary processes of the premaxillae (Figure 3.12D–F). This 

is the complete extent of the parasphenoid will grow anteriorly. On either side of the 
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parasphenoid, the very thin lines of ossification that represent the paired sphenethmoid 

elements have thickened in one specimen (not shown) and are not yet visible in the others 

(Figure 3.12D–F).  

The dorsal end of the squamosal remains pointed, as in previous stages; however, 

the ventral end has widened to a blunt point (Figure 3.12D–F). The columella (or stapes) 

is now present for the first time at stage 65 (Figure 3.12D–F). Its proximal end rests 

adjacent to the fenestra ovalis of the otic capsule, and distally extends anteriorly. Anterior 

and ventral to the otic capsule, the pterygoid is now a larger, triangular element than 

observed in previous stages, especially when viewed from the ventral surface (Figure 

3.12D–F) 

In the lower jaw, the three elements (dentary, medial and lateral angulosplenial) 

have started to articulate with each other in some specimens. In one specimen, all three 

elements are articulated on the dorsal surface and in the posterior region of the lower jaw 

only on the left side (specimen not figured), whereas in a second specimen this morphology 

is present on both sides of the lower jaw (not shown). In two other specimens, only the 

medial and lateral angulosplenials have started to articulate on the dorsal surface and the 

dentary is still a separate element (Figure 3.12D–F).  

Stage 66 

 Stage 66 is the final stage described by Nieuwkoop and Faber (1994). By this stage, 

the frog has virtually completed metamorphosis based on external features. The skull, 

however, has not completely finished development (i.e., the sphenethmoid has not finished 

ossifying), however, the occiput has finished at this point.  
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On the dorsal surface, the suture between the frontoparietals is entirely obliterated 

at this stage (Figure 3.12G–I). On the palatal surface, on either side of the parasphenoid, 

the sphenethmoid has ossified laterally and is now visible in all specimens (Figure 3.12G–

I). This element ossifies lateral and dorsal to the parasphenoid, forming a cup shape in 

cross-section with its mate and the parasphenoid below. The sphenethmoid is more 

extensively ossified in its anterior region and has a foramen located approximately midway 

along its anterior–posterior axis; this is for the optic nerve (Figure 3.12G–I).   

Morphological changes in the posterior portion of the skull are extensive. The 

dorsal portion of the squamosal now has an anteriorly directed process (Figure 3.12G–I). 

The posterior apex of the triangular pterygoid has expanded such that the pterygoid now 

underlies the anterior portion of the otic capsule (Figure 3.12G–I). 

The elements of the lower jaw do not differ when compared to stage 65, except that 

in all specimens the medial and lateral angulosplenial have now articulated in their 

posterior ends, as first observed in stage 65 (Figure 3.12G–I). 
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Figure 3.8. Development of the chondrocranium, stages 41 to 48, in X. laevis. From left to 
right, each row consists of a photograph in dorsal (right) and ventral view (left), with an 
illustration in dorsal (right) and ventral (left) view. A–C, stages 41–42; D–F, stages 43–44; 
G–I, stages 45–46; J–L, stages 47–48. Lines to with filled circles indicate small foramina 
and lines that end with open circles indicate larger foramina. Scale bars equal 1 mm. 
Abbreviations: bf, basicranial fenestra; bhb, basihyobranchial; cb1–4, ceratobranchials one 
through four; cf, carotid foramen; ch, ceratohyal; ct, commisura terminalis; ef, exoccipital 
foramen; ir, infrarostral; mc, Meckel’s cartilage; nf, nasal foramen; oa, occipital arch; oc, 
otic capsule; phb, planum hyobranchiale; pk, parachordal cartilage; pq, palatoquadrate; 
pqap, ascending process of the palatoquadrate; pqpa, pars articularis of the palatoquadrate; 
pqvp, ventrolateral process of the palatoquadrate; qe, quadratoethmoidal; so, subocular 
cartilage; sof, subocular fenestra; sr, suprarostral plate; tc, trabecular cartilage; tt, tenticular 
cartilage. 
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Figure 3.9. Development of the chondrocranium, stages 49 to 53, in X. laevis. From left to 
right, each row consists of a photograph in dorsal (right) and ventral view (left), with an 
illustration in dorsal (right) and ventral (left) view.  A–C, stage 49; D–F, stages 50–51; G–
I, stages 52–53. Lines to filled circles indicate small foramina and lines that end with open 
circles indicate larger foramina. Scale bars equal 1 mm. Abbreviations: bf, basicranial 
fenestra; bhb, basihyobranchial; cb1–4, ceratobranchials one through four; cf, carotid 
foramen; ch, ceratohyal; ct, commisura terminalis; ef, exoccipital foramen; ir, infrarostral; 
mc, Meckel’s cartilage; na, neural arches; nf, nasal foramen; oa, occipital arch; oc, otic 
capsule; phb, planum hyobranchiale; pk, parachordal cartilage; pq, palatoquadrate; pqap, 
ascending process of the palatoquadrate; pqpa, pars articularis of the palatoquadrate; pqvp, 
ventrolateral process of the palatoquadrate; qe, quadratoethmoidal; so, subocular cartilage; 
sof, subocular fenestra; sr, suprarostral plate; tc, trabecular cartilage; tt, tenticular cartilage. 
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Figure 3.10. Stages 54 to 59, X. laevis skull.  From left to right, each row consists of a 
photograph in dorsal (right) and ventral view (left), with an illustration in dorsal (right) and 
ventral (left) view. A–C, stages 54–55; D–F, stage 56; G–I, stage 57; J–L, stages 58–59. 
Lines to filled circles indicate small foramina and lines that end with open circles indicate 
larger foramina. Scale bars equal 1 mm. Abbreviations: a, atlas; asm, medial angulosplenial; 
ef, exoccipital foramen; ex, exoccipital; fp, frontoparietal; po, prootic; pooc, otic capsule 
portion of the prootic; ps, parasphenoid. 
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Figure 3.11. Stages 60 to 63, X. laevis skull.  From left to right, each row consists of a 
photograph in dorsal (right) and ventral view (left), with an illustration in dorsal (right) and 
ventral (left) view. A–C, stage 60; D–F, stage 61, upper and lower jaw elements were 
digitally rearticulated with the skull in panels D and E, the composite photos were used as 
the basis of the line drawings in F; G–I, stage 62, upper and lower jaw elements were 
digitally rearticulated with the skull in panels G and H, the composite photos were used as 
the basis of the line drawings in I; J–L, stage 63. Lines to filled circles indicate small 
foramina and lines that end with open circles indicate larger foramina. Scale bars equal 1 
mm. Abbreviations: a, atlas; asm, medial angulosplenial; asl, lateral angulosplenial; d, 
dentary; ef, exoccipital foramen; ex, exoccipital; fo, foramen ovalis; fp, frontoparietal; m, 
maxilla; n, nasal; pf, pineal foramen; pm, premaxilla; po, prootic; pooc, otic capsule portion 
of the prootic; ps, parasphenoid; s, squamosal; sm, septomaxilla. 
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Figure 3.12. Stages 64–66, X. laevis skull.  From left to right, each row consists of a 
photograph in dorsal (right) and ventral view (left), with an illustration in dorsal (right) and 
ventral (left) view.  A–C, stage 64; D–F, stage 65; G–I, stage 66. Lines to filled circles 
indicate small foramina and lines that end with open circles indicate larger foramina. Scale 
bars equal 1 mm. Abbreviations: a, atlas; as, angulosplenial with fused medial and lateral 
ossifications; asm, medial angulosplenial; asl, lateral angulosplenial; co, columella; d, 
dentary; ef, exoccipital foramen; ex, exoccipital; fo, foramen ovalis; fp, frontoparietal; m, 
maxilla; n, nasal; pf, pineal foramen; pm, premaxilla; po, prootic; pooc, otic capsule portion 
of the prootic; ps, parasphenoid; pt, pterygoid; s, squamosal; sm, septomaxilla; v, vomer. 
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Figure 3.13. A stage 66 X. laevis specimen showing the two rows of teeth present in the 
maxilla and premaxilla. The larger, earlier developing tooth row (asterisk) is slightly 
anterior to the later developing, small tooth row (circles). Scale bar equals 1 mm. 
 
3.3.4: Hypoglossal nerve morphology at the occiput  

Ambystoma mexicanum 

 The structures that the hypoglossal nerve innervates is well documented for 

salamanders (e.g., Platt, 1897; Norris, 1908; 1913; Wake and Lawson, 1973; Herrick, 1948; 

Roth et al., 1984); however, in A. mexicanum, where and how (i.e., inter- or 

intravertebrally) the hypoglossal nerve passes laterally through the axial skeleton has not 

yet been documented. Analysis of nerve-stained specimens of A. mexicanum show that in 

earlier developmental stages, before the interglenoid tubercle of the atlas (the first vertebral 

element) forms, the hypoglossal nerve extends laterally from the spinal cord just anterior 

to the atlas with three roots present (Figure 3.14A). In older specimens, where the 

interglenoid tubercle is ossified, the hypoglossal nerve extends laterally from the spinal 

cord via a foramen on the atlas (Figure 3.14B).  

Xenopus laevis  

The structures that the hypoglossal nerve innervates is well documented for frogs 

(e.g., Elliot, 1907; Barnard, 1940; Stuesse et al., 1983; Naumann and Olsson, 2018); 

however, where and how the hypoglossal nerve passes through the axial skeleton from the 

spinal cord has not yet been documented. Analysis of nerve stains in X. laevis specimens 
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reveals that there is some variability in where the hypoglossal nerve passes laterally 

through the axial skeleton. In some specimens examined, the hypoglossal nerve passes 

laterally from the spinal cord with one root passing between the first and second vertebral 

elements and a second root passing between the second and third vertebral elements (Figure 

3.14C). In other specimens, two roots of the hypoglossal nerve can be observed passing 

laterally from the spinal cord between the first and second vertebral elements (Figure 

3.14D).  

 
Figure 3.14. A. mexicanum and X. laevis specimens stained with Sudan Black to visualize 
nerves. A) in this stage 52 A. mexicanum specimen, three hypoglossal nerve roots (arrow) 
are seen passing from the spinal cord through the axial skeleton anterior to the atlas (v1) 
as the interglenoid tubercle hasn’t yet formed. B) in this stage 57 A. mexicanum specimen 
the hypoglossal nerve complex (arrow) is seen passing through a foramen on the anterior 
interglenoid tubercle (it) projection of the atlas. C) in this stage 55 X. laevis specimen, the 
hypoglossal nerve complex (arrow) is seen passing between the first (v1) and second (v2) 
vertebral elements and the second and third (v3) vertebral elements. D) in this stage 57 X. 
laevis specimen, the hypoglossal nerve complex (arrow) only passes between the first and 
second vertebral elements. Scale bars equal 1 mm. 
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3.4: Discussion 
 
         The goals of the present study were to 1) describe the somitic contributions to the 

post-otic (occipital) region of the chondrocranium in two lissamphibian model organisms, 

A. mexicanum for salamanders and X. laevis for frogs, 2) describe the long-term 

development of the skull, enhancing already published staging tables, and 3) describe the 

hypoglossal nerve morphology as it relates to the skull and vertebral elements. 

3.4.1: Somitic contributions to the occipital arch 

         Fate mapping techniques have been applied to amniote model organisms such as 

the chicken and mouse (e.g., Couly et al., 1993; Burke et al., 1995; Huang et al., 2000) to 

study the nature of the somitic contribution to the occiput. For amphibians, previous 

analyses of somitic contributions to the head using modern cell lineage tracing techniques 

have only been performed on A. mexicanum (e.g., Piekarski and Olsson, 2007; Piekarski, 

2009; Piekarski and Olsson, 2014). These studies focused on somitic contributions to the 

muscles, and less so on the somitic contributions to the skull. The present study aimed to 

fill this gap and confirmed the contribution of three somites to the occiput found by 

previous researchers (e.g., Piekarski and Olsson, 2007; Piekarski, 2009; Piekarski and 

Olsson, 2014). Piekarski (2009) noted somite one is very small during early somitogenesis 

and that it eventually merges with somite two. Here, a discrete somite one was not observed 

and, as such, was interpreted as already merged with somite two or already covered by 

migrating neural crest. Thus, somite one was not directly traceable; however, it is 

considered as contributing to the occiput via its close association with somite two. The 

entirety of somite two is found to contribute to the occiput (Figure 3.2D), and the anterior 

portion of somite three is found to contribute to the posteriormost portion of the occiput 
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(Figure 3.2E). These data are in agreement with previous studies both for A. mexicanum 

(Piekarski, 2009), and for studies in other salamander species (e.g., Platt, 1898; Goodrich, 

1911; Edgeworth, 1935; de Beer, 1937). Although some studies in salamanders report only 

two occipital somites, it is likely that these studies missed the small, transient first somite 

(summarized in de Beer, 1937 and Maddin et al., 2020). More accurately, two- and one-

half occipital somites are considered present in salamanders. 

The present study represents the first use of modern cell-lineage tracing techniques 

to attempt to determine the somitic contributions to the occiput in X. laevis. Unfortunately, 

the label from these cell-lineage tracing techniques was only present in structures found 

within the jugular foramen in sections (Figure 3.3) and the label present in the whole-mount 

specimens was inconclusive (Figure 3.3A, B). However, the location of other structures 

within the developing embryo provides additional insights into how many somites 

contribute to the occiput in X. laevis. I noted during injection of X. laevis embryos that the 

anterior extent of the pronephros was consistently located at the border between somites 

two and three (Figure 3.1D). Previous research in A. mexicanum found that the pronephros 

was a consistent marker between somites that contribute to the occiput and axial somites, 

as it was always located between somites three and four (Figure 3.1B, Piekarski, 2009). In 

amniotes, the anterior extent of the pronephros is located posterior to the occipital somites, 

and its anterior extent is associated with somite eight in chick (Grinstein et al., 2013) and 

with somite seven in mice (Cartry et al., 2006). Using both the location of the pronephros, 

and the location of the hypoglossal nerve complex, I can at least confirm here that X. laevis 

likely does have fewer occipital somites than A. mexicanum, as the skull–neck boundary 

must be located at or anterior to the pronephros (at or within somite two). This 
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interpretation is supported by the hypoglossal nerve complex extending laterally between 

the second and third vertebral elements in X. laevis, compared to a relatively more anterior 

position between the occiput and the first vertebral elements in A. mexicanum. Thus, if the 

somites retain their positional relationship with the hypoglossal nerve, as suggested by 

Maddin et al. (2020), only two somites remain in X. laevis to contribute to the occiput. 

While these cell-lineage data presented here may confirm the hypothesis first put forward 

by de Beer (1937) where the skull–neck boundary exists within somite three for 

salamanders and within somite two for frogs, in the future more analyses will need to be 

completed to confirm the somitic contribution to the occipital arch in X. laevis using GFP-

positive somite grafting experiments. 

In terms of somitic contributions to specific bones of the skull, somites two and 

three are confirmed here as contributing to the occipital arch, and thus the exoccipitals in 

particular, in A. mexicanum, while inconclusive evidence is presented that somite two 

contributes to the exoccipitals in X. laevis (Figure 3.2). In chick, where five occipital 

somites are confirmed, the first two somites contribute to the parasphenoid and to the 

supraoccipital, and all five occipital somites contribute to the exoccipitals and basioccipital 

(Couly et al., 1993; Huang et al., 2000). In A. mexicanum, somites two and three do not 

contribute to the parasphenoid. Although it is possible that the first, smaller somite 

contributes to the parasphenoid, this would need to be confirmed with cell-lineage studies. 

Unfortunately, the small, transient nature of the first somite in amphibians makes it difficult 

to study the contributions of this somite to the skull.  Like in chick, multiple somites (somite 

2 and part of somite 3) contribute to the exoccipital in A. mexicanum. The supraoccipital 

and basioccipital are absent in salamanders (see Chapter 2 for details). Again, given the 
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fact that only exoccipitals are present in frogs, it is likely the two inferred occipital somites 

(somite one and the anterior portion of somite two) contribute to the exoccipitals in frogs.  

         These datasets represent the first concrete observations of somitic contributions to 

the skull for one amphibian model species, A. mexicanum, and represent the first evidence 

of possible somitic contributions to the skull in X. laevis. A clear understanding of the early 

phases of normal development of the skulls of these species are essential for future studies 

that attempt to manipulate and change somitic fate in order to determine the underlying 

developmental mechanisms for the origin of the lissamphibian condition. For example, in 

Chapter 4, the normal somitic contributions to the skull can now be compared to specimens 

where development is perturbed to see if somitic contributions can be experimentally 

changed. 

3.4.2: Ambystoma mexicanum and Xenopus laevis staging tables  

Complete descriptions of later development (i.e., chondrification and ossification) 

of the skull do not currently exist in the literature for A. mexicanum and are not currently 

easily integrated into the widely used staging tables for X. laevis. Below, some key findings 

from the staging table portions of this study are outlined.  

Ambystoma mexicanum 

The present study represents the first descriptive staging table for the skull of the 

model species A. mexicanum. The staging table of Nye et al. (2003) has served as a 

foundational tool for A. mexicanum researchers primarily working on limb regeneration. 

The complementary staging table of the skull provided here will further assist researchers 

studying many additional aspects of A. mexicanum development, as their full potential as 

a model system is realized. 
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With this staging table of the skull in hand, some initial comparisons of skull 

development can be made between A. mexicanum and other Ambystoma species. The 

staging table presented here captures the majority of events in skull morphogenesis. 

However, the table of Nye et al. (2003) ends before late ossifying elements, such as the 

nasal, prootic, orbitosphenoid, and septomaxilla, appear. These elements do eventually 

ossify in A. mexicanum but they appear well after limb differentiation is complete, between 

63 and 153 days post hatching (Rose, 2003; Smirnov and Vassilieva, 2005). A further 

extension of the Nye et al. (2003) would then be required to cover total skull development. 

For the purposes of the current work, however, the stages of Nye et al. (2003) were 

sufficient. 

For the earlier ossifying skull elements, our results seem to generally corroborate 

previously established ossification sequences for A. mexicanum (Rose, 2003; Smirnov and 

Vassilieva, 2005). In comparison to other closely related species, the ossification sequence 

of the skull of the A. mexicanum progresses in a near identical sequence to that of close 

relatives A. maculatum, A. tigrinum, A. texanum, and A. talpoideum prior to metamorphosis 

(Bonebrake and Brandon, 1971; Reilly, 1987; Moore, 1991; Flick, 1992; Rose, 2003). This 

is an interesting result given the deviation in developmental trajectory, and further supports 

its use as a generalized model species in this regard. 

One important distinction is the presence and ossification of a basioccipital. Rose 

(2003) lists an ossified basioccipital developing after the pterygoid and parasphenoid, but 

prior to the frontals. However, I did not find a basioccipital (cartilaginous nor ossified) in 

any of our specimens, nor do Smirnov and Vassilieva (2005) describe or figure a 

basioccipital for the same species. In close relatives of A. mexicanum, such as A. texanum 
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and A. tigrinum, a basioccipital is not present either (Bonebrake and Brandon, 1971; Flick, 

1992, Rose, 2003). Ambystoma mexicanum is the only species in Rose’s (2003) included 

list of salamanders and their sequences of skull ossification where a basioccipital is listed 

as present. That the basioccipital is only listed as present in A. mexicanum by one source 

(Rose, 2003), and I did not observe it here, nor did other researchers observe it in other 

salamander species (see Rose, 2003 for a summary), it is likely that the basioccipital is 

indeed absent in A. mexicanum. These results make sense when considering the somitic 

contributions to the occiput. In amniotes, all five occipital somites contribute to the 

exoccipitals and the basioccipital (Couly et al., 1993; Huang et al., 2000). In 

lissamphibians, the exoccipitals are expanded compared to amniotes and their fossil 

relatives, but they do not have a basioccipital. Perhaps, at some point in their evolution, 

with fewer somites with which to make occipital elements, the somitic contributions to the 

skull expanded for the exoccipitals at the expense of a discrete basioccipital. Additionally, 

the formation of the occipital arch differs between amniotes and A. mexicanum. Here, I 

observed an occipital arch that in earlier developmental stages had an identical morphology 

to the axial neural arches (Figure 3.4). In chick, the occipital arch does not resemble the 

neural arches and is greatly expanded in size compared to A. mexicanum (Couly et al., 

1993). The lack of an observed basioccipital in this study further supports the results in 

Chapter 2, where it was found that the basioccipital is absent in all lissamphibians and was 

likely lost at some point in the Amphibamiformes lineage (Figure 2.4). 

Xenopus laevis 

The present study represents the first descriptive staging table for the skull of the 

model species X. laevis that describes and figures the presence and morphology of bones 
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at every stage according to the staging table of Nieuwkoop and Faber (1994). Additionally, 

variation in the first appearance of bones is described for the first time for each bone. With 

this staging table in hand, researchers working on the skull can confidently know which 

stage a bone of interest is present, the temporal variation in the first appearance of each 

element, and their morphology at each stage corresponding directly to the stages in the 

already widely used Nieuwkoop and Faber (1994) staging table.  

Here it was found that several key differences exist between the present study and 

previous studies of X. laevis skull development. In the present study, the parasphenoid was 

consistently the first element to ossify, whereas previous studies found that the 

frontoparietal was the first element to ossify. The first appearance of the maxilla and 

premaxilla is observed here to be both later and more variable than reported in previous 

studies. In the present study, the maxilla first appeared between stages 58 and 62, whereas 

the premaxilla first appeared between stages 60 and 62. In Trueb and Hanken (1992) both 

elements were instead consistently present by stage 59, whereas in Bernasconi (1951) they 

were reported as present by stage 55. Additionally, the septomaxilla appears as ossified 

first at stage 62 in the current study, but at stage 60 in other studies (e.g., Bernasconi, 1951; 

Trueb and Hanken, 1992). Finally, in the present study, I note that the collumella is present 

only by stage 65 while in previous studies it was present by stage 60 (Trueb and Hanken, 

1992). Most of the other variation in the skull is variation by one or two stages, or minor 

differences in the ossification sequence. 

         The differences in timing and ossification sequences in the X. laevis skull as well 

as the variation in internal anatomy versus the easily staged external anatomy has been 

long noted in the literature (e.g., Trueb and Hanken, 1992; Lukas and Olsson, 2018). As in 
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previous studies (Trueb and Hanken, 1992; Nieuwkoop and Faber, 1994), I found that the 

total lengths and overall size of Xenopus specimens are highly variable for specimens with 

the same external anatomy (therefore the same stage), especially in the stages when 

ossification is occurring (stage 54 and later). I found that the cartilaginous stages examined 

(stages 44 to 53) were less temporally variable than the stages where ossification was 

happening. Reasons for the observed temporal variation have been proposed to include 

environmental variations such as temperature, density, or the amount of light received by 

the tadpoles (Trueb and Hanken, 1992). Of note, the stages where I saw the most variation 

(stages 55 to 62) correspond to both an initial spike in the concentration of thyroid 

hormones found in X. laevis at the beginning of metamorphosis (stage 55) and to the peak 

of metamorphosis (stages 58–62) where thyroid hormones are also at their peak (Kawahara 

et al., 1991). The reason that the external anatomy fits into clearly defined stages, while 

the internal anatomy does not, could be a result of the condensed period of development 

that occurs during metamorphosis, and the internal anatomy is much more flexible than 

external anatomy during this time.  After all, during metamorphosis, the head undergoes 

dramatic changes and restructuring from the juvenile chondrocranium to the adult frog 

skull (Slater et al., 2009). 

As in A. mexicanum, a basioccipital was not found to be present in X. laevis. Unlike 

in A. mexicanum, however, the occipital arch was easily distinguished from the neural 

arches as it developed much earlier (stage 41) than the neural arches (present by stage 50–

51). The occipital arch was a small, narrow element during early development (Figure 3.8), 

smaller than the element present in A. mexicanum (Figure 3.4). It becomes attached to the 

parachordal cartilage early in development, by stage 43–44 (Figure 3.8), at which point it 



116 
 

becomes difficult to differentiate from the nearby parachordal and prootic cartilages. Later 

in development, the exoccipital bones of X. laevis, manifested as the occipital condyles 

(Figure 3.12), are much larger than those observed in A. mexicanum (Figure 3.7). This is 

likely the result of the close association between the exoccipitals and the prootic, when 

compared to the seemingly floating exoccipitals in A. mexicanum. Likely, only a small 

portion of the occipital condyle comes from the somitic contributions to the skull and the 

rest of the element is formed by ossification(s) of the prootic. However, in order to 

determine the extent of the somitic contribution to the occipital condyles comes from the 

somites, cell-lineage tracing methods need to be developed and successfully carried out in 

X. laevis.  

3.4.3: Hypoglossal nerve complex 

The position of the hypoglossal nerve complex as it relates to the skull in amniotes 

is well known, while the association of the hypoglossal nerve complex as it relates to the 

axial skeleton in lissamphibians is less well-understood due to notable variation (e.g., 

Fürbringer, 1897; Platt, 1897; Elliot, 1907; Norris, 1908; Norris, 1913; de Beer 1937; 

Barnard, 1940; Wake and Lawson, 1973; Stuesse et al., 1983; Roth et al., 1984; Wake, 

1992; Naumann and Olsson, 2018; Maddin et al., 2020). In salamanders, the hypoglossal 

nerve exits the spinal cord and passes laterally between the occiput the atlas (e.g., Platt, 

1897; Wake and Lawson, 1973; Roth et al., 1984) or via a foramen on the atlas (e.g., Norris, 

1908; Norris, 1913; Herrick, 1948). Prior to the formation of the interglenoid tubercle, an 

anterior projection of the atlas, the hypoglossal nerve passes anterior to the atlas in A. 

mexicanum (Figure 3.14A), as it does in plethodontids and Necturus (Platt, 1897; Wake 

and Lawson, 1973; Roth et al., 1984). Around stage 56, when the interglenoid tubercle 
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forms, the hypoglossal nerve becomes enclosed by this element and passes laterally from 

the spinal cord via a foramen in the atlas (Figure 3.14B), as observed in A. tigrinum, 

Amphiuma, and Siren lacertina (Norris, 1908; Norris, 1913; Herrick, 1948; Edwards, 

1976). 

While the nerves of comparatively fewer frog species have been studied in detail, 

there may be more variation in the position of the hypoglossal nerve complex in frogs than 

in salamanders, although the position of the hypoglossal nerve complex in frogs is always 

located relatively more posteriorly than in salamanders. In Rana, the hypoglossal nerve 

complex passes laterally from the spinal cord between the first and second vertebral 

elements and previous researchers have noted that the first, second, and possibly third 

spinal nerves contribute to the hypoglossal nerve complex in X. laevis (e.g., Elliot, 1907; 

Barnard, 1940; Stuesse et al., 1983; Naumann and Olsson, 2018). Here, it was observed 

that there is variation in the portions of the axial skeleton associated with the hypoglossal 

nerve complex in X. laevis alone. In X. laevis, the hypoglossal nerve complex passes 

laterally between the first and second, and sometimes also the second and third vertebral 

elements (Figure 3.14C, D). Knowing these nerve landmarks in A. mexicanum and X. laevis 

are essential for future experiments that will attempt to manipulate the location of the skull–

neck boundary along the anterior–posterior axis.  

The position of the hypoglossal nerve complex outside of the skull in 

lissamphibians also supports the data that fewer somites contribute to the occiput in 

lissamphibians. In chick, somite four gives rise to that part of the exoccipital that is 

traversed by the hypoglossal nerve (Huang et al., 2000). In A. mexicanum, somite four 

contributes to the posterior portion of the first vertebral element and the anterior portion of 
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the second vertebral element. If the hypoglossal nerve continues to be associated with the 

fourth somite in lissamphibians, as in amniotes, then it makes sense that the hypoglossal 

nerve complex is associated with the first vertebral element, an element that somite four 

contributes to. Then, in X. laevis, if two somites contribute to the occipital arch as 

hypothesized, it would also make sense for the hypoglossal nerve complex to pass laterally 

between the first and second and the second and third vertebral elements. In X. laevis, the 

fourth somite would contribute to the second and third vertebral elements. Ultimately, a 

combination of cell-lineage tracing specifically for somite four and histological sections of 

embryos during somitogenesis will determine if the hypoglossal nerve complex remains 

associated with somite four in lissamphibians as in chick.  

3.5: Conclusions  
 
         This study describes normal development of the skull in the amphibian model 

organisms A. mexicanum and X. laevis, from the somitic contributions to the occipital arch, 

to the development and morphology of skull cartilages and bones in all relevant stages 

within the two most widely used staging tables for these model species. These data are 

integrated with descriptions of the hypoglossal nerve as they relate to cartilaginous and 

ossified structures, so that I may better understand its potential to serve as a morphological 

landmark in the study of skull–neck boundary evolution as it has previously been proposed 

(Maddin et al., 2020). In addition, the developmental data presented here is easily 

integrated into previously published, widely used staging tables based primarily on external 

morphology for X. laevis (Nieuwkoop and Faber, 1994) and limb morphology for A. 

mexicanum (Nye et al., 2003), thereby expanding the utility of these tables into new areas 

of research (i.e., skull development).  
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The reviewed literature reveals the number of somites that contribute to the occiput 

is variable among vertebrates. Previous researchers have speculated that the number of 

somites contributing to the skull increases first at the base of Tetrapoda and then again at 

the base of amniotes, making the amphibian morphology the basal condition for tetrapods 

(Augier, 1931), whereas others, using both fossil and extant morphological data, have 

suggested that instead the amphibian morphology is derived and the amniote morphology 

is the ancestral morphology for tetrapods (e.g., de Beer 1937; Romer and Edinger, 1942; 

Clack and Milner, 2009; Maddin et al., 2020). The present study, together with the study 

described in Chapter 2 based on fossil data, illustrates that indeed fewer somites contribute 

to the skull, and this likely resulted in a morphology where fewer bones contribute to the 

occiput, and a hypoglossal nerve complex that no longer passes through the skull via 

foramina. Fossil amphibians in the lineage leading to extant lissamphibians have these 

foramina and these bones (see Chapter 2 for details). Therefore, it appears that at some 

point during lissamphibian evolution, occipital somites became vertebral somites instead.  

Given what we know about the patterning of somites, we can look to changes in 

Hox gene expression during development along the anterior–posterior axis (see Chapter 4 

for details). The normal developmental data presented here can now be used as a baseline 

to test the hypothesis that changing Hox gene expression domains may have driven changes 

in the location of the skull–neck boundary by examining gene expression along the 

anterior–posterior axis and comparing it to experimental specimens where Hox gene 

expression domains have been manipulated. 
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Chapter 4: Weird bois, the experimental effects of perturbed 
Hox genes on the development of the skull–neck boundary  
 

4.1: Introduction 

The posterior (post-otic) portion of the skull is derived from the anteriormost 

somites of the embryonic anterior–posterior axis, where the posteriormost somite that 

contributes to the skull contains the posterior limit of the skull. Early research into 

embryonic development describes highly variable numbers of somites within the occiput 

of tetrapods, where amniotes, in general, are thought to possess more than living non-

amniotes (lissamphibians) (see de Beer, 1937 and Maddin et al., 2020 for summaries of 

somite contribution to the occiput across several vertebrate lineages). One currently 

proposed hypothesis of the evolution of the skull is that the amniote condition is derived 

relative to non-amniotes and that non-amniotes represent the ancestral tetrapod condition; 

thus, at some point during their evolution amniotes recruited additional somites into the 

occipital region of the skull (e.g., Augier, 1931; Couly et al., 1993). However, a recent 

review taking into consideration osteological correlates of somitic contribution, in order to 

include fossil taxa (Maddin et al. 2020), resurrected a second hypothesis that amphibians 

are instead secondarily derived in their reduced occipital morphology and the amniote 

condition is the actual ancestral tetrapod condition (de Beer 1937; Romer and Parsons 

1977). 

The previous two chapters have shown that, when including data from the fossil 

record, the condition of the occiput seen in living amphibians is derived and the ancestral 

state for tetrapods is to incorporate more somites into the skull, as in amniotes (Chapter 2). 

The normal development of the skull, specifically the occiput, and the resulting phenotypes 
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were examined in two lissamphibian model organisms (Chapter 3), and it was shown that 

lissamphibians have lost bones in the occiput that are present in their ancestors (Chapter 2, 

Chapter 3) and additionally, the key morphological marker – a portion of the hypoglossal 

nerve complex – is now positioned outside of the skull likely as a result of reduced numbers 

of occipital somites (Chapter 3). With these data in hand, the next step is to determine the 

underlying developmental mechanisms that may have resulted in the acquisition of the 

unique lissamphibian morphology.  

Changes in Hox gene expression domains are excellent candidates for playing a 

role in changing morphologies, and thus fate, of somite-derived structures along the 

anterior–posterior axis. Hox genes are part of a group of genes called homeobox genes that 

share similar homeobox sequences of approximately 180 base pairs in length (McGinnis 

and Krumlauf, 1992). Homeobox genes, including Hox genes, are important for patterning 

an embryo along the anterior–posterior axis (Gaunt et al., 1988; McGinnis and Krumlauf, 

1992). The pattern of expression for Hox genes and the combination of which Hox genes 

are expressed where along the anterior–posterior axis, gives each somite its identity (i.e., 

cervical, thoracic, etc.), and the anterior limit of certain paralogous groups mark transitions 

between these regions along the anterior–posterior axis (e.g., Figure 1.5; Kessel and Gruss, 

1991; Ramírez-Solis et al., 1993; Burke et al., 1995; Nowicki and Burke, 2000; Wellik and 

Capecchi, 2003).  

Hox genes have several fascinating traits. They exhibit colinear expression, where 

they are expressed along the anterior–posterior axis in the same order they appear on their 

chromosome (McGinnis and Krumlauf, 1992; Krumlauf, 1994). Colinear expression also 

means that Hox genes that are from the same paralogous group (e.g., hoxa3, hoxb3, and 
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hoxd3) have similar expression patterns and that more Hox genes end up being expressed 

in the posterior region of the embryo than in the anterior region due to the nested pattern 

of their colinear expression (Manzanares et al., 2001; Nolte et al., 2019). While some 

studies have shown that Hox genes also exhibit temporal collinearity, i.e., anterior Hox 

genes are expressed earlier in development than posterior Hox genes (Monteiro and Ferrier, 

2006; Durston and Zhu, 2015; Zhu et al., 2017), temporal collinearity may not be a 

ubiquitous phenomenon. For example, in Xenopus species, during early development many 

Hox genes are expressed simultaneously, or posterior genes may be expressed earlier in 

development than anterior Hox genes (Kondo et al., 2017; Kondo et al., 2019). Hox genes 

in a paralogous group can also compensate for one another when one member is knocked 

down (Burke et al., 1995; Manzanares et al., 2001; Mallo et al., 2010) and the property of 

posterior dominance can result in posterior Hox genes compensating for loss of expression 

of more anterior Hox genes (Hooiveld et al., 1999; Mallo et al., 2010; Gummalla et al., 

2014). As such, loss of function experiments of single, anterior Hox genes tend not to affect 

the morphology of the axis at the posterior end of the animal.  

Hox gene expression domains can be perturbed by certain chemicals. For example, 

many experiments aimed at understanding the function of Hox genes were conducted using 

exogenous retinoic acid – a chemical known to perturb Hox gene expression domains (e.g., 

Maden, 1983; Durston et al., 1989; Kessel et al., 1990; Sive et al., 1990; Ruiz i Altaba and 

Jessel, 1991). Retinoic acid, which is an active form of vitamin A, plays a role in patterning 

many embryonic tissues (Ruiz i Altaba and Jessel, 1991; Langston and Gudas, 1992; 

Wobus et al., 1997; Maden, 2000; Durston, 2019). For the present study, I am interested in 

how retinoic acid can affect Hox gene expression patterns and describing the impacts of 
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perturbed Hox gene expression on patterning the somites, specifically the anteriormost 

somites involved in skull formation.  

 Retinoic acid is present during somitogenesis and helps to regulate the formation 

of somites. During somitogenesis, somites form at regular intervals from the presomitic 

paraxial mesoderm (Figure 1.1). This rhythmic formation of somites is, at present, best 

described by the Clock and Wavefront model, where oscillatory expression of genes occurs 

in the presomitic mesoderm at regular intervals. (Figure 4.1; Cooke and Zeeman, 1976; 

Gomez and Pourquié, 2009; Mallo, 2015). The clock portion refers to the cyclic gene 

expression that occurs within the presomitic mesoderm and the regular intervals at which 

somites form. The wavefront portion refers to the progression of somitogenesis in an 

anterior–posterior direction as a result of a molecular oscillation mechanism that passes 

over the presomitic mesoderm at the regular intervals produced by the clock portion of the 

model (Cooke, 1975; Cooke and Zeeman, 1976; Pourquié, 2003; Gomez and Pourquié, 

2009). The wavefront is controlled by opposing gradients of retinoic acid, which has higher 

expression in the anterior region, and FGF/Wnt signalling pathways, which has higher 

expression in the posterior region (Figure 4.1; Gomez and Pourquié, 2009). The end result 

of somitogenesis is a species-dependent number of somites occurring on either side of the 

neural tube, starting immediately posterior to the otic vesicles (Dequéant and Pourquié, 

2008).  
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Figure 4.1. The Clock and Wavefront model showing the temporal sequence of somite 
formation in the paraxial mesoderm. Opposing gradients of retinoic acid (yellow) and FGF 
and Wnt (purple) are expressed along the anterior–posterior axis. The clock is the result of 
cyclic waves of gene transcription (pink) that occur at regular intervals. As the wavefront 
passes through the anterior region, a somite forms. Modified from Dequéant and Pourquié 
(2008). 
 

In addition to its role in somitogenesis, retinoic acid also plays a role in switching 

on Hox genes. Retinoids, like retinoic acid, enter the nucleus and bind to retinoic acid 

receptors, which are members of the nuclear hormone class of receptors (Swindell and 

Eichele, 1999; Zhu et al., 2017; Ghyselinck and Duester, 2019; Nolte et al., 2019). Retinoic 

acid receptors then form heterodimeric complexes that bind to retinoic acid response 

elements (Figure 4.2; Swindell and Eichele, 1999; Nolte et al., 2019). Many genes that are 

expressed during early development, including Hox genes, contain upstream retinoic acid 

response elements (Figure 4.2). Hox genes are therefore activated in developing embryos 

by retinoic acid (Durston et al., 1989; Boncinelli et al., 1991; Ruiz i Altaba and Jessel, 

1991; Marshall et al., 1994; Kolm and Sive, 1995). Hox genes contain enhancers that 

mediate their response to retinoic acid and regulate which Hox genes are expressed where 

and changing the concentration of retinoic acid in the embryo can not only change which 

Hox genes are expressed within a segment but also the location of their expression across 

the somites (Langston and Gudas, 1992; Blumberg et al., 1997). Application of exogenous 

retinoic acid causes the posteriorization of somites, while inhibiting retinoic acid or 
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mutations that cause certain Hox genes not to be expressed causes the anteriorization of 

segments (e.g., Figure 1.6; Durston et al., 1989; Kessel et al., 1990; Ruiz i Altaba and 

Jessel, 1991; Conlan and Rossant, 1992; Ramírez-Solis et al., 1993; Manley and Capecchi, 

1997; McNulty et al., 2005). When retinoic acid response elements are mutated so they 

cannot interact with retinoic acid, Hox gene expression moves posteriorly (Kobrossy et al., 

2006). As a result of their nested expression and the location of endogenous retinoic acid 

within the developing embryo, Hox genes that are located closer to the 3’ end of the 

chromosome and that have a more anterior expression limit are expressed earlier during 

development and are more sensitive to retinoic acid concentration than Hox genes located 

closer to the 5’ end (Krumlauf, 1994; Blumberg et al., 1997; Nolte et al., 2019).   

 
Figure 4.2. How retinoic acid interacts with Hox genes. A) Without retinoic acid binding 
to retinoic acid receptors (RARs), transcription is repressed. B) In the presence of retinoic 
acid binding to retinoic acid receptors, which in turn interact with retinoic acid response 
elements (RAREs), transcription is activated. Modified from Marlétaz et al. (2006).  
 

Numerous experiments have shown that changing the expression domains of Hox 

genes either via applying exogenous or inhibiting retinoic acid, or by knocking down 

specific Hox genes, produces segmental or homeotic transformations along the anterior–

posterior axis of elements derived from paraxial mesoderm (Kessel et al., 1990; Conlan 
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and Rossant, 1992; Ramírez-Solis et al., 1993). In transgenic mice, deregulating the 

expression of hoxa7 causes malformations in the occipital arch including additional 

ossification on the exoccipital compared to controls, and fusion between the basioccipital 

and the vertebral column (Kessel et al., 1990). Moving the anterior limit of hoxa7 

expression anteriorly and inhibiting hoxb4 and hoxd4 expression also resulted in 

transformed cervical vertebral elements (Kessel et al., 1990; Ramírez-Solis et al., 1993; 

Horan et al., 1995). By moving hoxa7 expression anteriorly, the morphology of the second 

vertebral element (the axis) resembled the third vertebral element and an additional 

vertebral element between the skull and the first vertebral element (the atlas) developed, 

which the authors termed a proatlas (Kessel et al., 1990). By moving the anterior limit of 

the expression domains of hoxb4 and hoxd4 posteriorly, or by simply inhibiting hoxb4 and 

hoxd4 expression, the morphology of the second vertebral element resembled that of the 

first vertebral element (Ramírez-Solis et al., 1993; Horan et al., 1995).  

While the literature is dominated by studies on amniote models, some similar 

experiments using exogenous retinoic acid have been conducted in amphibians. For 

example, applying exogenous retinoic acid to Xenopus laevis embryos at developmental 

stages prior to or during mid-neurulation stages causes microcephaly that results in the loss 

of anterior structures such as the eyes, nasal pits, forebrain, and midbrain, and the cement 

gland (Durston et al., 1989; Sive et al., 1990; Ruiz i Altaba and Jessel, 1991). Retinoic acid 

additionally causes truncated tail development (Ruiz i Altaba and Jessel, 1991), which also 

occurs in loss of function experiments for hoxc6 (e.g., Zhu et al., 2017a). Applying retinoic 

acid to X. laevis embryos at later developmental stages does not cause such drastic effects 

to anterior structures but does still affect posterior structures such as tail development 
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(Durston et al., 1989; Sive et al., 1990; Ruiz i Altaba and Jessel, 1991). Previous gene 

expression pattern research in amniotes and in X. laevis has shown that anteriorly expressed 

Hox genes can have their anterior boundary shifted with the application of exogenous 

retinoic acid (e.g., Durston et al., 1989; Kessel et al., 1990; Ruiz i Altaba and Jessel, 1991; 

Conlan and Rossant, 1992; Ramírez-Solis et al., 1993; Manley and Capecchi, 1997; 

McNulty et al., 2005). However, none of these studies looked at the consequences of 

changing gene expression patterns on late developing structures, like the skull.  

Inhibiting retinoic acid in X. laevis also causes morphological abnormalities (e.g., 

Schuh et al., 1993), as in amniote model organisms. Inhibition can be induced using citral, 

a chemical that inhibits the oxidation of retinol to retinoic acid, and thus results in lower 

concentrations of endogenous retinoic acid within the developing embryo (Schuh et al., 

1993; Tanaka et al., 1996). Specifically, the developing branchial arches bulge excessively, 

and the heads are larger and expanded laterally ventral to the eyes in comparison to controls 

(Schuh et al., 1993). As in exogenous retinoic acid studies, these researchers did not 

examine the consequences of applying citral on the resulting morphology of the skull.   

In Ambystoma mexicanum some experiments studying Hox gene expression 

patterns and other experiments on exogenous retinoic acid have been conducted mostly in 

studies of limb regeneration (e.g., Maden, 1983; Gardiner et al., 1995; Torok et al., 1998; 

Carlson et al., 2001; Bickelmann et al., 2018) and lateral line development (e.g., Gibbs and 

Northcutt, 2004). For example, it has been found that applying retinoic acid to a 

regenerating limb causes serial repetitions along the proximal to distal axis, resulting in 

regenerated limbs with morphologies that range from extra carpels to entirely duplicated 

limbs (Maden, 1983). In the regenerating limbs, applying retinoic acid also decreases the 
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concentration of hoxa13 (Gardiner et al., 1995). In the lateral lines, high concentrations of 

retinoic acid caused a reduction in the number of neuromasts present (Gibbs and Northcutt, 

2004). The treatment additionally caused microcephaly, eye and otic capsule 

abnormalities, as seen in X. laevis and amniotes (Gibbs and Northcutt, 2004). As in X. 

laevis, these studies did not examine consequences on the skull.  

The goal of the present study is to test the hypothesis that perturbing Hox gene 

expression domains can cause homeotic transformations at the occiput in A. mexicanum 

and X. laevis. To further understand the potential evolutionary mechanism that gave rise to 

the derived lissamphibian condition, manipulation of Hox gene expression domains were 

performed using amphibian model organisms A. mexicanum and X. laevis. Exogenous 

retinoic acid was administered to embryos during early somitogenesis via their water to 

move Hox gene expression anteriorly, and citral, which inhibits retinoic acid expression 

(Schuh et al., 1993; Kronmiller et al., 1995; Di Renzo et al., 2007), was administered also 

via water to move Hox gene expression posteriorly. The resulting embryos were allowed 

to grow to various post-hatching developmental stages in order to examine the resulting 

skull morphologies from these treatments. In addition to describing these resulting 

morphologies, I used somite lineage tracing experiments in A. mexicanum and nerve 

staining analysis in both A. mexicanum and X. laevis to confirm the occurrence of induced 

homeotic transformations. The results are discussed as they relate to the evolution of the 

skull–neck boundary in tetrapods.  
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4.2: Methods 

4.2.1: Animal care and breeding 

Ambystoma mexicanum 

Adult A. mexicanum breeding pairs are maintained as part of the breeding colony 

in the Maddin Lab at Carleton University, Ottawa, Canada (original source: Ambystoma 

Stock Center, Kentucky, IL). All A. mexicanum are housed and cared for in accordance 

with the Canadian Council on Animal Care and Carleton University’s Animal Care 

Committee approved animal use protocol (AUP #102951). Clutches of A. mexicanum 

embryos were obtained from natural breeding events between male and female leucistic 

mature adults. Embryos were dejellied (i.e., the protective membranes surrounding the 

embryo were removed) manually using forceps after neural tube closure and kept in agar-

lined Petri dishes filled with autoclaved 40% Holtfreter’s solution in an incubator at 18°C. 

At approximately stage 45 (Bordzilovskaya et al., 1989) larvae were transferred to 

containers containing 20% Holtfreter’s solution and maintained at 18°C on a 12-hour day 

and 12-hour night light cycle. Once able to feed, hatched larvae were fed a diet of larval 

brine shrimp once daily. Embryos were staged according to Bordzilovskaya et al. (1989) 

and larvae were staged according to Nye et al. (2003). 

Xenopus laevis 

         Adult X. laevis breeding pairs are maintained as part of the breeding colony in the 

Maddin Lab at Carleton University, Ottawa Canada (source: Marine Biology Laboratories, 

Massachusetts). All X. laevis are housed and cared for in accordance with the Canadian 

Council on Animal Care approved animal and Carleton University’s Animal Care 

Committee approved animal use protocol (AUP #102952). In order to induce spawning, 
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female X. laevis were initially injected with 50 IU (international units) of human chorionic 

gonadotropin (HCG; Sigma C1063). After 48 hours, the female was injected again with 

500 IU of HCG. At the time of the female’s second injection, a male was injected with 50 

IU of HCG. Both frogs were then placed together in a nuptial tank with artificial plants and 

tubing. The next morning, embryos were collected and chemically dejellied using a 2% 

solution of buffered L-Cysteine free base (Fisher Scientific BP376100). X. laevis embryos 

were stored in agar lined Petri dishes filled with autoclaved 10% Holtfreter’s solution. At 

approximately stage 46 (Nieuwkoop and Faber, 1994), tadpoles were transferred to small 

tanks filled with 20% Holtfreter’s solution. Once able to feed, tadpoles were fed a diet of 

Tropical Pro Defence Hi-Protein food for fry once daily. Embryos and tadpoles were staged 

according to Nieuwkoop and Faber (1994). 

4.2.2: Retinoic acid experiments 
 
Ambystoma mexicanum 

  Stage 28 to 35 (Bordzilovskaya et al., 1989) embryos were placed in a 40% 

Holtfreter’s solution containing final concentrations of 0.01 µM or 0.05 µM retinoic acid 

(Sigma Aldrich R2625) dissolved in dimethyl sulfoxide solution (DMSO; Fisher 160239). 

Previous research in X. laevis has shown that lower concentrations of retinoic acid do not 

produce head defects (Durston et al., 1989), as A. mexicanum embryos are larger than X. 

laevis embryos, both the minimum dose required to produce defects in X. laevis and 

stronger concentrations were attempted here. These specimens were left in their treatment 

for four or seven days and then raised under normal conditions until hatching stage 46 or 

later (Bordzilovskaya et al., 1989). Control specimens were placed in 40% Holtfreter’s 

solution and an equal volume of DSMO alone as that added to experimental animal water. 
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Once specimens reached the desired stage (i.e., when at least all elements of the 

chondrocranium were present as determined in Chapter 3), they were anesthetized by 

adding a few drops of 4% MS-222 (ethyl 3-aminobenzoate methanesulfonate [Sigma-

Aldrich E10521]) to their container. Once vital signs disappeared the specimens were then 

fixed in 10% neutral buffered formalin (NBF; Fisher SF98) overnight at room temperature 

and then dehydrated for storage in a 70% ethanol solution at room temperature. Total 

specimen numbers for each treatment can be found in Appendix G. 

Xenopus laevis  

Embryos at developmental stages ten or eleven (Nieuwkoop and Faber, 1994) were 

placed in a 10% Holtfreter’s solution containing final concentrations of 0.01 µM or 0.001 

µM retinoic acid dissolved in DMSO solution for 30- and 60-minute pulses, or overnight 

for seventeen hours. Previous research has shown that lower concentrations of retinoic 

acid, and embryos first exposed to exogenous retinoic acid after stage fourteen, do not 

produce head defects in X. laevis (Durston et al., 1989). Control specimens were placed in 

10% Holtfreter’s solution and an equal volume of DSMO alone as that added to 

experimental animal water. Specimens were then raised until post-hatching stages of 

development (Nieuwkoop and Faber, 1994) under normal conditions. Once specimens 

reached the desired stage (i.e., when at least all elements of the chondrocranium were 

present as determined in Chapter 3), they were anesthetized by adding a few drops of 4% 

MS-222 to their container. Once vital signs disappeared, specimens were then fixed in 10% 

NBF overnight at room temperature and then dehydrated for storage in a 70% ethanol 

solution at room temperature. Total specimen numbers for each treatment can be found in 

Appendix H. 



132 
 

4.2.3: Citral experiments 

Ambystoma mexicanum 

Stage 25 to 30 (Bordzilovskaya et al., 1989) embryos were placed in a 40% 

Holtfreter’s solution containing final concentrations of 5 µM, 10 µM, or 20 µM citral 

(Acros Organics AC110441000) dissolved in DMSO solution. Stronger doses of citral 

were used in an earlier experiment on limb regeneration (Scadding, 1999), however, the 

embryos did not tolerate citral treatment well. The doses used here were the maximum 

tolerated by embryos, where at least one embryo survived treatment. Specimens remained 

in citral treatments for a total of two weeks and were then raised under normal conditions 

to post-hatching stages of development (Nye et al., 2003). Control specimens were placed 

in 40% Holtfreter’s solution and an equal volume of DSMO alone as that added to 

experimental animal water. Once specimens reached the desired stage (i.e., when all the 

cartilaginous elements of the skull are present as determined in Chapter 3), they were 

anesthetized by adding a few drops of 4% MS-222. The specimens were then fixed in 10% 

NBF overnight at room temperature and then dehydrated for storage in a 70% ethanol 

solution at room temperature. Total specimen numbers for each treatment can be found in 

Appendix G. 

Xenopus laevis 

Stage 10 and 11 (Nieuwkoop and Faber, 1994) embryos were placed in a 10% 

Holtfreter’s solution containing final concentrations of 1 µM, 2.5 µM, 5 µM 10 µM, 15 

µM, or 20 µM citral dissolved in dimethyl sulfoxide solution for 24 hours. Control 

specimens were placed in 10% Holtfreter’s solution and an equal volume of DSMO alone 

as that added to experimental animal water. Specimens were then raised to post-hatching 
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developmental stages (Nieuwkoop and Faber, 1994) under normal conditions. Once 

specimens reached the desired stage (i.e., when at least all elements of the chondrocranium 

were present as determined in Chapter 3), they were anesthetized by adding a few drops of 

4% MS-222 to their container. Once vital signs disappeared, the specimens were then fixed 

in 10% NBF overnight at room temperature and then dehydrated for storage in a 70% 

ethanol solution at room temperature.  Total specimen numbers for each treatment can be 

found in Appendix H. 

4.2.4: Bone and cartilage staining 

In order to visualize cartilage and bone morphology in control and experimental 

animals, specimens were subjected to standard clearing and staining methods. To visualize 

cartilage, specimens were placed in an Alcian blue (8GX, Acros Organics A3157) solution 

(20 mL acetic acid, 75 mL of 95% ethanol, 0.1 g alcian blue) for one to six hours, depending 

on the size of the specimen. Following this, specimens were moved through a hydration 

series (approximately one hour in each: 70%, 50%, 30% ethanol, distilled water) before 

they were transferred into a trypsin solution (30% saturated borate, 1% trypsin) and 

incubated at 37°C until their tissues were soft and approximately clear. Specimens were 

then transferred through a series of 1% potassium hydroxide (KOH) plus glycerol solutions 

(approximately one hour to one day in each: 3:1, 1:1, and 1:3 KOH to glycerol) for further 

clearing and were finally stored in 100% glycerol. 

To visualize bone development, specimens were placed into a 1% Alizarin red S 

(Sigma-Aldrich A5533) in a 1% KOH for one hour. The bone staining step is not size 

dependent. After bone staining, specimens were moved into a 30% saturated borate 

solution with 1% trypsin, and incubated at 37°C, until they were almost completely clear. 
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For storage and to finish clearing, the specimens were then transferred through a series of 

1% KOH plus glycerol solutions (approximately one hour to one day in each: 3:1, 1:1, and 

1:3 KOH to glycerol) and stored in 100% glycerol. 

4.2.5: Nerve staining 

 To visualize nerves as they relate to skeletal structures, the regressive nerve staining 

protocol outlined by Northcutt et al. (2000) was followed for both A. mexicanum and X. 

laevis specimens. Specimens were first bleached in a 10% hydrogen peroxide solution for 

one to two days, then washed in distilled water for two to three hours. Specimens were then 

macerated in a 3% trypsin (A. mexicanum) or 1% trypsin (X. laevis) in a 30% saturated 

borate solution until the tissues were clear and nerves were visible. To stain the nerves, 

specimens were then put in a 0.5% KOH solution for ten minutes, 70% ethanol solution 

for ten minutes, then in a filtered 0.5% Sudan Black B (Sigma-Aldrich 199664) dissolved 

in 70% ethanol solution for 30 minutes. To clear the excess Sudan Black B, specimens 

were washed in several 70% ethanol solutions until the nerves and tissues could be 

differentiated. Then, specimens were placed in a 0.5% KOH solution overnight. For long 

term storage, specimens were transferred through a series of 1% KOH plus glycerol 

solutions (approximately one hour in each: 3:1, 1:1, and 1:3 KOH to glycerol) and stored 

in 100% glycerol. 

4.2.6: Somite lineage tracing 

 An unpublished dataset (courtesy of Maddin and Piekarski) of A. mexicanum 

specimens with GFP (green fluorescent protein)-positive somites grafted to confirm if 

homeotic transformations was obtained. Two clutches of embryos were generated for this 

dataset that were the result of a cross between a leucistic individual and a ubiquitous GFP-
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positive transgenic individual. Surgeries were performed on embryos between stages 21 

and 27 (Bordzilovskaya et al., 1989). GFP-negative and GFP-positive embryos were first 

stage matched. The epidermis on the left side of both embryos was cut ventrally and peeled 

up, dorsally. The somite of interest was first removed from the host (GFP-negative) 

embryo. Next, the corresponding somite from the donor (GFP-positive) embryo was 

removed and it was placed within the space created in the host embryo. The epidermis was 

pulled back over the somites and held in place by a small piece of cover slip glass. Within 

an hour, host embryos had healed from the transplant surgery and were photographed for 

accuracy of the graft. Post-surgery embryos were then placed in autoclaved 40% 

Holtfreter’s solution containing final concentrations of 0.01 µM or 0.05 µM retinoic acid 

or 20 µM citral dissolved in DMSO solution. These specimens were left in their treatment 

for four, seven, or 14 days then removed from treatment and allowed to grow under normal 

conditions. Control specimens were placed in 40% Holtfreter’s solution and an equal 

volume of DSMO alone as that added to experimental animal water.  

Once specimens reached the desired stage (i.e., when skeletal structures of interest 

are present as determined in Chapter 3), they were anesthetized by adding a few drops of 

4% MS-222 to their container and then once vital signs disappeared they were fixed in 4% 

paraformaldehyde overnight at 4°C. Specimens were then dehydrated through a methanol 

in phosphate buffered solution (PBS) series (one hour in each: 25% methanol in PBS, 50%, 

and 75%) and stored in 100% methanol at -20°C. Specimens were later embedded in 

optimal cutting temperature (OCT) compound (Fisher Healthcare 23730571) by 

rehydrating the specimens through a  methanol in PBS series (one hour in each: 75% 

methanol in PBS, 50% methanol in PBS, 25% methanol in PBS, 100% PBS). Specimens 
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were then moved to a 15% sucrose in PBS solution and left overnight at 4°C, then placed 

in a 30% sucrose in PBS solution and left overnight at 4°C. Specimens were then left 

overnight for a third time in a 1:1 solution of 30% sucrose in PBS and OCT compound. 

The next day, specimens were mounted in an embedding mold filled with OCT compound 

and quickly frozen using a dry ice in 100% ethanol bath and stored at -80°C to preserve 

fluorescence.  

Embedded specimens were sectioned using a HM525 NX cryostat (Thermo 

Scientific) set to -20°C. Slices were 10 microns thick and resulting slides were stored at -

80°C to preserve fluorescence. Sections were checked for fluorescence using a Zeiss Axio 

Imager.M2 microscope using the DSRed filter and photographed using a monochrome 

camera attachment. Fluorescence was artificially coloured green in the Zeiss Zen software.  

4.3: Results 

4.3.1: Ambystoma mexicanum 

Many A. mexicanum specimens appeared to be developmentally normal based on 

external features, but when stained for cartilage or bone, it was clear that their internal 

development had been affected by their chemical treatments. Additionally, not every 

experimental specimen showed internal differences compared to controls. Entire 

Ambystoma mexicanum treatment groups were therefore batch whole-mount stained 

together, as it wasn’t always obvious based on external features which specimens possessed 

modified internal morphologies. Sixty-one experimental specimens exposed to retinoic 

acid were cleared and stained, of those, thirty specimens showed modified internal 

morphologies (Appendix G, Table G1). Fifteen experimental specimens exposed to citral 
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were cleared and stained and eleven specimens showed modified internal morphologies 

(Appendix G, Table G2).  

Exogenous retinoic acid experimental skull morphology 

 In control specimens, the internasal plate is positioned posterior to Meckel’s 

cartilage, whereas in experimental specimens at both dose levels (i.e., 0.01 μM and 0.05 

μM exogenous retinoic acid for either four or seven days) the internasal plate is positioned 

anterior to Meckel’s cartilage (Figure 4.3). The anterior position was the result of the 

deformed internasal plate, but also a deformed Meckel’s cartilage and palatoquadrate. 

Together, Meckel’s cartilage and the palatoquadrate formed more rounded elements in 

experimental specimens compared to controls (Figure 4.3). The trabecular cartilage was 

also a much shorter element in experimental specimens at both dose levels compared to 

that of control specimens (Figure 4.3).  

 In the otic and post-otic region of the skull, the spatial relationship between the otic 

capsules and the ceratobranchials changed in experimental specimens exposed to higher 

doses of retinoic acid (Figure 4.3). In control specimens, the ventrally located 

ceratobranchials and dorsally located otic capsules align anteriorly (Figure 4.3A). In 

specimens exposed to lower doses of retinoic acid (0.01 μM retinoic acid for four or seven 

days; Figure 4.3B), this relationship did not change. However, in specimens exposed to 

higher doses of retinoic acid (Figure 4.3C), the first ceratobranchial was positioned 

posterior to the anterior limit of the otic capsule. The occipital arch became smaller in 

experimental specimens at both dose levels (0.01 μM or 0.05 μM exogenous retinoic acid 

for four or seven days) compared to control specimens (Figure 4.3). In experimental 

specimens exposed to lower doses of retinoic acid (e.g., 0.01 μM retinoic acid for four or 
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seven days), the occipital arch would often be present as a smaller element. Either a 

completely or incompletely separate additional neural arch also occurred posterior to the 

occipital arch (Figure 4.3B).  

 The axial skeleton became important to examine in experimental specimens of A. 

mexicanum. As the shoulder girdle of A. mexicanum develops soon after hatching (Nye et 

al., 2003), it was a reliable indicator of how many segments had been transformed from 

occipital elements to axial elements (Figure 4.3). In control specimens, the shoulder girdle 

was consistently located between the first and second neural arches (Figure 4.3A). In 

specimens exposed to lower doses of retinoic acid (e.g., 0.01 μM retinoic acid for four or 

seven days), the shoulder girdle was often present between the second and third neural 

arches (Figure 4.3B). In some specimens exposed to higher doses of retinoic acid (e.g., 

0.05 μM retinoic acid for four or seven days), the shoulder girdle was present between the 

third and fourth neural arches (Figure 4.3C).  
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Figure 4.3. Ambystoma mexicanum specimens exposed to exogenous retinoic acid. 
Schematics to the right help to interpret the number of vertebral elements visible anterior 
to the shoulder girdle. A) A stage 49 control specimen with cartilage visible. The shoulder 
girdle is positioned between the first and second vertebral elements (dashed line). B) A 
stage 49 specimen exposed to 0.01 μM retinoic acid for four days. The shoulder girdle is 
positioned between the second and third vertebral elements. C) a stage 49 specimen 
exposed to 0.05 μM retinoic acid for seven days. The shoulder girdle is positioned between 
the third and fourth vertebral elements. There is a possible additional element near the otic 
capsule (oc), indicated by an asterisk. Scale bars equal 5 mm. Abbreviations: cb, 
ceratobranchials; inp, internasal plate; mc, Meckel’s cartilage; pq; palatoquadrate; oa, 
occipital arch; tr, trabecular cartilage; v1–4, first through fourth vertebral elements.  
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Some specimens exposed to lower doses of retinoic acid for shorter periods of time 

(e.g., 0.01 μM retinoic acid for four days) survived the treatment well and developed until 

ossification was present in their skull (Figure 4.4). While these specimens did not exhibit 

the same cartilage abnormalities as in younger specimens exposed to higher doses of 

retinoic acid, they often had abnormal frontal, parietal, and premaxilla elements. The alary 

process of the premaxilla was longer and thinner in experimental specimens compared to 

control specimens (Figure 4.4). The frontal and parietal elements were wavy instead of 

straight along their lateral extents (Figure 4.4).   

 
Figure 4.4. Older Ambystoma mexicanum specimens exposed to exogenous retinoic acid. 
A) A stage 55 control with bone (red) and cartilage (blue) visible. The frontal (f) and 
parietal (pa) bones are relatively straight. B, a stage 55 specimen that was exposed to 0.01 
μM retinoic acid for four days. The frontal and parietal bones are wavy (arrows). In B) the 
premaxilla has also changed shape (asterisk) compared to the morphology in A. Scale bars 
equal 5 mm.  
 

Citral experimental skull morphology  

 In the anterior, pre-otic region the morphology of the cartilaginous elements present 

in the skull did not change between control and any experimental specimens (Figure 4.5). 

In the post-otic region of the skull, the parachordal cartilage was longer in experimental 
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specimens (Figure 4.5). In control specimens, the posterior limit of the parachordal 

cartilage was located anterior to the posterior limit of the otic capsule (Figure 4.5A). In 

experimental specimens exposed to the highest doses of citral (e.g., 20 μM citral), the 

posterior limit of parachordal cartilage was located posterior to the posterior limit of the 

otic capsule (Figure 4.5C).  

 In experimental specimens, cartilage linking the occipital arch to the first neural 

arch (Figure 4.7B, C) and to the parachordal cartilage (Figure 4.5C) was present. This 

cartilage was rarely present, but when present appeared in specimens exposed to the highest 

doses of citral (e.g., 10 μM or 20 μM citral).  



142 
 

 
Figure 4.5. Ambystoma mexicanum specimens where normal retinoic acid expression 
within the embryo was inhibited with citral. Schematics to the right help to interpret the 
number of vertebral elements visible anterior to the shoulder girdle. A) A stage 48 control 
with cartilage visible. The skull–neck boundary (dashed line) is positioned between the 
occipital arch (oa) and the first vertebral element (v1). The shoulder girdle is located 
between the first and second (v2) vertebral elements. B) A stage 48 specimen exposed to 
10 μM citral for two weeks. The first vertebral element is connected to the skull via 
cartilage between it and the occipital arch. The shoulder girdle is now associated with the 
first vertebral element located outside of the head. C) A stage 48 specimen exposed to 20 
μM citral for two weeks. The cartilaginous link between the occipital arch and first 
vertebral element is stronger. The shoulder girdle is now associated with the first vertebral 
element located outside of the head. Scale bars equal 5 mm. Abbreviations: oc, otic 
capsule; pc, parachordal cartilage. 
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The specimens did not tolerate the citral treatment well; however, some specimens 

developed until ossification was present in their skull (Figure 4.6). As in specimens 

exposed to exogenous retinoic acid, the alary process of the premaxilla was elongated and 

thinner in experimental specimens compared to control specimens. The overall shape of 

the skull changed in the post-otic region of the skull, as in experimental specimens the 

region was wider than in control specimens (Figure 4.6).  

 

 
Figure 4.6. Older Ambystoma mexicanum specimens where normal retinoic acid synthesis 
within the embryo was inhibited with citral. A) A stage 55 control cartilage (blue) and bone 
(red) stained. The premaxilla (pm) and the shape of the back of the head (asterisk) are 
normal. B) A stage 55 specimen exposed to 15 μM citral for two weeks. The alary process 
of the premaxilla is much longer than observed in control specimens. The back of the head 
is rounder than observed in control specimens. Scale bars equal 5 mm. 
 
Experimental nerve morphology  

 A subset of experimental specimens exposed to exogenous retinoic acid and citral 

were stained to visualize nerves. Unfortunately, there were no morphological differences 

between the control and experimental specimens with respect to the relative location of the 

hypoglossal nerve. Five specimens exposed to exogenous retinoic acid were nerve stained 

and two specimens exposed to citral (Appendix G). In all specimens nerve stained and 
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examined, the hypoglossal nerve complex passed laterally through the axial skeleton 

between the occiput and the first vertebral element, regardless of treatment received (Figure 

4.7). As in control specimens, three roots were present in experimental specimens. Notably, 

the skeletal morphology of these specimens was also unchanged. 

 
Figure 4.7. Ambystoma mexicanum specimens, nerve stained. A) A stage 52 control 
specimen where the hypoglossal nerve nerve passes laterally through the axial skeleton 
between the occiput and first vertebral element (arrow). B) A stage 55 specimen exposed 
to 0.01 μM exogenous retinoic acid for four days. The hypoglossal nerve again passes 
laterally through the axial skeleton between the occiput and first vertebral element. C) A 
stage 55 specimen exposed to 20 μM citral for two weeks. The hypoglossal nerve again 
passes laterally through the axial skeleton between the occiput and first vertebral element. 
Scale bars equal 1 mm. 
 
Experimental somite cell-lineage tracing 

Somite cell-lineage tracing experiments were conducted on A. mexicanum 

specimens to determine the occurrence of homeotic transformations. In whole-mount 

specimens that were exposed to exogenous retinoic acid, morphological changes in muscle 

fate were apparent. In somite two grafted control specimens, GFP-labelling is present in 

the m. geniohyoideus and the m. rectus cervicis (Figure 4.8A, left panel). In a somite two 

grafted specimen exposed to 0.05 μM exogenous retinoic acid for two weeks, GFP-label 

was no longer observed in the m. geniohyoideus (Figure 4.8A, middle panel); however, 

label was still present in the m. rectus cervicis and additionally in a portion of the first 

hypaxial trunk muscle (Figure 4.8A, middle panel). The location of the GFP-label in this 

specimen exposed to exogenous retinoic acid is similar to the location of the GFP-label 

observed in specimens where somite three was grafted (Figure 4.8A, right panel).  
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 In whole-mount specimens where somite three was grafted GFP-labelling was 

present in the m. rectus cervicis and additionally in part of the first hypaxial trunk muscle 

(Figure 4.8A right panel, B left panel). In a specimen where somite three was grafted and 

then exposed to 0.01 μM exogenous retinoic acid for four days, the m. rectus cervicis was 

no longer GFP-labelled. The hypaxial trunk musculature was still GFP-labelled, and 

additionally the epaxial musculature was GFP-labelled (Figure 4.8B, middle panel). The 

location of the GFP-label in the specimen exposed to exogenous retinoic acid is similar to 

the location of the GFP-labelling observed in specimens where somite four was grafted 

(Figure 4.8B, right panel).  
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Figure 4.8. Unpublished dataset (courtesy of Maddin and Piekarski) of whole-mount 
Ambystoma mexicanum specimens with GFP-transplanted somites. Some experimental 
specimens were exposed to retinoic acid after somite transplantation to determine if 
homeotic transformations of somites had occurred. A) A control specimen in ventral view 
with somite two grafted (left) compared to a somite two grafted experimental specimen 
(middle) in ventral view that was exposed to 0.05 μM exogenous retinoic acid for two 
weeks. The GFP-labelled muscles resemble those found in a normal somite three grafted 
specimen (right), this specimen is also in ventral view. B) A control specimen with somite 
three grafted (left) in dorsal view compared to a somite three grafted experimental 
specimen (middle), also in dorsal view, that was exposed to 0.01 μM exogenous retinoic 
acid for four days. The GFP-labelled muscles resemble those found when somite four is 
grafted (right), specimen in lateral view. Abbreviations: ep, epaxial; gh, m. geniohyoideus; 
hy, hypaxial trunk musculature; rc, m. rectus cervicis. 
 
 In addition to the whole-mount specimens, additional GFP-labelled specimens, 

where somite three was grafted, were sectioned to better observe the contribution of the 

GFP-positive cells to the skull and axial skeleton. In control specimens, sections revealed 

weak GFP-label present in the posterior portion of the occipital arch and in the anterior 

portion of the first vertebral element (Figure 4.9A). Stronger GFP-label was present in the 

muscles due to higher abundance of cells in that tissue, in two dorsally located myotomes, 
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and in the ventrally located m. rectus cervicis and the first hypaxial trunk musculature 

(Figure 4.9A).  

 In a specimen where somite three was grafted then exposed to 0.05 μM exogenous 

retinoic acid for four days, the position of the GFP-label changed in comparison to the 

control. Weak GFP-labelling is present in the posterior portion of the first vertebral element 

and in the anterior portion of the second vertebral element (Figure 4.9B). Stronger GFP-

label is again present in the musculature. Two myotomes are GFP-labelled, as in the control 

specimen (Figure 4.9A, B). Ventrally, the hypaxial musculature is GFP-labelled (Figure 

4.9B).  

 A third specimen where somite three was grafted and then exposed to 20 μM of 

citral for two weeks was also sectioned and examined. In this specimen, GFP-label was not 

present in the axial skeleton at all. There was a weak GFP-label in the anterior portion of 

the occipital arch, and none in the posterior portion of the arch. A stronger GFP-label was 

seen in only one myotome (Figure 4.9C).  
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Figure 4.9. Unpublished dataset (courtesy of Maddin and Piekarski) of sectioned 
Ambystoma mexicanum specimens with GFP-transplanted somites. Each photographed 
section (left) has an interpretive schematic (right). A) A control specimen with somite three 
transplanted shows GFP-positive label in the posterior portion of the occipital arch and in 
the anterior portion of the first vertebral element. B) A specimen with a transplanted somite 
three that was then exposed to 0.05 μM exogenous retinoic acid for four days shows GFP-
positive label in the posterior portion of the first vertebral element and in the anterior 
portion of the second. C) A specimen with somite three transplanted that was then exposed 
to 20 μM citral, a retinoic acid inhibitor, for two weeks shows label entirely in the occipital 
arch and not in the vertebral elements. Abbreviations: ep, epaxial; gh, m. geniohyoideus; 
hy, hypaxial trunk musculature; oa, occipital arch; oc, otic capsule; my, myomere; rc, m. 
rectus cervicis; v1, first vertebral element; v2, second vertebral element.  
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4.3.2: Xenopus laevis 

External morphology  

 Previous research in exogenous retinoic acid and citral conducted in X. laevis 

revealed important external features that I could use to select specimens for cartilage, 

nerve, and bone staining (Figure 4.10; Ruiz i Altaba and Jessel, 1991; Schuh et al., 1993). 

Previous research showed that exogenous retinoic acid causes an increased number of 

melanophores (Figure 4.10B; Ruiz i Altaba and Jessel, 1991), whereas other research 

showed that inhibiting retinoic acid via citral causes a more rounded head in experimental 

specimens and a ventral bulge in the area of the hyobranchial apparatus (Figure 4.10D, F; 

Schuh et al., 1993). Not every experimental specimen exhibited these external features. 

Only specimens that had these external features were selected for cartilage, bone, and nerve 

staining analyses as they were the most promising to reveal an altered morphology. 

Twenty-one experimental specimens exposed to retinoic acid were cleared and stained, of 

those, seventeen specimens showed modified internal morphologies (Appendix H, Table 

H1). Twenty-three experimental specimens exposed to citral were cleared and stained and 

fifteen specimens showed modified internal morphologies (Appendix H, Table H2). 
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Figure 4.10. Xenopus laevis experimental specimens external morphology compared to 
the morphology of the control specimens. Exogenous retinoic acid and inhibiting retinoic 
acid expression causes visible, morphological changes to the external features of X. laevis. 
A) A stage 52 control specimen in dorsolateral view. B) A stage 52 experimental specimen 
in dorsolateral view exposed to 0.01 μM exogenous retinoic acid for 60 minutes during 
somite formation. The experimental specimen has darker pigmentation throughout (arrow). 
C) A stage 55 control in dorsal view. D) A stage 55 experimental specimen in dorsal 
exposed to 5 μM citral for 24 hours. The experimental specimen has a more rounded head 
in the ventral region (asterisk). E) A stage 55 control in ventrolateral view. F) A stage 55 
experimental specimen in dorsolateral view exposed to 5 μM citral for 24 hours. The 
hyobranchial apparatus of the experimental specimen protrudes more ventrally than in the 
control (asterisk). Scale bars equal 1 mm.  
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Exogenous retinoic acid experimental skull morphology 
 
 X. laevis specimens exposed to exogenous retinoic acid starting at stage 10 for 30-

minute pulses or left overnight for seventeen hours did not show morphological differences 

(data not shown), however, survivability was much higher when specimens were exposed 

to exogenous retinoic acid for only 60 minutes (Appendix H). For example, 30 out of 60 

specimens survived the 0.01 μM retinoic acid treatment for 60 minutes, versus eight out of 

120 specimens that survived the overnight treatment (Appendix H).  

 In X. laevis specimens, the morphological changes to the post-otic portion of the 

skull were not evident until specimens started to develop neural arches at stage 50–51 

(Figure 4.11). In younger specimens, morphological abnormalities to the hyobranchial 

apparatus were evident (Figure 4.11A, B). In these specimens, the ceratobranchials, 

pharyngeal clefts, and commissura terminalis were much less robust than observed in 

control specimens (Figure 4.11A, B). The commissura terminalis, the element that unites 

the four ceratobranchials distally, as well the ceratobranchials, were very fragile elements 

in experimental specimens with a smaller surface area than observed in controls (Figure 

4.11A, B).  

 Once specimens reached developmental stage 50–52, when the neural arches were 

first present, morphological changes to the post-otic region of the skull became evident. In 

the occipital arch, the exoccipital foramen was much larger in experimental specimens than 

observed in control specimens (Figure 4.11C, D). This is a result of a less robust occipital 

arch in experimental specimens (Figure 4.11D). In control specimens, the first neural arch 

is positioned immediately posterior to the occipital arch (Figure 4.11C). In experimental 
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specimens, a large gap was consistently present between the occipital arch and the first 

neural arch (Figure 4.11D).  

 
Figure 4.11. Xenopus laevis specimens exposed to exogenous retinoic acid. A) A stage 
43/44 control specimen. B) A stage 43–44 experimental specimen exposed to 0.01 μM 
retinoic acid for 60 minutes starting at stage 10. The four ceratobranchials, pharygenal 
clefts, and commissura terminalis are less robust (asterisk) than in control specimens. C) 
A stage 50/51 control specimen. D) A stage 50–51 experimental specimen exposed to 0.01 
μM retinoic acid for 60 minutes starting at stage 10. In the older experimental specimen, 
the ceratobranchials and commissura terminalis are again less robust than in control 
specimens. The jugular foramen of the occipital arch (oa) is much larger than in control 
specimens, and occipital arch as a whole is less robust in experimental specimens. 
Additionally, there is now a large gap between the occipital arch and the first vertebral 
element (v1). Scale bars equal 1 mm. 
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Citral experimental skull morphology 

 Xenopus laevis specimens exposed to citral and then stained with alcian blue for 

cartilage were difficult to interpret. The experimental specimens had more robust cartilage 

than observed in control specimens (data not shown) and it was difficult to assess cartilage 

at the occipital arch. In developmentally older specimens stained with Sudan Black B, 

which stains phospholipids and intracellular lipids and allows one to visualize nerves and 

bone (Filipski and Wilson, 1984), the occipital arch was easier to observe (Figure 4.12).   

 In control specimens, the first vertebral element is positioned quite close to the 

occipital arch, but these elements are separate (Figure 4.12A). In experimental specimens 

exposed to doses of citral at or higher than 2.5 μM, the first vertebral element was often 

attached to the posterior edge of the occipital arch and became one element confluent with 

the occipital arch (Figure 4.12B). In experimental specimens with this morphology the first 

true vertebral element (the second vertebral element in control specimens) was always 

positioned quite close to the occipital arch (Figure 4.12B). This morphology is visible in 

control specimens between the occipital arch and the first vertebral element (Figure 4.12A). 

The more posterior vertebral elements were then spaced evenly apart.  
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Figure 4.12. Xenopus laevis where normal retinoic acid expression within the embryo was 
inhibited with citral. Citral experimental specimens are whole-mount stained for cartilage 
A) and for nerves (B) (note cartilage is also stained in B). A) A stage 52–53 control showing 
that while the occipital arch (oa) and the first vertebral element (a1) are closely associated 
but are separate elements. B) A stage 52–53 experimental specimen treated with 2.5 μM 
citral for 24 hours. In B, the first vertebral element is attached to the occipital arch and the 
second vertebral element is now the first. Scale bars equal 1 mm. Line drawings to help 
interpret structures on the right. Dashed lines indicate the skull–neck boundary. 
Abbreviations: Oc, otic capsule; v1, first vertebral element; v2, second vertebral element.  
 
Experimental nerve morphology  
 

Unfortunately, X. laevis specimens exposed to exogenous retinoic acid did not stain 

well with Sudan Black B nerve staining protocols. However, a subset of experimental 

specimens exposed to citral (n=6) were stained to visualize nerves. In control X. laevis 

specimens, there was some variation among control specimens in where the hypoglossal 

nerve complex passed through the axial skeleton (see Chapter 3). In some control 

specimens, the hypoglossal nerve passed laterally between the first and second vertebral 
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elements (Figure 3.13C, D; Figure 4.13A). In other specimens, the hypoglossal nerve was 

observed to pass laterally between the first and second, and additionally between the 

second and third vertebral elements (Figure 3.13C). In X. laevis specimens exposed to 

citral, the hypoglossal nerve was observed to pass between the occipital arch and the first 

vertebral element in all specimens (Figure 4.13B).  

 
Figure 4.13. Xenopus laevis specimens, stained with Sudan Black B to visualize nerves. 
A) A stage 55 control specimen, the hypoglossal nerve (arrow) passes laterally through the 
axial skeleton between the first (v1) and second (v2) vertebral elements. B) In an 
experimental specimen exposed to 2.5 μM for 24 hours, the hypoglossal nerve (arrow) 
passes laterally through the axial skeleton between the occipital arch (oa) and the first 
vertebral element. Scale bars equal 1 mm. Other abbreviations: oc, otic capsule.  
 
4.4: Discussion  
 
 The goal of the present study was to test the hypothesis that a shift in Hox gene 

expression domains can cause homeotic transformations at the occiput in A. mexicanum 

and X. laevis. To test this hypothesis, I manipulated Hox gene expression domains by 

administering exogenous retinoic acid to and inhibiting retinoic acid in A. mexicanum and 

X. laevis embryos during somitogenesis (A. mexicanum and X. laevis) and before 

somitogenesis (X. laevis) with the prediction that this would cause homeotic transformation 

of somites at the skull–neck boundary. Applying exogenous retinoic acid or inhibiting the 

oxidation of retinol to retinoic acid via citral did confirm the ability to induce homeotic 
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transformation of somites in some experimental specimens, as shown with nerve staining 

analysis and GFP-grafting experiments.  

 This study is the first in which morphological changes in the skulls of A. mexicanum 

and X. laevis that were exposed to either exogenous retinoic acid or a retinoic acid inhibitor 

were observed and described for these species. The number of extraneous neural arches 

that appeared or neural arches attached to the skull are good indicators of homeotic 

transformation of somite fate. In amniotes, five somites generally contribute to the occipital 

arch or arches (Figure 4.14; de Beer, 1937; Couly et al., 1993; Huang et al., 2000; Maddin 

et al., 2020). For our lissamphibian model organisms, three somites contribute to the 

occiput in A. mexicanum (Figure 4.14; Piekarski and Olsson, 2007) and two somites are 

hypothesized to contribute to the occiput in X. laevis (Figure 4.14; de Beer 1937; Maddin 

et al., 2020). When A. mexicanum specimens were exposed to exogenous retinoic acid, 

lower doses of retinoic acid (e.g., 0.01 μM) caused the appearance of one additional neural 

arch anterior to the first vertebra (Figure 4.3B), and a higher dose of retinoic acid (e.g., 

0.05 μM) caused two additional neural arches to appear (Figure 4.3C). Conversely, when 

A. mexicanum was exposed to the retinoic acid inhibitor citral, the first vertebral element 

became connected to the occiput via a cartilaginous bridge, effectively transforming a 

formerly vertebral element into an exoccipital (Figure 4.5B, C). These observations are 

consistent with the prediction that when retinoic acid is applied to A. mexicanum embryos 

single somites transform from occipital to vertebral fates. The result when a single 

additional neural arch appears is interpreted as indicating one fewer somite contributing to 

the occiput in A. mexicanum, thereby replicating the condition present in normal 

development of X. laevis in the case of low dose exogenous retinoic acid application. 
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Conversely, when exposed to a retinoic acid inhibitor, a vertebral somite is added to the 

occiput, thereby approaching the amniote condition (Figure 4.14).  
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Figure 4.14. Schematic showing normal contributions to the occipital arch and the 
homeotic transformations caused in the present study. A) The normal contributions to the 
occipital arch are shown for amniotes (five), A. mexicanum (three), X. laevis (two), and 
agnathans (zero). B) When retinoic acid is inhibited (RA-), A. mexicanum contributes four 
somites to the occipital arch, which approaches the amniote condition of five. When 
exogenous retinoic acid at low concentrations (RA+) is administered, A. mexicanum 
contributes two somites to the occipital arch, which is the typical condition for X. laevis. 
When higher concentrations of exogenous retinoic acid are administered (RA++), one 
somite contributes to the occipital arch. C) When retinoic acid is inhibited in X. laevis, 
three somites contribute to the occipital arch, which is the typical condition found in A. 
mexicanum. When exogenous retinoic acid is applied, one half of a somite contributes to 
the occipital arch as the exoccipital arch still forms.  
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 In X. laevis, when exogenous retinoic acid was applied, the resulting morphology 

at the skull–neck boundary resembled the morphology observed in developing hagfish 

(Figure 4.14; Oisi et al., 2013; 2015), where a substantial gap between the occipital arch 

and the first neural arch of the vertebral column, or first myotome, is present during 

development. Hagfish, and other extant agnathans, do not contribute any somites to the 

occiput (de Beer, 1937; Oisi et al., 2013; 2015). The similar morphologies between 

developing hagfish and X. laevis specimens exposed to exogenous retinoic acid suggest 

that the experimental X. laevis specimens had all but half an occipital somite transformed 

to axial segments. As the occipital arch still formed, there must be at least half a somite 

contributing to the occiput. The citral treatments caused a single neural arch to become 

attached to the occiput (Figure 4.12). This suggests this somite has transformed fate from 

a vertebral to an occipital somite in X. laevis. As in A. mexicanum, all levels of citral doses 

only caused a single somite to transform fate (discussed below). With an additional 

occipital somite, X. laevis specimens treated with citral are interpreted as contributing three 

somites to the occiput, which is the same number as A. mexicanum under normal conditions 

(Figure 4.14).  

 While previous studies have shown that applying exogenous retinoic acid to 

amniotes and X. laevis causes Hox gene expression to shift anteriorly, these studies in X. 

laevis did not describe the possible homeotic transformations and resulting morphological 

consequences on the skeleton. Comparable Hox gene manipulation studies in A. 

mexicanum have not been previously conducted. Here, I show for the first time with 

morphological data that the application of exogenous retinoic acid and a retinoic acid 

inhibitor (citral) during somitogenesis and somite patterning can cause homeotic 
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transformations of somites along the anterior–posterior axis. To confirm these homeotic 

transformations, I used two methods. The first was the relative position of the hypoglossal 

nerve complex with respect to somite-derived structures along the anterior–posterior axis. 

I predicted here that the position of the hypoglossal nerve complex and the associated 

somites, would appear to change relative to one another with the application of retinoic 

acid and a retinoic acid inhibitor.  

Under normal developmental conditions, the hypoglossal nerve complex passes 

laterally from the axial skeleton between the occiput and the first vertebral elements in A. 

mexicanum (Figure 3.14; Norris, 1908; Norris, 1913; Herrick, 1948; Edwards, 1976). In 

experimental A. mexicanum specimens that were stained for nerves, the hypoglossal nerve 

passed laterally in the same location – i.e., between the occiput and the first vertebral 

element no matter the treatment (Figure 4.7). However, notably, these specimens did not 

possess the other morphological changes in the skeleton one would expect if homeotic 

transformations had taken place. They did not have extra vertebral elements when exposed 

to exogenous retinoic acid, nor did they have the first vertebral element attached to the 

occiput via cartilage when exposed to citral. They instead had very minor changes to 

anterior portions of the skull and to the shape of the skull (Figures 4.4; 4.5). It is therefore 

likely the A. mexicanum selected for the nerve staining procedures did not possess any of 

the homeotic transformations observed in other specimens, and this could be for a couple 

of reasons. The first is that A. mexicanum embryos exposed to exogenous retinoic acid and 

citral did not respond equally to the treatment. This could be the result of either imperfect 

mixing when the chemical was added to the embryos’ water (both were poorly water 

soluble and had to be diluted in DMSO) or possible natural variation in sensitivity to the 
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chemicals. Secondly, it was rare for A. mexicanum specimens to survive the exogenous 

retinoic acid or citral treatments at levels required to induce a change. Specimens that 

survived their treatments were less likely to have severe homeotic transformations and 

were therefore more likely to be able to function (i.e., for X. laevis the experimental 

specimens had complete heads unlike the external morphology observed in previous 

studies where specimens had microcephaly [Durston et al., 1989; Sive et al., 1990; Ruiz i 

Altaba and Jessel, 1991]) Additionally, younger specimens did not stain well with Sudan 

Black B nerve staining protocols. Thus, in order to have good, visible nerves, the specimens 

needed to be at developmental stages where they had ossification. The original protocols I 

adapted for use in this project (Filipski and Wilson, 1984; Northcutt et al., 2000) stained 

mature fish (Filipski and Wilson, 1984) and ten-week-old to adult A. mexicanum specimens 

(Northcutt et al., 2000). Ten-week-old A. mexicanum specimens are approximately 30 to 

40 days after hatching, or stage 54 or older (Nye et al., 2003). My specimens that had the 

most skull deformities did not survive past stage 50, or approximately one week after 

hatching (Nye et al., 2003).  

In control X. laevis specimens, branches of the hypoglossal nerve complex pass 

laterally through the axial skeleton in two locations in specimens examined here: between 

the first and second vertebral elements and between the second and third (Figure 3.14; 

Naumann and Olsson, 2018). As with A. mexicanum, X. laevis embryos exposed to 

exogenous retinoic acid did not respond well to Sudan Black B nerve staining. Again, this 

was likely because the embryos did not survive to an old enough developmental stage for 

Sudan Black B nerve staining to work. However, X. laevis specimens exposed to citral 

developed well to advanced developmental stages and were able to be nerve stained using 
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the Sudan Black B protocols. In experimental citral specimens, the hypoglossal nerve 

complex passed laterally between the occipital arch and the first vertebral element. This is 

the same morphology observed in control A. mexicanum specimens. Notably, the citral 

specimens that were nerve stained also showed a morphology consistent with homeotic 

transformations. Using the position of the hypoglossal nerve complex, X. laevis citral 

experimental specimens are interpreted as possessing three occipital somites. 

Overall, it appears that the hypoglossal nerve complex is a reliable indicator of 

homeotic transformations, if the embryos can survive past hatching stages, and if Sudan 

Black B staining protocols can be properly adjusted for juvenile specimens. In the future, 

however, it will be important to find better nerve staining methods to use the hypoglossal 

nerve complex to show homeotic transformations in younger A. mexicanum and X. laevis 

specimens. Previous research on juveniles (e.g., stage 43) where A. mexicanum specimens 

were exposed to retinoic acid and examined the resulting morphology of the lateral lines 

and the resulting anterior cranial nerve (i.e., olfactory, optic, and trigeminal nerves) 

morphologies used immunohistochemistry to visualize the nerves (Northcutt et al., 1994; 

Gibbs and Northcutt, 2004). In the future, I would be interested in attempting 

immunohistochemistry methods to study the resulting nerve morphology in young 

experimental specimens.  

The second method used to confirm homeotic transformations was the GFP-

positive somite grafting experiments conducted on A. mexicanum. With the baseline of 

contributions of somites two and three to the occiput determined in Chapter 3 and with 

their contributions to muscles previously published (Piekarski and Olsson, 2007), it was 

expected that if homeotic transformations were occurring as a result of the exogenous 
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retinoic acid and citral treatments the fate of these somites would change. Specifically, it 

was predicted that with application of exogenous retinoic acid the fate of somite two would 

be transformed into the fate of somite three, and the fate of somite three transformed into 

the fate of somite four. With citral treatments, it was predicted that the fate of somite three 

would be transformed into the fate of somite two. The results of the GFP-grafting 

experiments confirmed these predictions (Figure 4.8; 4.9). When exogenous retinoic acid 

was applied to specimens where somite two was grafted, the resulting muscle fate 

resembled a normal somite three graft (Figure 4.8A). Then, when exogenous retinoic acid 

was applied to specimens where somite three was grafted, the resulting muscle fate 

resembled a normal somite four graft (Figure 4.8B). The sectioned specimens allowed the 

somitic contributions of somite three to the cartilages of the occiput and vertebral column 

to be studied. In a specimen exposed to exogenous retinoic acid, labelled cells from somite 

three were located completely outside of the skull, within structures of the now first and 

second vertebral elements. This is the fate of somite four in a normal embryo (Figure 4.9B). 

In a specimen exposed to citral, labelled cells from somite three were located within the 

anterior portion of the occipital arch. The posterior portion of the occipital arch was 

unlabelled. This is the fate of somite two in a normal embryo. With somite three positioned 

entirely in the skull, the skull–neck boundary would then correspond to being within somite 

four, which is consistent with the whole-mount cartilage-stained morphological data 

(Figure 4.14B). Overall, these GFP-somite grafting experiments confirmed that homeotic 

transformations took place in the treated A. mexicanum specimens. In the future, it will be 

important to collect complementary grafting data in X. laevis.  
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A final way one could confirm the occurrence of homeotic transformations, and 

reveal the potential mechanistic basis, would be to examine Hox gene expression domains 

in treated and untreated specimens. The unique combination of Hox genes expressed in a 

somite gives that somite its fate – i.e., cervical, thoracic, caudal, etc. (Kessel and Gruss, 

1990; Ramírez-Solis et al., 1993; Burke et al., 1995; Nowicki and Burke, 2000; Wellik and 

Capecchi, 2003). The anterior expression boundary of certain paralogous Hox groups mark 

transitions along the anterior–posterior axis (Figure 1.5; Burke et al., 1995). For example, 

the cervical to thoracic boundary is marked by the transition between Hox groups five and 

six (Burke et al., 1995). Data collected in amniotes (e.g., Gaunt et al., 1988; Godsave et 

al., 1994; Burke et al., 1995; Manzanares et al., 2001; Gaufo et al., 2003) have shown that 

Hox three paralogs (occipital region expression) and Hox four paralogs (anteriormost 

cervical region expression) are of special interest in the story of skull–neck boundary 

evolution (Mallo et al., 2010). Previously published expression data for candidate Hox 

genes hoxb3 and hoxd4 in amniotes show that these genes may be particularly useful here 

(e.g., Gaunt et al., 1988; Gaunt, 1994; Gaunt and Strachan, 1994; Godsave et al., 1994; 

1998; Manzanares et al., 2001; Gaufo et al., 2003; Rastegar et al., 2004; Kobrossy et al., 

2006). Hoxb3’s normal anterior expression limit is within somite five in amniotes and it is 

also present in the hindbrain (Gaunt et al., 1988; Gaunt, 1994; Godsave et al., 1994; 1998; 

Manzanares et al., 2001; Yau et al., 2002; Gaufo et al., 2003) and hoxd4’s normal anterior 

expression limit is at the anterior boundary of somite seven in chicken (Gaunt and Strachan, 

1994; Burke et al., 1995) and between somites four and five in mice (Rastegar et al., 2004; 

Kobrossy et al., 2006) and like hoxb3, it is also present in the hindbrain (Morrison et al., 

1997).  
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While similar gene expression data is not available for A. mexicanum, it is published 

for X. laevis. In X. laevis, hoxb3 is expressed strongly in the hindbrain and is expressed 

much more weakly in the mesoderm than observed in amniotes such as mice (Godsave et 

al., 1994). Many of the Hox group b genes are expressed more weakly in the mesoderm of 

X. laevis than in that of amniotes, with the exception of hoxb4 (Godsave et al., 1994). This 

expression pattern is also true of hoxd4 in X. laevis in comparison to that of chick or mice 

(e.g., McNulty et al., 2005). In the future, it will be important to collect gene expression 

data for hoxb3 and hoxd4 for normal development in A. mexicanum and the gene expression 

data for perturbed development in both A. mexicanum and X. laevis. While published gene 

expression data on hoxb3 perturbed by retinoic acid exists for X. laevis (Godsave et al., 

1998), that study focused on applying enough exogenous retinoic acid to remove structures 

anterior to the hindbrain and eventually also the hindbrain in young embryos. A future 

study on hoxb3 and hoxd4 gene expression in the mesoderm, comparing expression 

patterns of normal and perturbed development to the vast literature on amniote Hox gene 

expression, will be necessary to confirm with absolute certainty that homeotic 

transformations caused by exogenous retinoic acid and citral were in turn the result of 

changes to homologous Hox genes that determine the fate of skull–neck boundary 

structures, and thus its location.  

Aside from compiling evidence of homeotic transformations, an interesting result 

of the citral experimental specimens was only one segment being consistently recruited 

into the skull. Even in X. laevis specimens, which tolerated citral treatments well at higher 

doses when A. mexicanum consistently had very low survivability, only one additional 

segment appeared to be recruited into the skull. I expected that, like the exogenous retinoic 
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acid treatments, higher concentrations would have stronger morphological effects. Citral, 

the chemical used in the current study to lower the concentration of endogenous retinoic 

acid in the developing embryo works by inhibiting the alcohol dehydrogenase that oxidizes 

retinol to retinaldehyde as well as the aldehyde dehydrogenase that oxidizes retinaldehyde 

to retinoic acid (Schuh et al., 1993; Tanaka et al., 1996; Scadding et al., 1999). Retinoic 

acid is important for many tissues in the developing embryo, not just Hox gene expression 

and patterning in the somites (Durston, 2019; Ghyselinck and Duester, 2019; Nolte et al., 

2019). It is also important for heart, gut, eye, kidney, and reproductive tract development, 

as well as forelimb development (Cartry et al., 2006; Ghyselinck and Duester, 2019; Nolte 

et al., 2019). Previous citral experiments in X. laevis showed that this chemical severely 

disrupts the development of the kidneys (Cartry et al., 2006). Finding a concentration of 

citral that both inhibited retinoic acid enough to cause homeotic transformations at the 

skull–neck boundary, without adversely affecting these other important systems so the 

embryo could survive, was difficult. This difficulty highlights the importance of transgenic 

animals or genetic knockdowns for their more targeted approach versus global chemical 

treatments, which affect the entire embryo. With more time, and more embryos, higher 

concentrations could be attempted for X. laevis, which survived citral treatment well. For 

A. mexicanum specimens, which rarely survived citral treatments, higher concentrations 

may not be possible without disrupting other embryonic functions too much and a targeted 

approach might need to be developed. 

Another interesting result occurred when exogenous retinoic acid was applied to X. 

laevis. Even when the specimens resembled the hagfish morphology (Figure 4.11D; Oisi 

et al., 2013; 2015), with a gap between the first neural arch and the otic capsule, the 
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exoccipitals still formed. It is therefore likely that a partial somite was still contributing to 

the occipital arch even though the morphology resembled the hagfish, where zero occipital 

somites are present. This likely possibility would need to be confirmed with somite fate 

mapping studies in experimental specimens. It is also interesting to me that amphibians 

have exoccipitals at all. In mouse and chicken, all five occipital somites contribute to the 

exoccipitals, as well as to the basioccipital (Huang et al., 2000; Couly et al., 1993). Both 

the basioccipital and the exoccipital elements contribute to the occipital condyles, which 

are important for the joint that forms with the vertebral column and for head movement. In 

species where the basioccipital is reduced or absent, the exoccipitals are larger elements 

(Figure 1.3). Lissamphibians do not have a basioccipital (see Chapter 2), and while cell-

lineage tracing is not available for the first somite, in A. mexicanum somites two and three 

contribute to the exoccipitals (see Chapter 3). Since even X. laevis, which likely contributes 

fewer occipital somites to the skull than A. mexicanum (Chapter 3), forms exoccipital 

elements, it is likely that there is some sort of evolutionary pressure for the exoccipitals to 

form from the occipital somites, pressure that the basioccipital is not under. Early research 

into homology of structures along the anterior–posterior axis found that while the 

association of elements with segments along the anterior–posterior axis can change, 

important elements will always form anyway (Goodrich, 1913). This is why morphological 

elements like the shoulder and pelvic girdles, or the hypoglossal nerve complex, will form 

even if the somites they are associated with change (Goodrich, 1913; Burke et al., 1995). 

In amniotes exposed to exogenous retinoic acid, the basioccipital is often malformed, the 

exoccipitals less so, and never to the extent of the basioccipitals (e.g., Kessel et al., 1990). 

That the exoccipitals formed here in all surviving specimens, even in the presence of high 
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concentrations of retinoic acid, indicates a stronger selective pressure for this element to 

form and be retained, pressure that does not encompass every occipital element.  

Finally, of particular interest is what could be the driving force behind the reduced 

number of occipital somites in lissamphibians. Transgenic A. mexicanum that fluorescently 

report retinoic acid signalling in the developing embryo may help to explain why fewer 

occipital somites are present (Monaghan and Maden, 2012). During somitogenesis, retinoic 

acid is being synthesized in somites three through seven and in the pronephros (Monaghan 

and Maden, 2012). In A. mexicanum, the anterior limit of the pronephros is found at the 

level of somite four, whereas in X. laevis it is found at the level of somite three (Figure 

3.1). In chick, the anterior limit of the pronephros is located more posteriorly, and is 

associated with somite eight (Grinstein et al., 2013) and in mice it is associated with somite 

seven (Cartry et al., 2006). This slightly more posteriorly located anterior limit of the 

pronephros in amniotes compared to lissamphibians lines up with the slightly more 

posterior limit of the Hox gene paralogous groups expressing at the skull –neck boundary. 

Previous research has shown that exogenous retinoic acid in X. laevis also expanded the 

region taken up by the pronephros (Cartry et al., 2006), in addition to resulting in fewer 

somites contributing to the occipital arch. Thus, it is likely that the fewer occipital somites 

and the more anteriorly located limit of the pronephros observed in A. mexicanum and X. 

laevis is the result of retinoic acid signalling at a more anterior location in these species. It 

is possible retinoic acid being synthesized in the pronephros, which is located more 

anteriorly in A. mexicanum and X. laevis than in amniotes, may be influencing the adjacent 

Hox gene expression domains, and the skull–neck boundary is moved as a side effect. Or, 

the converse may be true; more anteriorly located retinoic acid is required for an event 
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concerning the skull–neck boundary and the pronephros is along for the ride. Finally, both 

structures may have been shifted anteriorly to accommodate another, more posteriorly 

located structure. What, exactly, is driving the more anteriorly positioned retinoic acid in 

lissamphibians still needs to be discovered.  

4.5: Conclusions 
 

In sum, this study represents the first-time homeotic transformations at the skull–

neck boundary were performed in lissamphibian model organisms where the resulting 

morphology of skull–neck boundary structures – i.e., the occiput and first vertebral 

elements – were studied. I demonstrated that homeotic transformations can indeed be 

induced via two methods of evaluation, the relative location of the hypoglossal nerve 

complex to skeletal structures and cell-lineage tracing via GFP-positive grafted somites. 

Interestingly, the resulting homeotic transformations generated phenocopies of skull–neck 

boundary morphologies seen in other tetrapod groups, which indicates a similar 

phenomenon may have important evolutionary implications. In the future, it will be 

important to confirm that homeotic transformations occurred in correspondence to 

modifications in Hox gene expression. However, given the vast literature available on this 

front, it is very likely to be the case. The cause of a shift in Hox gene expression domains 

remains an open question at this point. However, I speculate that the anterior shift in the 

skull–neck boundary may be the result of an anterior shift of other structures located along 

the anterior–posterior axis, such as the adjacent pronephros. Ultimately, the driving force 

behind the loss of the occipital somites in lissamphibians has yet to be discovered. Future 

research on the broad possibilities, such as the pronephros, or other yet unidentified 
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possibilities (see Chapter 5), will be important to discover why exactly lissamphibians 

contribute fewer somites to the occipital arch. 
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Chapter 5: Discussion 

Vertebrate life today exhibits a great diversity of morphological forms. We are only 

beginning to understand the developmental mechanisms that gave rise to this 

morphological diversity. The fossil record reveals even greater diversity and captures key 

morphological transformations throughout evolutionary history. Integrative approaches 

combining developmental and palaeontological data have greatly improved our 

understanding of many of these transformations, such as the fin-to-limb transition. 

However, the goal of the present thesis research was to shed light on a poorly understood 

transition, that of changes in the location of the skull–neck boundary in tetrapods.  

 In an attempt to improve our understanding of the skull–neck evolution, I have 

focused on elucidating outstanding aspects of our understanding of the morphology and 

development of this region in lissamphibians and their close fossil relatives. This thesis 

had two hypotheses that I wished to test. First, that the occipital morphology in 

lissamphibians is secondarily reduced compared to their fossil relatives, and second, that 

the perturbing Hox gene expression domains could induce homeotic transformation of 

structures at the skull–neck boundary. To test these hypotheses, I explored aspects of the 

lissamphibian skull–neck boundary from phylogenetic, morphological, and developmental 

aspects in three data chapters. Here, I summarize my thesis results and how they add to a 

growing collection of data that help us better understand skull–neck boundary evolution in 

tetrapods. 
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5.1: The lissamphibian occipital morphology is secondarily derived  

As mentioned several times throughout this thesis, the reduced morphology of the 

living lissamphibian occiput in comparison to that of amniotes has been mentioned or 

described in detail by several early comparative morphologists (e.g., Platt, 1897; Goodrich, 

1913; Augier, 1931; Hunter, 1935; de Beer, 1937). These descriptions led many 

researchers, focusing their comparative anatomy efforts on extant species, to hypothesize 

that the lissamphibian occipital morphology represents the ancestral condition for tetrapods 

(e.g., Figure 1.2; Augier, 1931; Couly et al., 1993). Other researchers, focusing on the 

fossil record that revealed close relatives of lissamphibian had a more robust occiput than 

observed in extant lissamphibians, proposed an alternative hypothesis that the reduced 

lissamphibian occipital morphology is secondarily derived, and that instead the condition 

found in extant amniotes is the ancestral condition for Tetrapoda (e.g., de Beer, 1937; 

Romer and Edinger, 1942; Clack and Milner, 2009). However, this alternative hypothesis 

remained untested with phylogenetic analyses to determine character evolution and 

ancestral character state reconstruction. Without such data, any hypotheses about the 

derived or ancestral nature of the lissamphibian occipital morphology remained 

speculative.  

In Chapter 2, I showed, using comprehensive phylogenetic analyses and ancestral 

character state reconstructions, that the lissamphibian occipital morphology is indeed 

reduced compared to their fossil relatives. Furthermore, as with other morphological 

transitions (e.g., fin-to-limb transition), the stepwise reduction of elements in the lineage 

leading to crown Lissamphibia is captured in the fossil record. The gradual reduction of 

the braincase from a heavily ossified feature in distant lissamphibian relatives to less robust 
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elements amongst Amphibamiformes, to the eventual loss of the basisphenoid and 

basioccipital elements completely is captured in the fossil record (Figure 2.4).   

In Chapter 3, I then went on to describe the development of the lissamphibian skull, 

with an emphasis on the occiput, in two lissamphibian model organisms: Ambystoma 

mexicanum for salamanders and Xenopus laevis for frogs. Both species are widely used in 

developmental, genetic, and for A. mexicanum, limb regeneration studies (e.g., Maden et 

al., 1983; Gardiner et al., 1995; Yang et al., 1999; Kragl et al., 2009; Harland and Grainger, 

2011; Godwin et al., 2013; Piekarski et al., 2014). However, these two species lacked in-

depth descriptions of skull development that documented both the nature of somitic 

contributions and normal skull development stage by stage, complete with variation within 

developmental stages. I applied cell-lineage tracing techniques for somitic contributions to 

the skull and integrated these data with the growth series and hypoglossal nerve complex 

data in both species. I was able to confirm the incorporation of three somites in the occiput 

of A. mexicanum and provide support for the incorporation of two somites in the occiput 

of X. laevis. The stage-by-stage developmental data of the skulls presented here are easily 

integrated into previously published, widely used staging tables based primarily on external 

morphology for X. laevis (Nieuwkoop and Faber, 1994) and limb morphology for A. 

mexicanum (Nye et al., 2003). Together these three data sets (somitic contributions, normal 

skull development, and hypoglossal nerve morphology) provide a baseline to which all 

other lissamphibians can be compared. Most importantly for this thesis, they provide a 

baseline to which I could compare the outcomes of perturbed development observed in my 

experimental specimens (Chapter 4). Furthermore, these baseline developmental growth 

series based on the skull have become incredibly important in recent years as many of the 
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older, original descriptions of these model species did not focus on variation within 

developmental stages. Without a record of developmental variation, it becomes impossible 

to properly compare perturbed development to the range of normal development exhibited 

by a species. Finally, with these data in hand, I was able to accurately describe the 

morphological consequences of perturbed development and compare experimental animals 

to these normal developmental baselines in Chapter 4.  

5.2: The reduced lissamphibian occipital morphology likely arose as the 
result of shifting Hox gene expression domains  
 

Changes in Hox gene expression domains along the anterior–posterior axis have 

occurred at key morphological transformations (e.g., the snake bauplan or the specialized 

regionalization of mammal vertebrae compared to basal amniotes) across evolutionary 

time, as shown in studies on Hox gene expression differences in extant vertebrates 

(Montavon and Soshnikova, 2014; Jones et al., 2018; Woltering et al., 2019). Hox gene 

knockdown or changes in expression experiments have demonstrated for decades that 

changes in Hox gene expression at the occiput causes changes in structures at the skull–

neck boundary (e.g., Durston et al., 1989; Kessel et al., 1990; Ruiz i Altaba and Jessel, 

1991; Conlan and Rossant, 1992; Ramírez-Solis et al., 1993; Manley and Capecchi, 1997; 

McNulty et al., 2005; Kobrossy et al., 2006). Retinoic acid, a chemical that is synthesized 

in early development within the embryo and is incredibly important for a variety of 

developmental systems, is also heavily involved in the regulation of Hox gene expression, 

especially the paralogous groups one through four, which are expressed within the head 

and near the skull–neck boundary (Durston, 2019; Ghyselinck and Duester, 2019; Nolte et 

al., 2019). Numerous experiments have shown that changing the expression domains of 

Hox genes either via applying exogenous or inhibiting retinoic acid, or by knocking down 
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specific Hox genes, produces segmental or homeotic transformations along the anterior–

posterior axis of elements derived from paraxial mesoderm, like the somites (e.g., Kessel 

et al., 1990; Conlan and Rossant, 1992; Ramírez-Solis et al., 1993). 

In Chapter 4, I described homeotic transformations at the skull–neck boundary that 

occurred in A. mexicanum and X. laevis when embryos during or immediately before 

somitogenesis were exposed to exogenous retinoic acid, or a retinoic acid inhibitor (citral). 

I provided evidence that homeotic transformations of skull–neck boundary structures could 

be induced in these species using two datasets: first with the relative position of the 

hypoglossal nerve complex to skeletal structures and second with GFP-positive labelled 

somite cell-lineage tracing. Both of these datasets confirm that homeotic transformations 

occurred, wherein the relative location of the hypoglossal nerve seemingly changed, and 

GFP-positive somites changed fate, when embryos were exposed to retinoic acid or a 

retinoic acid inhibitor (although only the nerve data is present for X. laevis and GFP-

positive labelled lineage tracing for A. mexicanum). In the future, it will be important to 

improve nerve staining methods and expand GFP-labelled cell lineage tracing studies in 

both model organisms. Together, these data, along with Hox gene expression data for the 

skull–neck boundary will be invaluable for comparing gene expression and skull–neck 

boundary data with amniotes.  

Homeotic transformations, the change in the morphology of one segment to that of 

another segment, are well understood and widely demonstrated in the postcranial axial 

column. Here, I showed that homeotic transformations likely underlie the origin of the 

diversity of occipital composition in tetrapods, and potentially vertebrates as a whole. This 

is supported by the morphologies seen among experimental animals produced here, where 



176 
 

exposure of A. mexicanum and X. laevis to retinoic acid produced phenocopies of frogs and 

agnathans, respectively. Additionally, when exposed to the retinoic acid inhibitor citral, A. 

mexicanum and X. laevis developed as phenocopies approaching the amniote condition and 

salamanders, respectively. When combined with a review of the fossil record (Maddin et 

al., 2020), it is revealed that an amniote-like condition of occipital composition was fixed 

at the base of Tetrapoda, wherein the anteriormost somites up to the level of the 

posteriormost root of the hypoglossal nerve (typically comprising five occipital somites). 

This pattern has been maintained in virtually all tetrapod taxa, with the exception of 

lissamphibians. Future research into determining how and why these homeotic 

transformations took place will be invaluable for our understanding of the development 

and evolution of the skull, and clues may come from different anatomical systems (i.e., the 

pronephros).  

5.3: Heterochrony versus heterotopy  
 

For lissamphibians, heterochronic processes leading to paedomorphosis have long 

been suggested to have been important drivers in the origin of their unique form (e.g., Bolt, 

1969; 1977; Milner, 1988, Boy and Sues, 2000). Heterochrony is an evolutionary change 

in developmental timing or rate (Zelditch and Fink, 1996). It has been suggested that 

heterochrony played an important role in the evolution and diversification of 

lissamphibians (Alberch, 1989; Sheil et al., 2014). For example, the palatal morphology, 

cheek bones, and skull roof of adult lissamphibians all resemble the juvenile morphology 

in close lissamphibian fossil relatives in Amphibamiformes, which is consistent with 

truncated development (Schoch, 2014a). Some skull elements that fail to form in 

lissamphibians but are present in close fossil relatives are later ossifying elements in these 
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fossil relatives, such as the postfrontal, jugal, or tabular (Schoch, 2014a). In a careful 

analysis, Schoch (2013a) demonstrated the extent to which similar morphologies could be 

produced when widely separated lineages undergo similar heterochronic processes, and 

additionally when these lineages undergo miniaturization. Development in some 

lissamphibians and in their closest relatives is truncated for certain, as many 

branchiosaurids and extant salamanders are neotenic (a form of somatic truncation; 

Schoch, 2009). However, the changes in composition of the occiput identified here, and 

the underlying developmental basis, are not consistent with heterochrony.  

That the loss events noted here in the lissamphibian braincase do not seem to be 

homoplastic with most other Paleozoic tetrapods that underwent similar heterochronic 

processes, such as miniaturization (Fröbisch and Schoch, 2009; Schoch, 2013a), conflicts 

with the idea of heterochrony as a source of the reduced lissamphibian occiput and speaks 

to the resilience of the braincase against such developmental perturbations. Instead, the 

loss of elements in the occiput appears to be more likely the result in spatial changes in 

development. An evolutionary change of spatial patterning and positioning of 

developmental processes is known as heterotopy (Zelditch and Fink, 1996). Changes to 

occipital elements can be induced in amniotes by changing the spatial pattern of Hox gene 

expression (Durston et al., 1989; Kessel et al., 1990; Ruiz i Altaba and Jessel, 1991; Conlan 

and Rossant, 1992; Ramírez-Solis et al., 1993; Manley and Capecchi, 1997; McNulty et 

al., 2005; Kobrossy et al., 2006). Here, I demonstrated in lissamphibians that exposing 

developing embryos to exogenous retinoic acid or a retinoic acid inhibitor caused homeotic 

transformations that generated phenocopies of skull–neck boundary morphologies seen in 

other tetrapod groups (Figure 4.14). Changing the spatial patterning of Hox genes, and thus 
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heterotopy, is therefore required to produce the unique lissamphibian occipital 

morphology.  

For the occiput, a unique heterotopic event likely gave rise to the unique, derived, 

lissamphibian morphology and that of their closest, Temnospondyl relatives. While 

lepospondyls, another Palaeozoic amphibian lineage that some authors propose may be the 

close relatives of some or all lissamphibians (Figure 2.1; Laurin and Reisz, 1997; Vallin 

and Laurin, 2004; Marjanović and Laurin, 2013) share a number of dermal bone losses 

with lissamphibians (Marjanović and Laurin, 2015), the dermal region of the skull is under 

less selective pressure than the braincase (Cardini and Elton, 2008; Goswami and Polly, 

2010; Maddin et al., 2012b; Brazeau and de Winter, 2015; Maddin, 2015). These losses 

are unique to extant lissamphibians, and their gradual loss can be observed in their closest 

fossil relatives. These losses are consistent with both a Temnospondyl origin for 

lissamphibians, and with heterotopy as the driver.  

5.4: What drove the anterior Hox gene shift? 
 

As I mentioned in Chapter 4, the source of shifting Hox gene boundaries and 

reduction at the occiput is currently unknown. Either evolutionary pressure to modify the 

skull–neck boundary arose at some point, or alternatively, changes in the location of the 

skull–neck boundary may be a side effect of morphological changes in other parts of the 

embryo. Data in support of the former are currently lacking despite the fossil evidence 

indicating a stepwise reduction of occipital elements occurred in the lineage leading to 

extant lissamphibians (Figure 2.4); however, data from other parts of the embryo may hold 

some promising clues. In Chapter 4, I noted the complementary location of the pronephros 

and how in both X. laevis and A. mexicanum, this structure is positioned more anteriorly 
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than in amniotes (Figure 3.1; Cartry et al., 2006; Monaghan and Maden, 2012; Grinstein 

et al., 2013). When exogenous retinoic acid was applied to X. laevis specimens, it not only 

causes a reduction in the somitic contributions to the occiput (Figure 4.10; 4.13), but it also 

causes an expansion of the region taken up by the pronephros (Cartry et al., 2006). 

However, the position of the pronephros is not the only possible factor that may be driving 

this anterior shift in Hox gene expression in lissamphibians.  

A second possible driver of the unique lissamphibian morphology at the occiput is 

the position of the shoulder girdle. In chick, the shoulder girdle’s anterior limit is associated 

with the sixteenth somite, whereas in mice it is associated with the ninth (Burke et al., 

1995). In lissamphibians, the shoulder girdle is positioned much more anteriorly. It is 

associated with the second somite in X. laevis (Burke et al., 1995), and I have noted that in 

A. mexicanum it is associated with the fourth somite. Hoxc6 is a marker for the cervical to 

thoracic transition and it is also located more anteriorly in X. laevis than in chick or mouse 

(Burke et al., 1995). In X. laevis, hoxc6 has an anterior expression limit at the fourth somite, 

but its anterior limit is at the twelfth somite for mice and the nineteenth for chick. It is 

possible that the anterior shift of the shoulder girdle in lissamphibians secondarily caused 

a reduction in the number of somites that contribute to the occiput, or perhaps another 

morphological transition has caused an anterior shift in both regions. Ultimately, Hox gene 

expression data for these anterior somites in a variety of lissamphibian model organisms, 

not just in X. laevis, will be important to our understanding of how heterotopy has shifted 

gene expression in lissamphibians compared to amniotes.  

FGF signalling is another possible candidate for the anterior shift in Hox genes. In 

Chapter 4, I described research that identified an opposing gradient between retinoic acid 
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and FGF/wnt is key for the formation of somites during somitogenesis (Figure 4.1; Gomez 

and Pourquié, 2009). However, like retinoic acid, FGF signalling pathways are important 

for a variety of functions in the developing embryo. FGF is important for neural and tail 

development, as well as paraxial mesoderm formation (Fletcher and Harland, 2008). As 

with exogenous retinoic acid, overexpression of FGF8 posteriorizes segments and can 

prevent head formation in X. laevis via inhibition of the forebrain and midbrain genes 

(Christen and Slack, 1997; Fletcher et al., 2006). Loss of function research has shown that 

FGF8 suppresses Hox genes in the first rhombomere, thus defining the anterior limit of 

Hox genes (Irving and Mason, 2000). In the anterior hindbrain, FGF8 signalling is 

dominant over the retinoic acid signal and this dominant signal provides a Hox gene free 

region for the cerebellum to form (Irving and Mason, 2000). Posterior to the first 

rhombomere, the retinoic acid anterior–posterior gradient that is important during 

somitogenesis also activates the individual Hox genes in the hindbrain, with each Hox gene 

activated by a different concentration of retinoic acid (Irving and Mason, 2000; Begemann 

and Meyer, 2001). It is therefore possible that changes in FGF8 signalling during 

lissamphibian evolution may have reduced the size of the region in which these anterior, 

occipital bone forming Hox genes express. To test this theory, careful comparison of FGF8 

signalling in amphibians and amniotes in the anterior region of the embryo would be 

necessary. 

5.5: Future directions  
 
 My PhD research opens up several potential avenues of study. In addition to the 

potential future experiments described above, I cannot stress enough the importance of 

gene expression data. In the future, Hox gene data, and other important genes expressed in 
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the anterior region during development, will be invaluable. While gene expression data is 

published for X. laevis, these studies focused on Hox gene expression in the hindbrain, and 

therefore published expression data in very young embryos. Anterior Hox gene expression 

data has not yet been published for A. mexicanum. I would be interested in comparing Hox 

gene expression data in older embryos, with comparable stages in amniotes.  

 Secondly, at present nerve staining protocols on juvenile amphibians are 

problematic. Immunohistochemistry is one solution to the issue with nerve staining 

protocols with Sudan Black B. I would be particularly interested in using 

immunohistochemistry to confirm homeotic transformations in my experimental 

specimens. Also, using GFP-labelled somite lineage tracing to confirm homeotic 

transformations in X. laevis would be helpful here. While I had hoped to confirm the 

somitic contributions to the occipital arch in X. laevis, time constraints and difficulty with 

getting embryos to survive after somite labelling prevented this dataset from being 

accomplished here. In the future, confirming the number of somites that contribute to the 

occiput in X. laevis will be invaluable to our understanding of the occipital composition in 

frogs.  

 While I have shown here that changes in Hox gene expression domains may have 

led to the reduced lissamphibian occiput, it has yet to be shown that Hox gene expression 

domains shifted during lissamphibian evolution. In order to determine if such a shift 

happened, the fossil record is important. In extant vertebrates, morphological transitions 

along the anterior–posterior axis are marked by the anterior limit of certain Hox gene 

paralogous groups (Figure 1.5; Burke et al., 1995). While many fossil Amphibamiformes 

consist of only a skull, many branchiosaurids and less closely related temnospondyls have 
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post-cranial material (e.g., Schoch and Milner, 2014). Comparing the location of the 

shoulder girdle in fossil temnospondyls with extant lissamphibians and amniotes may 

reveal a gradual, or a sudden, shift in Hox gene expression, revealed by the position of the 

shoulder girdle along the anterior–posterior axis in fossil amphibians. 

From a developmental perspective is the potential to continue to test the hypothesis 

presented here that heterotopy is driving the lissamphibian occipital morphology. Length 

of time of developmental processes is easily perturbed in lissamphibians. Frog 

metamorphosis can be induced early by decreasing water level in their tanks, thus 

truncating their development (Merilä et al., 2000), whereas A. mexicanum, a paedomorphic 

species, can be induced to undergo metamorphosis and thus a longer period of development 

via exogenous thyroid hormone (Smirnov and Vassilieva, 2005). In order to be certain that 

the lissamphibian morphology is the result of heterotopy and not heterochrony, 

development should be truncated in X. laevis, and expanded in A. mexicanum and the 

resulting skull morphology should be studied. If similar experimental morphologies 

observed when perturbing Hox gene expression domains cannot be replicated in 

experiments that either prolong or truncate lissamphibian development, then it is likely the 

lissamphibian occiput is the result of heterotopy.   

 The second avenue of developmental, extant research this PhD thesis opens up is 

the underlying developmental mechanisms that could be driving the reduced lissamphibian 

occipital morphology. In Chapter 4, I described how the reduced occipital morphology may 

be the result of an anterior shift in the location of the pronephros. Here, I described how it 

may also be the result of the position of the shoulder girdle, which is located more 

anteriorly in lissamphibians than in amniotes (Burke et al., 1995). I also suggested that the 
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FGF8 signalling pathway may be the culprit, as overexpression of FGF8 can prevent head 

formation in X. laevis (Christen and Slack, 1997; Fletcher et al., 2006). The first step I 

would take to explore these potential upstream causes is to produce a somitic fate map for 

all somites present in A. mexicanum and X. laevis via GFP-positive somite grafting. Such 

fate maps exist for chick and mouse, and the fate of each somite is known in these amniote 

model organisms (Burke et al., 1995). Only the fate of some somites is known for A. 

mexicanum (Piekarski and Olsson, 2007; Piekarski, 2009; Piekarski and Olsson, 2014) and 

X. laevis (Burke et al., 1995). Knowing the fate of each somite in lissamphibian model 

organisms will allow them to be more easily compared to somite fate in amniote model 

organisms, to check for differences more posterior to the occipital arch or the shoulder 

girdle. Secondly, while transgenic A. mexicanum allowed the location of synthesis of 

retinoic acid to be described (Monaghan and Maden, 2012), comparative research has not 

been conducted in X. laevis. The use of transgenic X. laevis to visualize retinoic acid 

synthesis will be useful to determine if, like the position of the pronephros, retinoic acid is 

being synthesized in a more anterior location than observed in A. mexicanum. Finally, 

while FGF8 gene expression has been analysed in developing and regenerating A. 

mexicanum limbs, it has not been studied in the head. Whole embryo FGF8 expression has 

been studied in X. laevis (Hayashi et al., 2004). Generating FGF8 gene expression data for 

A. mexicanum and then making comparisons with X. laevis and amniotes will be important 

to determine if differences in expression may have caused the anterior shift in the skull–

neck boundary in lissamphibians. 

 

5.6: Conclusions 
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The goal of this PhD thesis was to contribute to and enhance our understanding of 

the morphology and development of the skull–neck boundary in lissamphibians and their 

close fossil relatives. With my work here, I have shown that the occipital morphology in 

lissamphibians is secondarily reduced compared to their fossil relatives. Secondly, via my 

manipulation of Hox gene expression domains and the homeotic transformations my 

manipulations caused at the occiput, I have shown that the reduced morphology observed 

in lissamphibians was likely driven developmentally by changes in Hox gene expression 

domains. This research contributes to our understanding of the evolution of the unique 

amphibian occipital morphology. My integrative approach has helped to elucidate the 

relationship between morphological transformations and the developmental processes 

underlying them. This work has also shown, for the first time, the role of heterotopy in 

amphibian evolution.  
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Appendices 
 
 
Appendix A: Character list for Chapter 2  
 
The following character list was modified from Schoch (2018).  
 
1. Laterally exposed palatine (LEP). Palatine overplated by jugal and lacrimal with 
no lateral exposure (0); palatine wedging between lacrimal and jugal to make 
contribution to skull roof and orbital margin (1); maxilla contributes to orbital 
margin by separating jugal and lacrimal in the absence of lateral exposure of 
palatine (2) (based on Sumida et al., 1998; Schoch and Rubidge, 2005); lateral 
exposure of palatine present and excluded from orbital margin by jugal and lacrimal 
contact (3). An LEP was shown by Boy (1995) to be present in adults of 
Micromelerpeton credneri, and it is also likely to exist in adult branchiosaurids 
(Apateon gracilis), but coded “?” because of disarticulation. 
 

2. Dorsal quadrate process (DQP). Quadrate having smooth posterodorsal side (0); 
quadrate with prominent dorsoposterior outgrowth, the quadrate process (1). With 
the exception of larval-neotenic taxa (Branchiosauridae, Micromelerpetidae), the 
derived condition has been reported from all dissorophoids (Bolt, 1969; Schoch and 
Rubidge, 2005).  
 

3. Vomerine depression. Ventral surface of vomers flat and element divided into 
anterior and posterior portion by transverse ridges that may or may not bear 
transverse tooth row (0); single unpaired depression in anterior portion of vomers 
that may or may not house an opening (1) (Schoch and Rubidge, 2005). 
 

4. Parasphenoid dentition. Basal plate of parasphenoid bearing shagreen of small 
teeth (denticles) anteromedially (0); plate entirely smooth (1) (Schoch and Rubidge, 
2005). In the Dissorophoidea, the derived condition is reported from two different 
families, the Branchiosauridae (Boy, 1972, 1987) and Dissorophidae (Berman et 
al., 1985).  
 

5. Parasphenoid denticle field. Well established, with triangular outline and with 
apex reaching onto base of cultriform process (0); denticle field greatly expanded 
anteriorly to cover most of the cultriform process (1) (Schoch and Rubidge, 2005). 
Within Dissorophoidea, the derived condition is only known in some amphibamids 
(Micropholis, Pasawioops, Amphibamus, Platyrhinops) and Eocaecilia. 
 

6. Parasphenoid basal plate. Roughly quadrangular dimensions, as long as wide (0); 
basal plate much shorter than wide, reaching about half the width (1) (Schoch and 
Rubidge, 2005). 
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7. Vomerine denticle field. Vomer covered with a more or less dense shagreen of 
teeth in addition to obligatory fang pair (0); shagreen confined to juvenile stages 
and/or absent throughout ontogeny (1) (Schoch and Rubidge, 2005). 
 

8. Vomerine fangs. Vomer lacking fangs in its medial portion, outside lateral tooth 
arcade, but having smaller accessory teeth in that region (0); vomer with additional 
fang pairs posterior to midvomerine depression (1) (Schoch and Rubidge, 2005). 
 

9. Pterygoid-vomer contact. Suture between pterygoid (palatine ramus) and vomer 
(0); pterygoid contacting only palatine (or ectopterygoid) and lacking suture with 
vomer (1) (Schoch and Rubidge, 2005). 
 

10. Pterygoid flange. Palatine ramus of pterygoid merging continuously into 
basipterygoid ramus (0); palatine ramus broadening abruptly to form a pronounced 
transverse flange, giving the lateral margin a rectangular shape (1). The newly-
defined apomorphic state is only present in dissorophids; in trematopids and 
amphibamids, the flange is rounded (Schoch and Rubidge, 2005). 
 

11. Palatine, ectopterygoid. Palatine and ectopterygoid much wider than maxilla (0); 
palatine and ectopterygoid reduced to narrow struts not wider than adjoining 
maxilla (1). The two bones are here considered together, because their width 
evolved in parallel and was probably linked. (Schoch and Rubidge, 2005). 
 

12. Interpterygoid vacuity. Roundish or oval in outline (0); greatly expanded laterally 
at mid-level (1) (Milner, 1993). 
 

13. Narial flange. Ventral (inner) side of prefrontal, lacrimal, and nasal smooth (0); 
inner side of these bones forming complicated bar-like structure (narial flange), 
permitting contact with antorbital bar (1) (Boy, 1981). 
 

14. Prefrontal process. Prefrontal forming simple suture with lacrimal laterally (0); 
prefrontal underplating lacrimal widely by means of ventral prefrontal process 
contacting palatine (1) (Boy, 1981; Werneburg, 1989). 
 

15. Tabular size. Tabular narrower than postparietal, but reaching almost the same size 
as latter (0); tabular minute and laterally constricted by unique enlargement of otic 
notch (1) (Schoch and Rubidge, 2005). 
 

16. Tabular-squamosal contact. Tabular and squamosal widely separated by 
supratemporal (0); squamosal meeting tabular, excluding supratemporal from otic 
notch (1) (Yates and Warren, 2000; Schoch and Rubidge, 2005). 
 

17. Postparietal length. Postparietal forming transversely rectangular or quadrangular 
element (0); postparietal abbreviated and reduced to narrow, poorly ornamented 
strut at posterior margin of skull table (1) (Schoch and Rubidge, 2005). 
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18. Squamosal-supratemporal suture. Nearly as long as supratemporal itself (0); or 
shorter, reaching only one third or less of length of supratemporal (1) (Schoch and 
Rubidge, 2005). 
 

19. Supratympanic flange (=semilunar flange in Schoch and Rubidge, 2005, 
terminology following Bolt, 1974a). Squamosal continuously ornamented around 
margin of otic notch (0); squamosal having dorsally exposed and ornamented area 
(supratympanic flange) stepping abruptly into steeply aligned, poorly ornamented 
portion (1).  
 

20. Semilunar flange (=supratemporal flange of Schoch and Rubidge, 2005). 
Supratemporal without ventral projection into otic notch (0); supratemporal 
forming marked ventral flange participating in medial bordering of otic notch (1). 
 

21. Prefrontal-postfrontal. Firmly sutured on the dorsal side, excluding the frontal 
from the orbital margin (0); both elements separated by frontal, at least dorsally (1). 
Whereas this character varies in some capitosaurs (Schoch, 2000), it has not been 
found to do so in dissorophoids. Notably, the stratigraphically earliest 
micromelerpetontids (Limnogyrinus elegans), branchiosaurids (Branchiosaurus 
salamandroides) and amphibamids (Amphibamus grandiceps, Platyrhinops lyelli) 
have the plesiomorphic condition, whereas this is not known from any trematopid 
or dissorophid. 
 

22. Interorbital width. Narrow to moderately wide interorbital region in the 0.2–0.24 
range (interorbital width/skull length) (0); or substantially wider (0.27–0.33) (1). In 
the outgroups, Dendrysekos has an unusually wide interorbital region, which is why 
Sclerocephalus has been taken as a guide to the primitive condition (Modified from 
Anderson et al., 2008b). 
 

23. Palpebral ossifications. No ossifications other than sclerotic ring (0); numerous 
palpebral ossicles at medial margin of sclerotic ring (1). This character, first 
documented by Credner (1881, as “Skleralpflaster”) in Branchierpeton and 
described in detail by Boy (1972) in Micromelerpeton, was later emphasized by 
Daly (1994) as typical of amphibamids. However, it is not confined to 
Micromelerpetidae and Amphibamidae, but also known from Broiliellus brevis 
(Schoch 2012) and probably widespread among dissorophoids (Holmes et al., 
2013). Palpebral ossicles are not to be confused with dentigerous platelets which 
cover the interpterygoid vacuities of many temnospondyls, a character that was 
much more widespread and is not considered here. 
 

24. Stapes. Stapes with pronounced dorsodistal curvature directed towards dorsally 
located otic notch (0); or abbreviated without dorsodistal curvature, directed mostly 
laterally towards vertically aligned otic notch (1). The derived character-state is 
present in branchiosaurids, amphibamids, trematopids, and dissorophids (Schoch, 
2012; Schoch and Anderson, 2016).  
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25. Prefrontal-jugal contact. Absent (0); present (1). The derived state is found in 
Sclerocephalus (representing the vast stereospondylomorph clade and eryopids that 
all share this feature). The resulting pattern in which the lacrimal does not border 
the orbit evolved convergently in Cacops morrisi (Reisz et al., 2009), where it 
results from an anterior expansion of the LEP, unlike in Sclerocephalus where the 
jugal extends further anteriorly.  
 

26. Maxilla dentition. Extending posterior to the level of the posterior margin of the 
orbit (0); terminating at the level of such margin or anterior to it (1). This is an 
exclusive dissorophid character, which is best seen in Cacops (Schoch, 2012). 
 

27. Skull outline. Absence (0) or presence (1) of inward inflection of skull outline in 
dorsal view at the level of the maxilla-premaxilla suture (Schoch and Rubidge, 
2005). 
 

28. Septomaxilla. At the posterior rim of naris (0); at mid-level of naris, pointing inside 
(1). The derived state is present in all trematopids and dissorophids, differing from 
all other temnospondyl groups (Schoch, 2018). 
 

29. Parietal width. More (0) or less (1) than two and a half times as long as wide 
(Schoch and Rubidge, 2005). 
 

30. Postparietal length. Postparietals less (0) or more than (1) four times wider than 
long (Schoch and Rubidge, 2005). 
 

31. Postorbital. Narrowing to an acute posterior point (0); not narrowing, ending blunt 
(1).  
 

32. Vomer (posterior projection). Absent (0) or present (1) (Schoch, 2018). 
 

33. Vomer (tooth row). Vomer with (0) or without (1) a toothed, raised crest running 
anteroposteriorly and lying mesial to the choana (Schoch and Rubidge, 2005). 
 

34. Palatine and interpterygoid vacuity. Palatine partially or fully excluded from 
vacuity by pterygoid (0); bordering vacuity along its entire medial margin (1) 
(Reformulated from Milner, 1990; Yates and Warren, 2000). 
 

35. Cultriform process. Moderately wide and flat on ventral side (0); throughout thin 
and round in cross-section (1) (Schoch, 2012). 
 

36. Exoccipital-tabular contact. Absent (0); present (1). The derived state is a 
synapomorphy of eryopiforms (Sclerocephalus) and also reported in zatracheids 
(Boy, 1990). 
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37. Exoccipital-postparietal contact. Present (0); absent (1) (Coding reverted from 
Polley and Reisz, 2011), because absence is clearly exclusive to cacopines in the 
present set of taxa). 
 

38. Position of jaw articulation. Posterior to (0), level with (1), or anterior to (2) the 
posterior facets of the exoccipitals (Yates and Warren, 2000). 
 

39. External narial opening. Uniform, oval shaped margin (0); posteriorly expanded 
at the expense of lacrimal, with distinct anterior and posterior regions giving 
external naris an overall ‘key-hole’ shape (1) (Dilkes, 1990). 
 

40. Internarial fenestra. Absent (0); present (1) (Dilkes, 1990; Anderson et al., 
2008b).  
 

41. Marginal teeth of upper jaw. Uniform in size (0); caniniform teeth on premaxilla 
and maxilla (1) (Dilkes 1990). 
 

42. Prearticular. Inflection of the prearticular along the medial rim of the adductor 
fossa: absent (0); present (1) (Dilkes, 1990).  
 

43. Ventral border of otic notch. Slopes posteroventrally (0); nearly horizontal (1) 
(Dilkes and Reisz, 1987). Within the Trematopidae, this character may have been 
subject to ontogenetic change or scaling, as small trematopids have the 
plesiomorphic, large ones the apomorphic condition.  
 

44. Median vomerine septum. Absent (0); present (1) (Dilkes and Reisz, 1987; 
Dilkes, 1990). 
 

45. Tabular process. Any state between short and absent (0); curves gradually to meet 
the robust quadrate process (1); bent down sharply at approximately a right angle 
to the dorsal edge of the skull table and fused to the quadrate process (2) (Dilkes 
and Reisz, 1987).  
 

46. Stapedial foramen. Present (0); absent (1) (Boy, 1981; Daly, 1994). This character 
was long believed to separate trematopoids from dissorophids, with the latter 
considered to lack a foramen, However, Cacops morrisi clearly has a stapedial 
foramen (Gee and Reisz, 2018).  
 

47. Knobby exostoses (skull roof). Absent (0); present (1) (Daly 1994). The derived 
state is found in dissorophids, some of which have excessive bone growth in the 
skull (DeMar, 1968). 
 

48. Subnarial lacrimal process. Long (0); short (1) (Sumida et al., 1998). 
 

49. Squamosal. Semilunar curvature along the ventral border of the supratympanic 
flange: absent (0); present (1) (Berman et al., 1985; Dilkes, 1990).  
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50. Dorsal rim of occiput. Gently ornamented (0); ornament forming marked 
transverse ridge (1) (Schoch, 2012). 
 

51. Ratio of preorbital length to postorbital length. Preorbital length greater than 
postorbital length by more than 10% (0); preorbital and postorbital lengths 
approximately equal (1); postorbital length greater than preorbital length by greater 
than 10% (2) (Yates and Warren, 2000). 
 

52. Suborbital bar height. Greater than 10% of the total midline skull length (0); less 
than 10% of the total midline skull length (1) (Yates and Warren, 2000). 
 

53. Minimum distance otic notch-posterior orbital margin. Greater than 25% of the 
total midline skull length (0); between 10 and 25 % of the total midline skull length 
(1); less than 10% of the total midline skull length (2) (Schoch, 2012). 
 

54. Basipterygoid articulation. Discrete facet for ball-and-socket joint or overlap (0); 
firmly sutured at mid-level of widened basipterygoid process (1) (Yates and 
Warren, 2000). 
 

55. Postorbital-supratemporal. Sutured (0); separated by postfrontal (1). This 
character appears to be polymorphic in Phonerpeton, but obligate in Cacops 
morrisi; it is unknown in the heavily ornamented taxa (Cacops aspidephorus, 
Kamacops, Zygosaurus).  
 

56. Intertemporal. Present (0); absent (1). Although a clear-cut character, the 
intertemporal was lost several times independently in basal temnospondyls. In 
Sclerocephalus and Micromelerpeton, it has been reported as a polymorphism in 
several samples (Boy, 1972, 1988).  
 

57. Osteoderms. Median unpaired osteoderms (one per vertebra) absent (0); or present 
(1) (Dilkes and Brown, 2007). DeMar (1966), who first studied the dissorophid 
armor in depth, distinguished two major types (see character 58), arguing for their 
independent evolutionary origin. However, there is no reason to conclude that the 
inner series of osteoderms is not homologous throughout dissorophids, just because 
its mode of articulation differs in sub-clades.  
 

58. Osteoderm width. Narrow (0), wide (1). Dissorophus and Broiliellus texensis 
share wide (internal and external) osteoderms reaching at least the width of the two 
postparietals. In Aspidosaurus (sensu stricto) and Cacops, the osteoderms are much 
narrower, not exceeding the maximum width of the transverse processes (DeMar, 
1966). 
 

59. Cranial ridges. Dorsal surface of skull roof flush or with gentle ridges on 
prefrontal, orbital margin, and in the temporal region (0); or with pronounced ridges 
especially in the snout (1). Although Cacops and Kamacops, Scapanops, and 
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Conjunctio also have these ridges, they are always shallower than in Dissorophus 
and the three Broiliellus species (Schoch, 2012).  
 

60. Ilium (dorsal process). High and slender, distally not wider than shaft (0); or short 
and stout, not higher than base is wide, with broadened dorsal end (1). This is one 
of the more convincing characters shared by trematopids and dissorophids, as it 
never occurs in other dissorophoids (Daly, 1994; Schoch and Rubidge, 2005) 
 

61. Parasphenoid plate. Lateral margin with or without moderate posterolateral 
projection (0); posterolateral wing expanded well beyond the level of the 
basipterygoid suture. Lateral projections of the basal plate are found in most 
amphibamids, branchiosaurids, and dissorophids, but they are most pronounced in 
Broiliellus and Dissorophus. The presence of a projection in state 0 is subject to 
ontogenetic changes and variation (Schoch, 2012). 
 

62. Carotid artery. Exit foramina for carotid artery located on the parasphenoid plate 
(0); or at the base of the cultriform process (1). The derived state is clearly present 
in Cacops morrisi and Kamacops, but unknown in other cacopines; it may thus 
have been more widespread within this group. Dissorophus, Broiliellus, 
Aspidosaurus, Platyhystrix, and Conjunctio show the plesiomorphic state 
(Shishkin, 1968).  
 

63. Tabular horn: posterior extension. Round or pointed but short (0); or elongated, 
forming the main portion of tabular (1). Within dissorophoids, the derived state is 
confined to the three Broiliellus species (Schoch, 2012). 
 

64. Jugal. Dorsal surface of jugal regularly ornamented (0); or with large eminence 
bearing knobby ornament (1). This feature is most pronounced in Dissorophus, but 
also present in Broiliellus brevis (Schoch, 2012). It is unknown whether the derived 
state was age- or size-related, but it is certainly absent in Cacops and Kamacops. 
 

65. Parasphenoid: muscle scars. The posterior and posterolateral parts of the 
parasphenoid plate bear gentle depressions or other types of muscle attachments 
(0); or they house deep pockets for such attachments (1). The derived state is 
present in Dissorophus and Broiliellus among the dissorophoids, but has also a wide 
distribution in stereospondyls (Watson, 1962; Yates and Warren, 2000).  
 

66. Pointed snout. The tip of the snout is of various width but parabolic to square-
shaped (0); or it is pointed (1). In dissorophoids, the pointed snout is shared by 
Dissorophus and Broiliellus brevis (Schoch, 2012).  
 

67. Interclavicle. (0) Interclavicle rhomboidal, at least two times longer than wide. (1) 
Interclavicle with abbreviated anterior and posterior ends and as wide as long. (2) 
Interclavicle much shorter than wide, without anterior process. State 2 is probably 
derived from state 1, and present throughout branchiosaurids. Witzmann and Voigt 
(2015) have confirmed this coding in a recent review. 
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68. Supinator process. Anterodistal region of humerus with supinator process (0); or 
lacking such process (1). As emphasized by Milner (1990), trematopids share a 
supinator with more primitive temnospondyls, whereas dissorophids, 
amphibamids, and branchiosaurids lack it. Adult specimens of Micromelerpeton 
also have a supinator (Boy, 1995).  
 

69. Entepicondylar foramen. Distal end of humerus pierced by an entepicondylar 
foramen (0); or lacking such opening (1). This is a consistent post-Dendrysekos 
feature (Milner, 1990).  
 

70. Dorsal eminences. Skull table without major raised areas other than ornamenting 
ridges (0); or with elevated eminences on the frontal, parietal, postfrontal, and 
postparietal (1). The apomorphic state is confined to the three species of Broiliellus 
(Schoch, 2012). 
 

71. Anterior trunk ribs. The anterior trunk ribs have widened ends (0), or are simple 
rods without distal expansion (1). The apomorphic character-state is present in the 
amphibamids Platyrhinops, Amphibamus, and Eoscopus (Schoch and Milner, 
2008). 
 

72. Ventral bony scales. Spindle-shaped ventral scales fully ossified (0), or absent (1). 
This is only recognized in large specimens, where osteoderms are fully formed 
(Boy 1987; Witzmann 2007). The plesiomorphic character state is present only in 
Branchiosaurus, while all other branchiosaurids lack spindle-shaped ventral 
osteoderms in adult stages (Schoch and Milner, 2004, 2008).  
 

73. Branchial dentition. Primitively, there are four rows of branchial denticles which 
are attached to rectangular or oval platelets bearing a total of 3–10 denticles that 
form a ratchet, as two of the outgroups indicate (0), or there are six rows of isolated 
denticles with a single point, or multi-ended (1) (Boy, 1972; Schoch and Milner, 
2008). The branchial ossicles of amphibamids are still unknown, even in the larval 
specimens referred to Amphibamus grandiceps by Milner (1982). 
 

74. Basipterygoid joint. Ossified (0), or unossified (1). The derived state is found in 
larval-neotenic micromelerpetids and branchiosaurids, but also occurs in adult 
stereospondylomorphs (Boy, 1988; Witzmann and Schoch, 2006). 
 

75. Humerus: morphology. The humerus length:waist ratio is 3:4 in Dendrysekos, 
Balanerpeton, Sclerocephalus (0); 4:6 in Micromelerpeton and the branchiosaurid 
Schoenfelderpeton (1), and 6:10 in amphibamids and most branchiosaurids (2). We 
admit that this character may be problematic when the profound ontogenetic 
changes in large temnospondyls are considered (e.g., Pawley and Warren, 2006), 
but for comparisons among small dissorophoids and especially branchiosaurids it 
does appear to be informative (Schoch and Milner, 2008). 
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76. Presacral count: reduction. Primitively a total of 24 presacral vertebrae are 
present (0), while fewer than 24 presacrals is clearly derived (1). All branchiosaurid 
species have fewer than 24 presacrals as an average, and most have only around 20 
(Boy, 1972, 1978, 1987). The reduction of the presacral count to fewer than 24 is 
observed in the Amphibamidae as well, but there it is clearly a derived character-
state characterizing Amphibamus grandiceps (Milner, 1982) and Micropholis stowi 
(Schoch and Rubidge, 1995), while the primitive condition for the family is 24 
presacrals (Daly, 1994; Clack and Milner, 2010). A further derived state is the 
reduction to 17 presacrals or fewer, which is shared by Gerobatrachus and 
lissamphibians (2). 
 

77. Presacral count: elevation. Twenty-four presacral vertebrae (0), or clearly higher 
count of 26–29 (1). This condition is obviously a separate evolutionary pattern, 
confined to the Micromelerpetidae, which is why it is here defined as a separate 
character (Schoch and Rubidge, 2005). 
 

78. Bicuspidity. The crowns of marginal and palatal teeth are primitively monocuspid 
(0), but are clearly bicuspid, with the cusps oriented lingually-labially (1), the 
derived state shared by some derived amphibamids and lissamphibians (Bolt, 
1977). 
 

79. Pedicely. The crowns of marginal and palatal teeth are primitively conical and 
continuous with the base (0), but are separated from the base by a zone in derived 
amphibamids, which is called pedicely (1) (Parsons and Williams, 1962; Bolt, 
1969, 1977, 1979). 
 

80. Width of palatine and ectopterygoid. These elements are either attached to the 
maxilla throughout their lateral margins (0), or the ectopterygoid and the posterior 
portion of the palatine are well separated from the maxilla, with the palatine 
attaining a Y-shaped outline (1). This character forms the second robust support for 
the monophyly of the Branchiosauridae. In addition to its uniqueness among 
temnospondyls, this state differs essentially from the derived condition in 
amphibamids where the palatine and ectopterygoid are extremely slender but 
attached to the maxilla, giving distinctly wider interpterygoid vacuities than in 
branchiosaurids or dissorophids, for instance. The peculiar branchiosaurid 
condition is acquired early in development (Schoch, 1992) and was maintained well 
into the largest growth stages (Boy, 1978; Werneburg, 1991). 
 

81. Ectopterygoid. This forms a slender elongate element which bears teeth in the 
primitive condition, retained in branchiosaurids (0). In Schoenfelderpeton and 
Doleserpeton, it is reduced to a thin edentulous strut (1) (modified from Schoch 
and Rubidge, 2005). 
 

82. Width of maxillary shelf. The main dentigerous body of the maxilla is slender in 
the primitive condition (0), while in Apateon it is markedly broadened, especially 
in adult and/or large specimens (Schoch and Milner, 2008). 
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83. Postorbital separated from supratemporal. In the primitive condition, the 
supratemporal has a broad suture with the postorbital (0). In Leptorophus and 
Schoenfelderpeton, a posterolateral projection of the postfrontal keeps the tiny 
postorbital apart from the supratemporal (1), see Boy (1986) and Werneburg 
(2001). 
 

84. Pubis. Ossified (0), or unossified (1) (Schoch, 2018). 
 

85. Intercentra. In the primitive condition of temnospondyls, intercentra are wedge-
shaped (0); in trematopids, they are dorsally enlarged (1) (Schoch, 2012). 
 

86. Pleurocentra. Confined to the dorsal portion of the vertebral centrum (0), reaching 
ventrally down the flanks (1), forming short, closed rings (2), forming elongate 
cylinders (3) (modified from Schoch and Rubidge, 2005). 
 

87. Otic notch. Present (0), absent (1). An enlarged semilunar squamosal embayment 
is present in all early and basal temnospondyls, as well as the vast majority of 
dissorophoids. The derived state is established in most dvinosaurians (incipiently 
present in Trimerorhachis) (Schoch and Milner, 2014). 
 

88. Trunk ribs. Moderately long and curved (<length of three vertebrae) (0), or short 
and straight (<3 vertebrae) (Schoch and Rubidge, 2005). 
 

89. Choana. (0) Choana narrow, forming an elongated oval with parallel, parasagittal 
lateral and medial margins. (1) Choana expanded anteromedially (Schoch, 1998; 
Schoch and Rubidge, 2005). The derived state is not present in branchiosaurids and 
some amphibamids, but in Micropholis, Amphibamus, Doleserpeton, 
Gerobatrachus, and lissamphibians.  
 

90. Cleithrum: head. (0) Head of the cleithrum aligned along the anterior rim of the 
scapula. (1) Cleithrum with posterodorsally enlarged head, wrapping around 
scapula dorsally (Schoch and Rubidge, 2005). 
 

91. Cleithrum: size. (0) Cleithrum with large dorsal head much wider than shaft. (1) 
Cleithrum forming a simple rod, without any head (Schoch and Rubidge, 2005). 
 

92. Scapula. (0) Scapula forming a low or moderately high element, depending on 
degree of ossification, about two times longer than wide. (1) Scapula dorsally much 
extended, being three to four times longer than wide (Schoch and Rubidge, 2005). 
 

93. Basioccipital and supraoccipital. Present (0), or absent (1). The derived state 
characterizes all lissamphibians and adult branchiosaurids (Schoch and Milner, 
2004). In the extant taxa, neither bone nor cartilage is formed in these regions, 
indicating that it is not simply the failure of a cartilage to ossify, but the complete 
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loss of the element. Instead, the basisphenoid, which is also absent is extant 
amphibians, is retained in branchiosaurids albeit incompletely ossified (Boy, 1972). 
 

94. Contact maxilla–quadratojugal. These are either sutured in early ontogenetic 
stages (0), or growth of the maxilla is slowed down with late suturing (1), or 
elements fail to meet, leaving a gap in the cheek (2). The three states are obviously 
correlated with ontogenetic character transformation (2>1>0), and outgroup 
comparison indicates clearly that the adult state (0) is the primitive condition (Boy, 
1987). 
 

95. Medial suture of supratemporal. The supratemporal is wide with a straight or 
convex medial suture (0), or much narrower and medially concave (1). The derived 
state is established in Leptorophus and Schoenfelderpeton (Schoch and Milner, 
2008). 
 

96. Shape of supratemporal. Primitively, the anterior portion of the supratemporal is 
blunt and not much narrower than the greatest width of the element (0). In most 
Melanerpeton, Leptorophus and Schoenfelderpeton, the anterior end is pointed to 
give the element a triangular outline; the squamosal compensates this space with a 
medial projection (1) (Schoch and Milner, 2008). 
 

97. Jugal anteriorly abbreviated. Irrespective of its lost contact to the lacrimal, the 
jugal may be either anteriorly long (0), or it may lack the anterior process and end 
bluntly (1). 
 

98. Intercentra. Present (0), or absent (1) (Anderson et al., 2008a). 
 

99. Medial quadratojugal process. Absent (0), present (1) (Boy, 1972). 
 

100. Pterygoid: slender. Primitively, the pterygoid has wide tooth-bearing 
palatine and basipterygoid rami (0), in the derived condition, the pterygoid has 
extremely thin, bar-like rami (1). The derived condition is established in 
branchiosaurids, Gerobatrachus, Triadobatrachus, and Karaurus (Schoch, 2018). 
 

101. Circumorbital bones: shape. Plate-like (0), extremely thin, reduced to 
margin of orbit (1) (Modified from Anderson et al., 2008b). 
 

102. Vomerine dentition. Single row of larger teeth including tusk pair (0), or 
patch of tiny denticles (1). The derived state is found in Doleserpeton, 
Amphibamus, and Gerobatrachus, whereas branchiosaurids have the plesiomorphic 
state. This character is confined to the region of the posterolateral branch of the 
vomer, whereas character (7) concerns tooth patches on the main portion of the 
element, the anteromedial plate (Bolt, 1979). 
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103. Premaxilla: ascending process. Plate-like, aligned posterodorsally (0), or 
thin and rod-like, oriented posteromedially (1). The derived state is present only in 
Gerobatrachus and batrachians (Lebedkina, 1979). 
 

104. Preorbital region: width. Of variable width, but with long axis of lacrimal 
aligned parasagittally (0), or much widened, and lacrimal aligned nearly 
transversely (1) (Schoch, 2018). 
 

105. Ectopterygoid. Present (0), or absent (1). Doleserpeton retains an 
extremely thin, edentulous ectopterygoid (Sigurdsen and Bolt, 2010). 
 

106. Postfrontal, postorbital, jugal, supratemporal, postparietal, tabular. Present 
(0), or absent (1) (Schoch, 2014d). 
 

107. Cleithrum. Present (0), or absent (1). The derived state is confined to 
lissamphibians (batrachians in the present analysis). The presence of a cleithrum in 
anurans is highly controversial (Havelovká and Roček, 2006), and has therefore 
been coded as absent here. 
 

108. Interclavicle. Present (0), or absent (1). The derived state is confined to 
lissamphibians (batrachians in the present analysis). 
 

109. Basisphenoid. Present (0) or absent (1) (NEW). 
 

110. Exoccipital foramen for cranial nerve XII. Present (0) or absent (1) 
(NEW). 
 

111. Sphenethmoid. Sphenethmoid is either present as a single, medially 
positioned entity with the floor present (0), or the floor is absent and the 
sphenethmoid is present as two elements (1) (NEW). 
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Appendix B: Matrix for Chapter 2 
 
 
Acanthostomatops         
0 0 1 0 0 0 0 0 0 0 0 0 0 0 0 1 0 0 0 0 0 1 0 0 0 0 1 0 1 0 0 1 1 0 1 1 0 1 0 1 0 0 0 0 0 0 0 0 
0 0 0 0 0 0 0 1 0 0 1 ? 0 0 0 0 1 0 1 ? ? 0 ? 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 
0 0 0 0 0 0 0 0 0 0 0 0 ? ? ? 
 
Acheloma                 
3 1 1 0 0 0 0 0 0 0 0 0 1 1 0 1 0 1 1 1 1 0 0 1 0 0 1 1 1 1 1 1 1 0 1 0 0 0 1 1 1 1 1 1 1 1 0 0 
0 0 0 0 2 0 0 1 0 0 0 1 0 0 0 0 0 0 1 0 1 0 0 0 ? 0 0 0 0 0 0 0 0 0 0 0 1 0 0 1 0 1 0 1 0 0 0 0 
1 0 1 0 0 0 0 0 0 0 0 0 0 ? 0  
  
Amphibamus               
1 1 0 1 1 1 0 0 1 0 1 1 1 1 1 0 1 1 0 0 0 0 0 1 0 0 0 0 0 1 1 0 1 1 0 0 0 0 0 ? 0 0 0 1 0 0 0 0 
0 0 1 1 1 0 0 1 0 0 0 0 0 0 0 0 0 0 1 1 1 0 1 0 ? 0 2 ? 0 1 1 0 1 0 0 0 0 2 0 1 1 0 1 0 1 0 0 0 
1 0 1 0 1 1 0 0 0 0 0 0 ? ? ? 
 
Anconastes               
1 1 ? 0 0 0 ? ? ? ? 0 0 1 1 0 1 0 1 1 1 1 0 0 1 0 0 0 1 1 0 1 1 0 0 ? 0 ? 0 1 0 1 ? 0 1 0 1 1 1 
0 0 1 1 1 0 0 1 ? 0 0 ? 0 0 0 0 0 ? ? ? ? 0 ? ? ? 0 ? ? ? 0 0 0 ? 0 0 ? ? ? 0 ? 1 ? ? ? 0 0 0 ? 0 
? 1 0 0 ? 0 0 0 0 ? ? 0 ? ? 
 
Apateon                  
? ? 0 1 0 1 1 0 1 0 0 0 1 1 0 0 1 1 0 0 1 0 0 1 0 ? 0 0 0 0 1 0 0 0 0 0 0 0 0 1 0 0 0 ? 0 0 0 0 
0 0 1 1 1 0 0 1 0 0 0 0 0 0 0 0 0 0 2 1 1 0 0 1 1 1 2 1 0 ? ? 1 0 1 0 1 0 2 0 1 ? 0 1 0 1 0 0 0 
1 0 1 1 1 0 0 0 0 0 0 0 ? ? ? 
 
Ascaphus (Frogs)    
1 1 0 1 0 1 1 0 1 0 - 1 - - - - - - - - - 0 0 1 0 0 0 0 0 - - 1 1 1 0 - - 0 0 1 0 0 - - - 0 0 - 0 0 - 1 
2 0 - 1 0 - 0 0 0 - - - 0 0 - 1 1 0 1 1 ? 0 2 2 0 1 1 - - 0 - 1 0 3 1 1 1 - - 0 1 - - - - 1 - 1 1 0 1 
1 1 1 1 1 1 1 1 
 
Aspidosaurus             
1 ? ? 1 ? 0 0 0 1 ? 0 0 ? 1 0 ? ? 1 1 ? 1 ? ? ? 0 ? 0 1 ? ? 1 0 ? ? ? 0 ? ? 0 ? 0 ? 0 ? 0 ? 0 0 ? ? 
? ? ? 1 ? ? ? 2 0 ? ? ? ? 0 0 0 ? ? ? 0 ? ? ? ? ? 1 0 ? ? 0 ? ? ? ? 0 ? ? ? ? ? ? ? 0 ? ? ? ? 0 ? ? ? 
0 0 ? ? 0 ? ? 0 ? ? 
 
Branchierpeton           
1 ? 1 0 1 0 1 0 1 0 0 0 ? 1 0 0 1 0 0 0 1 0 1 1 0 0 0 0 0 1 1 0 0 0 0 0 0 1 0 ? 0 0 0 ? 0 0 0 0 
0 0 2 1 0 0 0 1 0 0 0 0 0 0 0 0 0 0 1 1 1 0 0 0 0 1 0 0 1 0 0 0 0 0 0 1 0 ? 0 0 0 0 0 0 ? 0 0 0 
1 0 1 0 0 0 0 0 0 0 0 0 ? ? ? 
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Branchiosaurus           
? ? 0 1 0 1 1 0 1 0 0 0 1 1 0 0 1 1 0 0 0 0 0 1 0 ? 0 0 0 0 1 0 0 0 0 0 0 1 0 1 0 0 0 ? 0 0 0 0 
0 0 2 1 1 0 0 1 0 0 0 0 0 0 0 0 0 0 1 1 1 0 0 0 1 1 2 0 0 ? ? 1 0 1 0 1 ? ? 0 1 0 0 1 0 ? 1 0 0 
1 ? 1 1 1 0 0 0 0 0 0 0 0 ? ? 
 
Brevidorsum              
1 1 ? ? ? ? ? ? ? ? ? ? ? 1 0 1 1 1 1 1 1 ? 1 1 0 1 ? ? 1 0 0 ? ? ? ? ? ? 1 0 ? ? ? 0 ? 0 ? 0 ? 1 0 
? 1 1 ? 0 ? ? ? 1 ? ? ? 0 0 ? 0 ? 1 ? 0 ? ? ? ? ? ? ? ? ? ? ? ? 0 ? ? ? ? ? ? ? ? ? 0 ? 0 0 1 ? ? ? 0 
? ? 0 ? 0 ? ? 0 ? ? 
 
Broiliellus              
1 1 ? 1 ? 0 ? ? 1 1 0 1 1 1 0 1 0 1 1 1 1 1 ? 1 0 ? 0 ? 1 0 1 0 ? 0 1 0 ? 1 0 0 0 0 0 0 0 ? 0 0 0 
0 1 1 1 1 0 1 1 1 1 1 1 0 1 0 1 1 ? 1 1 1 0 0 ? 0 0 ? 0 1 0 0 0 0 0 0 0 0 0 1 0 1 0 1 0 0 0 0 1 
0 1 0 0 0 0 0 0 0 0 0 ? ? ? 
  
Cacops morrisi           
1 1 1 1 ? 0 0 0 1 1 0 0 1 1 0 1 1 1 1 1 1 0 1 1 0 1 0 1 1 1 1 0 0 0 1 0 1 0 0 1 0 0 0 0 2 0 1 0 
1 1 0 1 2 1 1 1 1 2 1 1 0 1 0 0 0 0 2 1 1 0 0 0 ? 0 0 0 0 0 0 0 0 0 0 0 0 0 1 0 1 0 1 0 0 0 0 1 
0 1 0 0 0 0 0 0 0 0 0 0 ? ? ? 
 
Conjunctio               
1 1 ? 1 ? 0 ? 0 1 1 0 0 ? 1 0 1 1 1 1 1 1 0 ? 1 0 1 0 1 1 1 1 0 ? 0 1 ? ? 2 0 1 0 ? 0 ? 0 ? 0 0 1 
1 1 1 1 ? 1 1 1 ? 1 ? 0 1 0 0 0 0 ? ? ? 0 0 0 ? 0 0 ? 0 0 0 0 0 0 0 0 0 0 0 1 0 1 0 1 0 0 0 0 1 
0 1 0 0 0 0 0 0 0 0 0 0 ? ? 
  
Dendrysekos            
0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 1 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 1 0 0 0 0 0 0 0 0 0 0 
0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 ? 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 
0 0 0 0 0 0 0 0 0 0 0 0 ? 0 ? 
 
Dissorophus              
1 1 ? 1 ? 0 ? ? 1 1 0 1 1 1 0 1 0 1 1 1 1 1 ? 1 0 ? 0 1 1 0 0 0 ? 0 1 0 0 2 0 0 0 0 0 0 0 0 0 0 
? 0 1 1 1 1 0 1 1 1 1 1 1 0 0 1 1 1 1 1 1 0 0 0 ? 0 0 ? 0 0 0 0 0 0 0 0 0 0 0 1 0 1 0 1 0 0 0 0 
1 0 1 0 0 0 0 0 0 0 0 0 0 ? ? 
  
Doleserpeton             
1 1 1 0 1 1 0 0 1 0 1 1 1 1 1 0 1 1 0 0 1 0 1 1 0 0 0 0 1 1 1 0 1 1 0 0 0 0 0 1 0 0 0 1 0 0 0 0 
0 0 1 1 1 0 0 1 0 0 0 0 0 0 0 0 0 0 1 1 1 0 1 0 ? 0 2 ? 0 1 1 0 0 0 0 0 0 2 0 1 1 0 1 0 1 0 0 0 
1 0 1 0 1 1 0 0 0 0 0 0 0 0 0 
  
 
Ecolsonia                
2 1 1 0 0 0 ? 0 0 0 0 0 1 1 0 1 0 1 1 1 1 0 0 1 0 0 0 1 1 1 1 1 1 0 1 0 ? 1 1 0 0 0 0 0 2 1 0 1 
1 0 1 1 1 0 0 1 0 0 0 1 0 0 0 0 0 0 1 0 1 0 0 0 ? 0 0 ? 0 0 0 0 0 0 0 0 1 0 0 ? 0 1 0 1 0 0 0 0 
1 0 1 0 0 0 0 0 0 0 0 0 ? ? ? 
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Eimerisaurus             
1 ? 1 0 1 0 1 0 1 0 0 0 1 1 0 0 0 0 0 0 1 0 1 1 0 0 0 0 0 1 0 0 0 0 0 0 0 2 0 1 0 0 0 ? 0 0 0 0 
0 0 2 1 0 0 0 1 0 0 0 0 0 0 0 0 0 0 1 1 1 0 0 0 0 1 0 0 1 0 0 0 0 0 0 1 0 ? 0 0 0 0 0 0 ? 0 0 0 
1 ? 1 0 0 0 0 0 0 0 0 0 ? ? ? 
  
Eocaecilia               
? 0 0 0 1 1 1 0 1 0 1 1 - - - - 0 ? - 0 0 1 0 ? 0 0 0 ? 0 0 - 0 1 1 0 - 0 2 0 0 0 0 0 - - 0 0 0 0 0 
2 1 - 0 - 1 0 0 0 ? 0 0 0 0 0 0 - 1 1 0 1 0 ? 0 2 2 0 1 1 0 - 0 ? 1 0 3 1 1 0 - - 0 1 1 0 0 1 0 ? 
1 1 0 1 0 1 0 1 1 1 1 1 
  
Eoscopus                 
1 1 0 0 0 0 0 1 1 0 1 1 1 1 0 0 0 1 0 0 1 0 1 1 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 ? 0 0 0 0 
0 0 1 1 1 0 0 1 0 0 0 0 0 0 0 0 0 0 1 1 1 0 1 0 ? 0 2 0 0 0 0 0 0 0 0 0 0 1 0 1 0 0 0 0 1 0 0 0 
1 0 1 0 1 0 0 0 0 0 0 0 ? ? ? 
  
Eryopidae                
0 0 0 0 0 0 1 (0 1) 0 (0 1) 0 0 0 0 0 0 0 0 0 0 0 0 0 0 1 1 1 0 ? ? 1 0 0 ? 0 1 0 ? 0 0 0 ? 0 0 ? 
? 0 0 0 ? ? ? ? 1 0 1 ? 0 0 1 0 0 ? 0 ? 0 0 0 1 0 0 0 ? 0 0 0 0 0 0 0 0 0 0 ? ? 0 ? 0 0 0 0 0 0 0 
0 0 0 ? ? 0 0 1 ? ? 0 0 ? ? 0 0 0  
  
Fedexia                  
1 1 ? ? ? ? ? ? ? ? 0 0 ? ? 0 1 0 1 1 1 1 0 0 1 0 0 0 1 1 1 1 ? ? ? ? 0 ? ? 1 0 0 0 0 0 0 ? 0 0 0 
0 1 1 1 0 0 1 0 0 0 ? 0 0 0 0 0 0 ? ? ? 0 0 0 ? 0 0 ? 0 0 0 0 0 0 0 0 ? ? 0 ? 0 ? ? ? 0 0 0 0 1 0 
1 0 0 0 0 0 0 0 0 0 0 ? 0 
  
Georgenthalia            
1 ? 0 0 0 1 1 0 1 0 ? 1 ? 1 0 0 1 1 0 0 1 0 1 1 0 0 0 0 0 0 0 0 0 ? 0 0 0 1 0 1 0 0 0 ? 0 0 0 0 
0 0 1 1 2 0 0 1 0 0 0 0 0 0 0 0 0 0 ? 1 1 0 ? ? ? 0 ? ? 0 0 0 ? ? ? 0 ? ? ? 0 ? ? ? ? ? ? ? 0 0 0 
1 0 1 ? 1 ? 0 0 0 0 0 ? ? ? 
  
Gerobatrachus             
1 1 ? ? ? ? 1 0 1 0 0 1 1 1 0 0 0 1 0 0 1 0 0 ? 0 0 0 0 0 0 1 0 0 1 0 0 0 1 0 1 0 0 0 ? 0 0 0 0 
0 0 1 1 2 0 0 1 0 0 0 0 0 0 0 0 0 0 ? 1 1 0 0 ? ? ? ? 2 0 0 0 0 0 1 0 1 0 3 0 1 0 0 1 0 ? 0 0 0 
1 0 ? 1 1 1 1 1 0 0 0 0 ? ? ? 
  
Hynobius (Salamanders) 
? 0 1 1 0 1 1 0 1 0 - 1 - - - - - 1 - - - 1 0 1 0 1 0 0 1 - - 0 1 - 0 - - 2 0 1 0 0 - - - ? 0 1 0 0 - 1 
2 0 - 1 0 - 0 0 0 - - - 0 0 - 1 1 0 1 1 ? 0 2 2 0 1 1 - - 0 - 1 0 3 1 1 1 - - 0 1 - - - - 1 - 1 1 0 1 
1 1 1 1 1 1 1 1 
  
Kamacops                 
1 1 1 1 0 0 0 0 1 1 0 0 1 1 0 1 ? 1 1 1 1 0 ? 1 0 ? 0 1 1 ? ? 0 0 0 1 0 1 0 0 0 0 ? 0 ? 2 0 0 0 
1 1 0 0 2 1 ? ? ? ? 1 ? 0 1 ? 0 0 0 ? ? ? 0 ? ? ? ? ? ? ? 0 0 0 ? ? ? ? ? ? ? ? 0 ? ? ? ? ? ? ? ? ? 
? ? ? 0 ? ? 0 0 ? ? ? ? ?  
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Karaurus                 
? 0 1 1 0 1 1 0 1 0 - 1 - - - - - ? - - 1 1 0 ? 0 1 0 0 1 - - 0 1 1 0 - - 2 0 1 0 0 0 - - 1 0 0 0 0 0 
1 2 0 - 1 0 0 0 0 0 0 0 0 0 0 - 1 1 0 1 1 1 0 2 2 0 1 1 0 - 0 0 1 0 3 1 1 1 0 - 0 1 1 0 0 - 1 1 1 
1 0 1 1 1 1 1 1 ? ? ? 
  
Leptorophus              
? ? 0 0 0 1 1 0 1 0 0 0 1 1 0 0 0 1 0 0 1 0 0 1 0 0 0 0 0 0 1 0 0 0 0 0 0 2 0 1 0 0 0 ? 0 0 0 0 
0 0 1 1 1 0 0 1 0 0 0 0 0 0 0 0 0 0 2 1 1 0 0 1 1 1 2 1 0 ? ? 1 0 1 1 1 ? ? 0 1 0 0 1 0 ? 0 1 1 
1 ? 1 1 1 0 0 0 0 0 0 0 ? ? ? 
  
Limnogyrinus             
? ? 1 0 1 0 1 0 1 0 0 0 ? ? 0 0 0 0 0 0 0 0 1 1 0 0 0 0 0 0 0 0 0 0 0 0 0 1 0 ? 0 0 0 ? 0 0 0 0 
0 0 2 1 0 0 0 1 0 0 0 0 0 0 0 0 0 0 1 1 1 0 0 0 0 1 0 0 1 0 0 0 0 0 0 1 0 ? 0 0 0 0 0 0 ? 0 0 0 
1 0 1 0 0 0 0 0 0 0 0 0? ? ? 
  
Micromelerpeton          
1 ? 1 0 0 0 0 1 1 0 0 0 ? 1 0 0 0 0 0 0 1 0 1 1 0 0 0 0 0 1 0 0 0 0 0 ? ? 0 0 1 0 0 0 0 0 0 0 0 
0 0 1 1 0 0 0 1 0 0 0 0 0 0 0 0 0 0 0 0 1 0 0 0 0 1 1 0 1 0 0 0 0 0 0 1 0 1 0 0 0 0 0 0 ? 0 0 0 
1 0 1 0 0 0 0 0 0 0 0 0 ? ? ? 
  
Micropholis              
1 1 1 0 1 0 0 1 1 0 1 1 1 1 0 1 0 1 0 0 1 0 1 1 0 0 0 0 0 0 0 0 1 1 0 0 0 0 0 0 0 0 0 ? 0 0 0 0 
0 0 2 1 1 0 0 1 0 0 0 0  0 0 0 0 0 0 1 1 1 0 0 0 ? 0 2 1 0 0 0 0 0 0 0 0 0 1 0 1 ? 0 1 0 1 0 0 0 
1 0 1 0 0 0 0 0 0 0 0 0 ? ? 0 
  
Pasawioops               
1 1 1 0 0 0 0 1 1 0 1 1 1 1 0 0 0 1 0 0 1 0 0 1 0 0 0 0 0 0 0 0 1 ? 0 0 0 0 0 ? 0 0 0 ? 0 0 0 0 
0 0 2 1 1 0 0 1 0 0 0 0 0 0 0 0 0 0 ? ? 1 0 ? ? ? 0 2 ? 0 0 0 0 0 0 0 0 ? ? 0 ? 0 ? ? 0 ? 0 0 0 1 
0 1 0 0 0 0 0 0 0 0 0 0 0 ? 
  
Perryella                
1 1 1 0 1 0 0 0 1 0 0 0 ? ? 0 0 0 0 0 0 1 0 0 0 0 0 0 0 0 0 0 1 0 ? 0 0 0 0 0 ? 0 0 0 ? 0 0 0 0 
0 0 1 0 0 0 0 1 0 0 0 0 0 0 0 0 0 0 1 0 1 0 0 0 ? 0 0 0 0 0 0 0 0 0 0 0 0 0 0 ? 0 0 0 0 0 0 0 0 
1 0 1 0 0 0 0 0 0 0 0 0 0 ? ? 
  
Phonerpeton              
1 1 1 1 ? 0 0 0 0 0 0 0 1 1 1 1 0 1 1 1 1 0 0 1 0 0 1 1 1 1 1 1 1 0 1 0 0 0 1 1 1 1 0 1 0 1 0 0 
1 0 0 1 1 0 1 1 0 0 0 1 0 0 0 0 0 0 ? 0 1 0 0 0 ? 0 0 0 0 0 0 0 0 0 0 0 1 0 0 1 0 ? ? ? 0 0 0 0 
1 0 1 0 0 0 0 0 0 0 0 0 0 ? 0 
  
 
Platyhystrix             
? ? ? 1 ? 0 ? ? 1 0 ? 0 ? 1 0 1 0 1 1 1 1 ? 0 ? 1 0 ? 1 0 0 0 0 ? ? 0 ? 0 ? ? ? 0 ? 0 ? 0 ? 0 0 ? 
0 0 1 ? 1 0 1 ? 0 0 ? ? ? ? 0 0 0 ? ? 0 ? ? ? ? 0 ? ? ? 0 0 ? ? ? 0 ? ? ? ? ? ? ? ? ? 0 ? 1 0 1 ? ? 
? 0 ? ? ? 0 ? ? ? 0 0 0 
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Platyrhinops             
1 1 0 0 1 0 0 0 1 0 1 1 1 1 1 0 1 1 0 0 0 1 ? 1 0 0 0 0 1 1 1 0 1 0 0 0 ? 0 0 0 0 0 0 0 0 0 0 0 
0 0 0 1 1 0 0 1 0 0 0 0 0 0 0 0 0 0 1 1 1 0 0 0 ? 0 2 0 0 1 0 0 0 0 0 0 0 1 0 1 0 0 0 0 ? 0 0 0 
1 0 1 0 0 0 0 0 0 0 0 0 0 ? 0 
  
Plemmyradytes            
1 ? ? ? ? 0 ? 1 1 0 1 ? 1 1 ? 0 ? 1 ? ? 1 0 1 ? 0 0 1 ? 1 ? 0 1 ? 1 1 ? ? ? 0 ? 0 ? ? ? ? ? 0 ? 0 ? 
1 ? ? ? 0 1 ? ? ? 1 ? ? ? 0 ? 0 ? 1 ? ? ? ? ? ? ? ? ? 0 0 1 0 0 0 ? ? ? ? ? 1 ? ? ? ? 0 0 0 0 ? ? 0 
0 0 0 0 0 ? ? ? ? ? ? 
  
Reiszerpeton              
1 ? 1 ? ? 1 1 1 1 1 0 0 ? 0 ? ? ? 1 1 1 1 ? 1 ? 0 1 0 ? 0 0 1 1 ? 1 ? ? ? ? 0 ? 0 ? ? ? ? ? ? 1 1 ? 
0 ? ? 1 0 1 ? ? 0 ? ? 1 ? ? ? 0 ? ? ? 0 ? ? ? ? ? ? ? 0 0 0 ? ? 0 ? ? ? ? ? ? ? ? ? 0 ? 0 0 1 ? ? 0 
0 1 0 0 ? 0 ? ? 0 ? ? 
 
Rhinatrema (Caecilians) 
? 0 0 0 1 1 1 1 1 0 - - - - - - - 1 - - - 1 0 1 0 0 0 0 1 - - 0 1 - 0 - - 2 0 0 0 0 - - - 0 0 - - 0 - 1 - 
0 - 1 0 - 0 - 0 - - - 0 0 - - - 0 1 0 ? 0 2 2 0 1 1 - - 0 - 1 0 3 1 1 0 - - - 1 - - - - 0 - 1 1 0 1 0 1 
0 1 1 1 1 1 
  
Rio Arriba_taxon         
1 1 ? 1 0 ? 0 0 1 1 0 0 ? 1 0 1 1 1 1 1 1 ? ? 1 0 1 0 1 1 0 1 0 ? 0 1 ? ? 2 0 1 0 ? 0 ? 0 ? 0 0 1 
1 1 1 1 ? 0 ? ? ? 1 ? ? ? 0 0 0 0 ? ? ? 0 ? ? ? ? ? 1 0 ? ? 0 ? ? 0 ? ? ? 0 ? ? ? ? ? ? ? 0 0 0 ? ? 
? 0 0 0 ? ? 0 ? ? ? ? ?  
  
Rubeostratilia           
1 ? 1 0 1 0 0 1 1 0 1 1 ? 0 0 0 0 0 1 1 1 0 1 ? 0 ? 0 ? 0 0 1 0 ? 1 1 ? ? ? 0 ? ? ? ? 1 0 ? 0 ? ? 
? 1 ? ? 0 0 1 ? ? ? ? 0 ? ? 0 ? 0 ? ? ? ? ? ? ? 0 ? ? ? 0 0 1 0 0 0 ? ? ? ? ? 1 ? ? ? ? 0 0 0 0 ? ? 
0 0 0 0 0 0 0 ? ? ? ? 0 
 
Scapanops 
? 1 ? ? ? ? ? ? ? ? ? ? ? 1 1 1 1 1 1 1 1 1 ? 1 0 1 0 1 1 0 1 ? ? ? ? ? ? 2 0 1 0 ? 0 ? 0 ? 0 0 ? 0 
0 1 2 ? 0 ? ? ? 1 ? ? ? ? 0 ? 1 ? ? ? 0 ? ? ? ? ? ? ? ? ? ? ? ? 0 ? ? ? ? ? ? ? ? ? ? ? 1 0 1 ? ? ? ? 
? 0 ? ? 0 ? ? ? ? ? 
  
Schoenfelderpeton         
? ? 0 0 0 1 1 0 1 0 0 0 1 1 0 0 0 1 0 0 1 0 0 1 0 1 0 0 0 0 1 0 0 0 0 0 0 2 0 1 0 0 0 ? 0 0 0 0 
0 0 2 1 1 0 0 1 0 0 0 0 0 0 0 0 0 0 2 1 1 0 0 1 1 1 1 1 0 ? ? 1 1 1 1 1 ? ? 0 1 0 0 1 0 ? 1 1 1 
1 ? 1 1 1 0 0 0 0 0 0 0 ? ? ?  
  
Sclerocephalus           
0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 1 0 1 0 0 0 0 0 0 0 0 1 0 0 0 0 0 0 0 0 0 0 0 0 
0 0 0 0 0 0 0 1 0 0 0 0 0 0 0 0 0 0 0 0 1 0 0 0 0 1 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 
0 0 0 0 0 0 0 00 0 0 0 ? ? 0 
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Tambachia                
1 1 ? 0 0 0 ? 0 0 0 0 0 1 1 0 1 0 0 1 1 1 0 0 1 0 0 0 1 1 1 1 0 1 0 1 0 ? 0 1 0 1 1 0 1 0 1 0 1 
0 0 1 1 1 0 0 1 0 0 0 1 0 0 0 0 0 0 ? ? ? 0 0 0 ? 0 0 ? 0 0 0 0 0 0 0 0 ? ? 0 ? 0 ? ? ? 0 0 0 0 1 
0 1 0 0 0 0 0 0 0 0 0 ? ? ? 
  
Tersomius                
1 1 1 0 0 0 0 1 1 0 1 1 1 1 0 0 0 1 0 0 1 0 1 1 0 0 0 0 0 0 0 0 1 0 0 0 0 0 0 0 0 0 0 1 0 0 0 0 
0 0 2 1 1 0 0 1 0 0 0 0 0 0 0 0 0 0 1 0 1 0 ? ? ? 0 2 ? 0 1 0 0 0 0 0 0 0 1 0 1 ? ? ? 0 1 0 0 0 
1 0 1 0 0 0 0 0 0 0 0 0 0 0 0 
  
Triadobatrachus          
1 1 0 1 0 1 ? 0 1 0 - 1 - - - - - - - - 1 0 0 ? 0 0 0 0 0 - - ? ? 1 0 - - 0 0 ? 0 0 0 - - ? 0 0 0 0 1 1 
2 0 - 1 0 0 0 0 0 0 0 0 0 0 - 1 1 0 1 1 ? 0 2 2 0 1 1 0 - 0 0 1 0 3 0 1 1 0 - 0 1 1 0 0 - 1 1 1 1 
0 1 1 1 1 1 1? ? 1 
  
Trimerorhachis           
0 0 0 1 0 0 1 0 0 0 0 0 0 0 0 1 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 1 0 0 0 0 0 0 0 0 0 0 
0 0 2 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 1 0 0 0 0 0 0 0 1 0 0 0 0 0 0 1 0 0 1 0 0 0 0 0 0 0 0 0 
0 0 0 0 0 0 0 0 0 0 0 0 0 0 0 
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Appendix C: Taxa list for Chapter 2 
 
 
Table C1. A list of taxa coded for the phylogenetic analyses in Chapter 2. Citations for 
taxa coded from the literature are below. 
Acanthostomatops 
vorax [1] 

Acheloma 
cummiunsi [2] 

Admiral taxon 
(Scapanops) [3] 

Amphibamus 
(YPM 794) 

Anconastes [4] Apateon gacilis 
[5] 

Ascaphus [6] 
(representative 
frog species) 

Aspidosaurus [7] 

Branchierpeton 
amblystomum [8] 

Branchiosaurus 
[9] 

Brevidorsum [3] Broiliellus [3] 

Cacops [10] Conjunctio [3] Dendrysekos 
[11,12] 

Dissorophus [13] 

Doleserpeton [14] Ecolsonia [15] 
  

Eimerisaurus 
graumanni [16] 
  

Eocaecilia [6,17] 

Eoscopus [18] Eryopidae [19,20] Fedexia [21] Georgenthalia 
[22] 

Gerobatrachus [23] Hynobius [6] 
(representative 
salamander 
species) 

Kamacops [24] Karaurus [6,25] 

Leptorophus [26,27] Limnogyrinus 
elegans [28] 

Micromelerpeton 
[29] 

Micropholis [30] 

Pasawioops MCZ 
(MCZ 1415, OMNH 
73019, CT data) 

Perryella olsoni 
[31] 

Phonerpeton [32] Platyhystrix [33] 

Platyrhinops [34] Plemmyradytes 
[35] 

Reiszerpeton 
(MCZ 1911) [36] 

Rhinatrema 
(representative 
caecilian species) 
[6] 

Rio Arriba taxon [3] Rubeostratilia 
[37] 

Schoenfelderpeton 
[26] 

Sclerocephalus 
[38] 

Tambachia [39] Tersomius [40] Triadobatrachus 
[6,41,42] 

Trimerorhachis 
insignis [43] 
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Appendix D: Somite injection specimen numbers for Chapter 3 
 
Table D1. Ambystoma mexicanum specimens injected with dextran-fluorescein to track 
somite development. 
 Number injected Number that survived  
Somite 2 32 1 
Somite 3 39 1 
Somite 4 26 2 
 
Table D2. Ambystoma mexicanum specimens that underwent GFP-positive somite 
transplant surgery. Data set gifted by Hillary Maddin. 
 Specimens in data set  
Somite 2 1 
Somite 3 2 
Somite 4 1 
 
 
Table D3. Xenopus laevis specimens injected with dextran-fluorescein to track somite 
development. 
 Number injected Number that survived  
Somite 2 27 4 
Somite 3 24 0 
Somite 2 + 3 2 1 
 
****Survival here only counts specimens that continued to visibly fluoresce for weeks 
after injection and survived long enough to be fixed and sectioned.   
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Appendix E: Ambystoma mexicanum staging table specimen numbers  
 
 
Table E1. Ambystoma mexicanum specimens whole-mount cartilage and bone stained for 
the staging series. 
Stage Total number of specimens Stage Total number of specimens 

44/45 7 52 10 

46 14 53 12 

47 12 54 10 

48 3 55 6 

49 12 56 19 

50 12 57 5 

51 6  

 
 Table E2. Ambystoma mexicanum specimens whole-mount nerve stained. 
Stage Total number of specimens 

46 4 

47 3 

52 3 

53 4 

54 4 

57 3 
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Appendix F: Xenopus laevis staging table specimen numbers  
 
Table F1. Xenopus laevis specimens whole-mount cartilage and bone stained for the 
staging series. 
Stage Total number of specimens Stage Total number of specimens 

41 2 54 8 

42 2 55 11 

43 3 56 9 

44 4 57 8 

45 6 58 9 

46 4 59 3 

47 7 60 2 

48 3 61 2 

49 8 62 4 

50 2 63 3 

51 5 64 3 

52 2 65 4 

53 7 66 4 
 
Table F2. Xenopus laevis specimens whole-mount nerve stained. 
Stage Total number of specimens 

51 1 

55 6 

57 3 
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Appendix G: Ambystoma mexicanum exogenous and inhibited retinoic 
acid treatment experiment specimen numbers  
 
Table G1. Total number of Ambystoma mexicanum experimental animals exposed to 
exogenous retinoic acid. Treatments started between stages 28 to 35. 

Treatment  Total number of 
specimens 
treated that 
survived to 
hatching 

Total bone and 
cartilage stained 
specimens 
(displayed 
modified 
phenotype) 

Total number 
stained of nerve-
stained 
specimens from 
each treatment 

Total number of 
control 
specimens 
(DMSO without 
RA was added 
to their water) 

0.01 µM 
RA, 4 days  

22 20 (13) 2 30 

0.01 µM 
RA, 7 days 

44 41 (17) 3 40 

 
Table G2. Specimen numbers for Ambystoma mexicanum experimental animals where 
retinoic acid was inhibited via citral. Treatments started between stages 25 to 30. 

Treatment  Total number of 
specimens 
treated that 
survived to 
hatching 

Total bone and 
cartilage stained 
specimens 
(displayed 
modified 
phenotype) 

Total number 
stained of nerve-
stained 
specimens from 
each treatment 

Total number of 
control 
specimens 
(DMSO without 
citral was added 
to their water) 

5 µM citral, 
2 weeks 

5 3 (2) 0 10 

10 µM 
citral, 2 
weeks 

5 3 (2) 0 4 

15 µM 
citral, 2 
weeks 

1 1 0 7 

20 µM 
citral, 2 
weeks 

9 7 (7) 2 2 
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Table G3. Total number of Ambystoma mexicanum with GFP-positive somite transplants 
experimental animals exposed to exogenous retinoic acid or citral. Treatments started 
between stages 28 to 35 (exogenous retinoic acid) or between stages 25 and 30 (citral). 
Dataset gifted by Hillary Maddin.  

Somite Treatment Number of specimens 

2 0.05 µM RA, 14 days 1 

3 0.01 µM RA, 4 days 1 

3 0.05 µM RA, 7 days 1 

3 0.05 µM RA, 4 days 1 

3 20 µM citral, 14 days 1 
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Appendix H: Xenopus laevis exogenous and inhibited retinoic acid 
treatment experiment specimen numbers  
 
Table H1. Total number of Xenopus laevis experimental animals exposed to exogenous 
retinoic acid. Treatments started between stages ten and eleven.  
Treatment  Total number 

of specimens 
treated that 
survived to 
hatching 

Total bone 
and cartilage 
stained 
specimens 
(displayed 
modified 
phenotype) 

Total number 
stained of 
nerve-stained 
specimens 
from each 
treatment 

Total number 
of control 
specimens 
(DMSO 
without RA 
was added to 
their water) 

0.01 µM RA, 30 
minutes 

1 0 0 10 

0.01 µM RA, 60 
minutes 

30 6 (6) 0 7 

0.01 µM RA, 
overnight 

8 5 (5)  15 

0.001 µM RA, 60 
minutes 

7 4 3 10 

0.001 µM RA, 
overnight 

6 6 (6) 0 10 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 



214 
 

Table H2. Total number of Xenopus laevis experimental animals where retinoic acid was 
inhibited via citral. Treatments started between stages ten and eleven.  

Treatment  Total number 
of specimens 
treated that 
survived to 
hatching 

Total bone 
and cartilage 
stained 
specimens 
(displayed 
modified 
phenotype) 

Total number 
stained of 
nerve-stained 
specimens 
from each 
treatment 

Total number 
of control 
specimens 
(DMSO 
without citral 
was added to 
their water) 

1 µM citral, 24 
hours 

5 2 0 10 

2.5 µM citral, 24 
hours 

23 8 (4) 5 20 

5 µM citral, 24 
hours 

14 7 (5) 0 20 

10 µM citral, 24 
hours 

22 4 (4) 0 5 

15 µM citral, 24 
hours 

8 1 (1) 0 5 

20 µM citral, 24 
hours 

3 1 (1) 1 5 
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